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1. Introduction and Summary 

Nucleic acids are involved in numerous biological processes including the long-known storage of 

genetic information (DNA) and transfer of genetic information (RNA) but also many, regulatory 

roles.[1] The ability of nucleic acids and especially RNA to form three-dimensional structures and 

complex recognition motifs allows for manifold interaction modes with protein cofactors[2] but also 

metabolites[3]. These features are increasingly recognized and spark not only the scientific interest 

in understanding the underlying biological processes, but also in functionalization of the properties 

of nucleic acids[4–6]. In the scientific studies conducted as part of this thesis, nucleic acids are 

studied with liquid state nuclear magnetic resonance (NMR) spectroscopy, a highly versatile 

biophysical method, which despite its comparatively high instrumental efforts and cost is widely 

used in life sciences.[7–10] It combines flexibility in experiment choice and resulting applicability to 

various experimental approaches with atomic resolution and monitoring of molecules in the liquid 

state, a property often desired for investigation of biological processes.  

This cumulative thesis includes distinct studies, which all involve NMR spectroscopy and nucleic 

acids, structured into two parts. The introductory chapters 2 – 7 feature state-of-the-art structural 

and functional research on nucleic acids as well as NMR spectroscopy applied to nucleic acids. 

They comprise insights into structural characteristics of nucleic acids, diverse roles of RNA in 

gene regulation, non-natural RNA in medicine and nanotechnology, NMR spectroscopy of nucleic 

acids and NMR-based drug discovery with RNA as a target. These chapters are meant to 

establish an introductory basis for the following research articles, as introductions in those articles 

themselves are often highly concise and specific. Notably, since research article VI is a book 

chapter and therefore serving an educational approach already, no introduction on the topic of 

“NMR on Ribozymes” is provided apart from the short introduction directly before the article. In the 

second part (Chapters 9 – 14), six research articles are featured, which include the scientific 

advances achieved during the research period. In research article I, functional studies by NMR 

spectroscopy were performed on a riboswitch, which senses the cell metabolite ZMP[11]. 

Riboswitches are RNA regulatory elements located in the non-coding region of many bacterial 

mRNAs[12]. NMR studies allowed the detailed characterization of RNA secondary structures 

attained during transcription in an in vitro model system. Research article II comprises structural 

and functional studies on a human regulatory RNA element, which is recognized by a protein 

cofactor[13]. The structural basis for the protein interaction and the undocked element was 

established by X-ray and NMR structure determination, respectively. Additionally, the RNA-protein 

interaction was investigated utilizing differential biophysical methods, including NMR 

spectroscopy. Structurally distinct human RNA regulatory elements are investigated in research 

article III. Six RNA sequences were investigated for their ability to form highly stable structural 

elements called G-quadruplexes[14]. In a short biophysical protocol, NMR-spectroscopy and 

circular dichroism spectroscopy was utilized to obtain information on G-quadruplex formation and 

additional insight into the G-quadruplex topology. G-quadruplex formation also played a role in 

research article IV, which includes the development and structural characterization of a light-

switchable DNA G-quadruplex. NMR- CD- and UV-VIS- spectroscopic methods were applied to 

this interesting system to characterize switching behavior, reversibility and the three-dimensional 
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structure. Research article V comprises fragment-based drug discovery[15] studies carried out on 

24 biological targets including 14 RNAs. The screening was performed using a library of fluorine-

containing compounds allowing 19F-NMR-based observation. Experiments additionally included 

various counter-screens, characterizations of binding and chemical follow-up experiments. The 

final research article VI is a book chapter about ribozymes[16] researched with NMR spectroscopy. 

It is reported how these self-catalyzing RNAs were investigated by NMR spectroscopic methods 

and the chapter features not only many literature examples, but also general guidelines for NMR 

sample preparation and experiments.  

Since very different types of nucleic acids were investigated spanning from natural regulatory 

riboswitch RNA to chemically modified light-controllable G-quadruplex DNA, it was possible to 

address many upcoming and highly differential experimental tasks with NMR-spectroscopy. Thus, 

the thesis not only highlights the structural and functional flexibility of nucleic acids, but also the 

immense flexibility of NMR-spectroscopy as a scientific method. 
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2. About research on nucleic acids 

At latest since the discovery of the DNA structure by Watson and Crick 1953, research on nucleic 

acids became a major field of scientific advances.[17] This finding led to numerous studies with the 

aim of deciphering biological processes taking place in cells and ultimately the postulation of the 

central dogma of molecular biology.[18] This dogma clearly defined DNA as the molecule enabling 

information storage, RNA acting as a carrier molecule (as messenger RNA, mRNA) or template 

molecule (ribosomal or transfer RNA, rRNA/tRNA) and proteins being the cellularly active species. 

Consequently, intensive research was focused on proteins, for a considerable time span. 

Additionally, at that time, it was consensus, that a single gene always codes for a single protein 

(One-Gene-One-Enzyme hypothesis)[19]. Many of these considerations were proven wrong later, 

after several small RNAs were found in biochemical fractionation experiments[20] and with the 

discovery of splicing in 1970[21] the One-Gene-One-Enzyme hypothesis was disproven. Still, with 

these discoveries and postulations a basis for a deeper understanding of biological processes 

was established. 

Especially the understanding of the role of RNA was subject to changes in modern days science, 

after many occasions were observed in which RNA is involved as a regulating molecule, interacts 

with proteins or even catalyzes biological processes without the influence of protein cofactors. 

Examples are peptide bond formation in the ribosome, miRNA (micro RNA) which is involved in 

transcriptional regulation, snRNA (small nuclear RNA) which acts as part of the spliceosome or 

riboswitches and ribozymes, which commonly occur in prokaryotes.  

While the different types of RNA molecules fulfil a multitude of cellular functions, they consist of 

sequences of only four different basic building blocks, namely the nucleobases adenine (A), 

cytosine (C), guanine (G) and uracil (U) and therefore are can be considered less complex than 

proteins. It is a widespread hypothesis that the evolution of live as we know it took a route over an 

intermediate step of an RNA-world in which information storage but also chemical catalysis was 

RNA based.[12] Prokaryotic enzymatically active RNA such as ribozymes are often considered 

relics of these developments. Nevertheless, RNA plays an important role in highly developed 

eukaryotic cells exceeding its formerly assumed function of carrier and template molecule. In the 

subsequent chapters, structural and functional aspects of RNA in nature as well as synthetic RNA 

are discussed. 
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3. RNA structures 

The multitude of functions employed by nucleic acids in the cellular context requires strong 

structural polymorphism. Opposed to the mostly double stranded DNA, RNA molecules are 

observed in highly distinct conformations, often described as folds. While these folds are in many 

cases based on canonical base pairing, which is also prevalent in DNA, many non-canonical 

patterns of base pairing are observed in RNA, which are often highly important for the overall 

structure and the specific characteristics of the RNA. Additionally, these structures frequently 

show secondary structural motifs exceeding the complexity of helices and additional stabilizing 

tertiary interactions. Such structural characteristics are discussed in the following chapter. 

3.1. Primary structure 

The sequence of bases, connected by the phosphate backbone of nucleic acids is described as 

primary structure. As per convention, the 5’-end of the DNA or RNA strand is defined as the 

beginning of the sequence and the 3’-end as the end of the sequence. This perspective is related 

to the natural direction of translation in which the RNA is synthesized beginning with the 5’-end. In 

DNA the primary structure already contains all genetic information. According to its biological 

function as carrier of information, the function of a specific DNA is in principle clear as soon as the 

sequence is known. Contrarily, as RNA molecules adopt many different structures and carry out 

many biological tasks, knowledge of their sequence is insufficient to understand its function in 

most cases. Accordingly, secondary and tertiary structural motifs must be considered in order to 

explain how RNAs exert their function biologically.  

3.2. Secondary structure 

Secondary structure in nucleic acids is stabilized by base-pairing. It forms as two nucleobases 

interact by developing hydrogen bonds (H-bonds), irrelevant if both nucleobases are part of the 

same RNA molecule. The by far most common nucleobases are the canonical nucleobases 

adenine (A), guanine (G), cytidine (C) uracil (U, in RNA) and thymine (T, in DNA instead of U), 

even though modified residues also occur in nature. Interaction occurs by the formation of H-

bonds at one of the three interaction sites of each base, which are described as Watson-Crick 

edge, Hoogsteen edge and sugar-edge.[22] Per definition, base pairing requires the formation of at 

least two H-bonds. This allows, according to the definition of Westhof et al., the formation of six 

different base pairs each in trans and cis configuration. Saenger et al. define even 29 different 

possible base pairs (with at least 2 H-bonds) as they take not only the edges involved, but also 

their orientation into account.[23] 

Of the many possible base-pairs, the canonical Watson-Crick base pair is by far the most 

important. In these base pairs, guanine and cytosine or adenine and uracil pair with their Watson-

Crick edges with average binding free energies of -5.8 kcal/mol (G-C) or -4.3 kcal/mol (A-U), 

amounting for approximately 2 kcal/mol per H-bond.[24] According to Westhof et al. they are 

described as cis-Watson-Crick (cis-WW) base pairs.[22] Apart from the canonical base pairs, the 

most abundant natural base pairs are trans-WW, trans-Watson-Crick-Hoogsten (trans-WH) and 

three different interactions of the sugar edge.[25] Figure 1 shows three exemplary base pairs and 
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their description according to Westhof or Saenger. If only the basic geometry is observed, the G-U 

Wobble base pair would be the same as a canonical base pair. However, the base G and U 

interact in a shifted geometry to be able to form two H-bonds. The cis-WC-H base-pair though, is 

constructed entirely different and can be distinguished from the other two in both classification 

systems.  

Apart from base pairing, stabilizing interactions are observed in stacking interactions of two 

nucleobases, as a result of interaction of their π-sytems. These stacking interactions are highly 

prevalent in helices (vide infra). Quantum mechanical calculations estimate energies for the 

interaction of two nucleobases to be -10 kcal/mol in the gas phase. However, under influence of 

solvent, free enthalpies amount to -0.3 to -1.1 kcal/mol. Worth noting is the relatively high 

contribution of purines with the most advantageous interaction being between G and G with -1.1 

kcal/mol.[26] These interactions account for stabilization of the secondary structure. 

 

Figure 1 | Overview of three base pairs commonly found in RNA structures. Schematic showing G-C 
Watson-Crick, G-G Hoogsteen and G-U Wobble base pairs and their different nomenclatures according to 
Miao & Westhof or Sanger. 

 

 Helices 

The most important secondary structure motif for nucleic acids is the helix. In helices, DNA or 

RNA strands interact through complimentary base pairing and are aligned in a wound helical 

structure, stabilized by stacking interactions. The strands are, apart from some unusual 

occurrences[27], antiparallel aligned. Helical interaction leads to the formation of two grooves that 

are described as major and minor groove according to their size. In nature, three types of helices, 

A-, B- and Z- helices are observed (Figure 3 top). The most notable differences between the two 

right-handed types A and B are observed in the tilt of the nucleobases with respect to the main 

axis (roll) and the shift of the pase pairs orthogonally to the main axis (slide). Additionally in A-

helices, the configuration of the sugar (sugar-pucker) is C3’-endo, while it is C2’-endo in B-
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helices.[28] In both cases the nucleobases are anti configurated with respect to the sugar moiety. 

The distinctly rarer Z-helix is constructed differently. Its winding is left-handed and the sugar-

pucker as well as the base-sugar alignment is dependent on the base (C: anti and C2’-endo, G: 

syn and C3’-endo). Additionally, the nucleobases are packed 14% more tightly compared to B-

DNA.[29] Naturally occurring DNA is found mostly double stranded and in B-conformation. 

Contrarily, double stranded RNA is generally observed in A-conformation. Z-conformation is 

attained only in cases of alternating deoxy purine and deoxy pyrimidine bases especially in CG 

repetitions. Accordingly, the principle building block of Z-DNA consists of two base pairs.  

In the biological context, RNA is involved in many catalytic and regulatory processes (see Chapter 

4). Consequently, in order to carry out their functions, RNAs adopt many additional folding motifs 

apart from simple helical structures, which are described in the following passage.  

  Hairpins 

Hairpins form from self-complimentary single stranded RNA regions. Through canonical base 

pairing a double stranded helical stem and a partially structured loop region are formed (Figure 

3). The length of the loop is variable and, in most cases, lies between three end eleven 

nucleotides, while loops with four and five nucleotides are the most common[30] and also most 

stable.[31] Tetraloops are the best studied systems and many sequentially different tetraloops were 

characterized according to their phylogenetical conservation and structure.[32–35] Especially 

tetraloops with the sequences UNCG (N: A/C/G/U) and GNRA (R: C/U), which resemble 70% of 

tetraloops in ribosomal RNA (rRNA)[36] are well studied. In GNRA tetraloops the conserved bases 

G and A interact in a trans-Hoogsteen-Sugar (trans-HS) base pair while residues R and N are 

stacked on top of the A residue.[37] In analogy to GNRA loops, the outer U and G bases of the 

UNCG tetraloop interact in a comparable way, with the imino proton H1 of the G-residue 

interacting with the O2 atom of the U residue. The C2’-endo configurated sugar of N interacts with 

the pi-system of G and C is located above the interaction site of G and U.[38] 

 Bulges and internal loops 

If a single stranded region in RNA helices is not located apical to a stem (as in hairpins), but in the 

middle, it is referred to as a bulge or an internal loop (Figure 3). The terms are used in 

accordance to the geometry of the unpaired region.  

If the unpaired region is symmetrical on both strands of the helix it is referred to as an internal 

loop, but if it is unsymmetrical, especially if only one strand contains bulged nucleotides, it is 

referred to as a bulge. Because of the disturbance of the helical structure, bulges lead to stem 

destabilization of about 1 kcal/mol per single nucleotide bulge.[39] The disturbance of the structure 

can be observed as a kink in the helix when a single bulged nucleotide intercalates between two 

Watson-Crick base pairs.[40] In larger bulges, the respective residues are often turned outside of 

the helix where they are involved in stacking interactions.[41] This leads to deformation of the RNA 

backbone and negatively charged backbone atoms, which are usually exposed to the solvent, 

point to the inside of the helix where they can interact with positively charged metal ions[42] or 
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ligands.[43] In general, deformation of the RNA structure by bulges can be of critical importance for 

the function of an RNA.[44,45] 

Internal loops are characterized by the abundance of non-canonically base paired or unpaired 

residues on both sides of an RNA double strand. According to the attained symmetry, energetical 

differences exerted by these motifs can be striking. Symmetrical internal loops can stabilize an 

RNA structure by up to 2 kcal/mol, while unsymmetrical loops lead to destabilization of a 

comparable degree.[46] An important example for a stabilizing internal loop is the three nucleotide 

GGA-AAG internal loop, which occurs in rRNA and is composed of three t-HH base pairs.[47] 

Comparable G-A interaction also play a role in the wide-spread kink-turn motifs. These structural 

motifs, firstly observed in rRNA, feature at least two interacting G-A base pairs followed by a three 

nucleotide bulge and lead to a 120° kink between two adjacent stems.[48] If residues in the internal 

loop are only weakly bound or fully exposed to the solvent, they are often involved in inter- or 

intermolecular interactions.[49–51] 

 Junctions 

Regions in which a single helix transitions into two or more other helices are described as 

junctions (Figure 3). By far the most common junctions are three-way junctions and the 

prevalence decreases with an increasing number of helices involved.[52] Still, even six-way 

junctions are described, for instance in the Group-I intron.[53] In the well-studied three- and four-

way junctions coaxial stacking (see Chapter 3.3.1) is often observed, which stabilizes the overall 

structure.[52] Accordingly, many three-way junctions, despite being displayed as a Y-shape in 

schematics, do in fact assume a T-shaped structure. Lescoute and Westhof classified three-way 

junctions into three structural families A, B and C defining rules which allow a rough estimation of 

the type of junction from the RNA sequence.[54] In the more complex field of four-way junctions, 

nine structural families, observable in nature, were defined by Laing and Schlick.[55] They differ in 

the arrangement of the helices and their connectivity and include in almost every case one or two 

instances of coaxial stacking. As a result of the high abundance of unpaired residues in junctions 

as well as their complex structural space, they are often crucial for catalytical or regulatory action 

of RNA as in ribozymes[56] or riboswitches (see Chapter 4.2).[57] 

 G-quadruplexes 

An unusual structure formed by nucleic acids is the G-quadruplex (G4). This structure is formed 

from guanine-rich RNA and DNA sequences under influence of monovalent cations such as K+, 

Na+ or NH4
+. The G-rich sequences self-align in tetrads in which each G-residue interacts by its 

Watson-Crick edge with the Hoogsteen edge of another G-residue (cis-WH). A stable G4 is 

formed when at least two of these tetrads stack on top of each other stabilized by constructive 

stacking interactions (Figure 3). The cations are located in the central ion channel formed in the 

middle of the nucleobases, where they interact with the O6 atoms of the G-residues in order to 

stabilize the G4. The exact localization of the ions depends on their ion radius, with smaller ions 

located in the middle of the tetrads and larger ions between the tetrads.[58] In principle, very large 

assemblies are possible, which are often described as G-wires.[59] More common and also more 

extensively studied are G4s with two to four stacked tetrads.[60] In principle, G4s can be formed by 
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four distinct nucleic acid molecules. In this case, each strand would not be connected to any other 

strand and accordingly, bimolecular G4s can exist as well. However,  G4s are most commonly 

formed from a single nucleic acid strand.[58] In this case, other residues located between the G-

residues involved in tetrads, form topologically distinct loops according to the respective 

orientation of the G-strands. Three loop geometries are prevalent in G4s, called propeller, lateral 

and diagonal loops (Figure 2 left). Strands can be oriented in parallel, antiparallel or 3+1 hybrid 

topology (Figure 2 right). Additionally, the sequence of loops can be oriented in both directions 

around the G-tetrad block, starting from the 5’-end. Permutation of these characteristics allows 26 

different overall topologies for a monomolecular G4.[61] Nucleobases, with respect to their sugar 

moiety, can adopt syn or anti conformation, achieved by variation of the glycosidic bond angle χ. 

Since lateral and diagonal loops always connect antiparallel strands and propeller loops always 

connect parallel strands, the configuration of the glycosidic bond angle relates to the loop 

topology.[62] RNA G4s are with very few exceptions[63,64] found in parallel topology with three 

propeller loops. This is a result of the syn-conformation being much more unfavorable for RNA 

than for DNA. Antiparallel RNA G4 conformations are obtainable by chemical modification at the 

8-position of the G-residues, though.[65] In case of DNA all 26 topologies are possible. 

 

Figure 2 | Possible topologies for loops and strand in G-quadruplexes. Loops and strands the topology 
refers to are marked orange. 

 

 Other structural motifs 

Another structural motif which does not include the formation of typical helices is the i-motif 

(intercalated motif). It is based on the interaction of hemiprotonated cytosines in C-rich 

sequences. The proton is localized at the N3 position and two C-residues interact by their 

Watson-Crick edges (cis-WW). The C-residues are part of four antiparallel aligned strands in 

which base-pairs are alternating between two pairs of strands.[66] Since C-residues must be 

protonated in order to form an i-motif, its formation is highly dependent on low pH. Recent studies 

though show formation of an i-motif under special conditions even at neutral pH.[67] In nature, i-

motifs are suggested to form mainly from the antisense strands of G4 forming sequences[67], but 

also in untranslated regions (UTRs) of mRNA.[68] The stability of an i-motif in vivo could be 

confirmed via NMR.[69]  

Upon interaction of single stranded RNA with an A-form RNA-Duplex, an RNA Triplex can form. In 

these structures, the single stranded RNA can interact with the major or minor groove of the helix. 

In major groove triplexes stabilizing U-A-U base triplets are formed in which nucleobases of the 

formerly single-stranded RNA interact with the Hoogsteen edges of the canonically interacting 

residues (Figure 3). The structure is formed from A-U rich sequences and is stable under 
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influence of Mg2+ ions.[70] Isolated minor groove triplexes are unstable and only form as part of 

larger RNA structures like in self splicing introns[71], riboswitches[72] or rRNA[48]. They are often 

described as A-minor triplex. 

 

Figure 3 | Structural motifs formed by nucleic acids. Different forms of duplexes and base arrangements are 
shown as three-dimensional structures, while more complex structures are shown schematically. 
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3.3. Tertiary interactions 

As already mentioned earlier, RNA shows, contrary to DNA, a broad spectrum of possible 

structural motifs, which allow for the diverse biological functions employed by RNA. In larger 

structures commonly several of the secondary structural motifs mentioned above can be 

observed, especially hairpins, bulges, internal loops or junctions which display many unpaired or 

weekly paired residues. The interaction of these residues which lead to the formation of the three-

dimensional overall structure are described as tertiary interactions.  

 Coaxial stacking interactions 

In structure formation of RNA, interaction of base-pairs through stacking is energetically 

advantageous (See Chapter 3.2.1). Accordingly, upon interaction of two principally distinct 

helices constructive interaction between their terminal base-pairs is observed. This leads to 

stacking of two helices with a colinear main axis, described as coaxial stacking. The interaction is 

especially common in the context of junctions (see Chapter 3.2.4), but is also observed in 

conjunction with other tertiary interactions described later in this chapter. Generally, coaxial 

interactions are a common tertiary structural motif whose stabilizing effects are often the 

foundation of the formation of more complex three-dimensional structures.[73,74] 

 Loop-Loop interactions 

Two sequentially separated, but spatially close loop structures can interact with each other 

through their unpaired nucleobases. This type of interaction is described as loop-loop interaction 

or kissing-loop interaction in the literature. It was observed for the first time in tRNA, in which the 

T-loop interacts with the D-loop[75] and occurs in numerous biologically interesting RNAs like 

riboswitches[76], ribozymes[77] and viral RNA.[78,79] Upon interaction of two long loops, coaxial 

stacking can also be involved to stabilize the overall structure.[80] 

 Pseudoknots 

When loop nucleobases interact with complimentary nucleobases of sequentially separated 

formerly unpaired residues such as longer bulges, the interaction is described as a pseudoknot. A 

helix is formed, which is coaxially stacking to the helix, the unpaired strand arises from. 
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4. Natural RNAs and their role in gene regulation 

As formerly stated, the breaking of the central dogma of cell biology represented a turning point in 

research on nucleic acids, leading to many advancing and sometimes groundbreaking 

discoveries, such as splicing [21], the tertiary structure of tRNA [81] or recently the discovery of the 

CRISPR/Cas9 system[82]. Up to now, over 20 different types of RNA have been classified 

according to their respective functions many of which are involved in gene regulation, spanning 

from regulation of transcription and translation to degradation or even catalytic capabilities. In this 

chapter some of the most important regulatory active RNAs and their functions are discussed, 

while focusing especially on regulatory active RNA which resides in the untranslated regions of 

eukaryotic and prokaryotic mRNA. 

 

4.1. Overview 

Messenger RNA (mRNA) was one of the earliest discovered types of RNA, right after the 

discovery of genetic coding in 1961[83] and can be considered the most important type of RNA, as 

it holds the genetic information between the two major cellular processes of transcription and 

translation. In eukaryotes the product of DNA transcription is termed pre-mRNA, which 

subsequently undergoes splicing and capping processes resulting in the generation of mature 

mRNA which can then be translated into proteins. In prokaryotes though, splicing does not take 

place and the transcribed mRNA is directly translated. Since mRNA is directly involved as a 

product in transcription and as the template in translation, sequences located on the mRNA can 

consequently act as key players in regulation of these processes.  

Transcriptional control in eukaryotes is exerted by trans-acting protein transcription factors 

sensing promotor elements of which the most important are the TATA-box and the Inr initiator 

sequence (Figure 4, top).[84,85] The mRNA itself usually does not play a role in these regulatory 

processes. In prokaryotes, transcription is controlled by comparable trans-acting, but often also 

cis-acting elements, such as riboswitches, which will be discussed in detail later in this thesis (see 

Chapter 4.2 and Figure 4 bottom, marked red).  

In order to control eukaryotic translation, many partially competing pathways exist involving 

control of cap- or IRES-dependent initiation[86,87] but also mRNA degradation[88]. Most regulatory 

effects in eukaryotes are exerted on the proteins side. However, a common process observed in 

eukaryotic mRNAs is the action of so-called upstream open reading frames (uORF, Figure 4 top, 

marked red). These elements are located in the 5’-untranslated region (5’-UTR) of a gene and 

upon translation, their peptide product attenuates transcription.[89] By comprising sequences tuned 

to “sense” the metabolic status of the cell they can lead to preferential expression of certain 

protein isoforms[90] or at certain lengths can inhibit expression altogether.[91] 3’-UTR mediated 

processes (Figure 4 top, marked green) in eukaryotes are mainly based on interactions with 

micro RNAs, which are discussed later in this chapter, or interactions of AU-rich elements (ARE). 

These elements feature long sequences rich in adenine and uracil residues and act as binding 

hotspots for regulatory RNA and proteins[92]. The specifics of those interactions are discussed in 
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Chapter 4.3. In prokaryotes, post-transcriptional control is achieved mainly by riboswitches (see 

Chapter 4.2) or regulatory RNAP recognition motifs in the 5’-UTR[93] but also by 3’-UTR 

interactions with RNAses or sRNA (Figure 4 bottom).[94] 

Micro RNA (miRNA) is a naturally existing type of RNA, prevalent in cells with lengths around 20 

nt. In animals, primary miRNAs (pri-miRNAs) are transcribed in the nucleus, mainly by RNA 

polymerase II and processed by the protein Drosha, resulting in hairpins about 70 nt in length 

known as pre-miRNA or small hairpin RNA (shRNA), which are exported into the cytoplasm. They 

are subsequently processed into duplex RNA by Dicer, which cleaves the miRNA to a duplex of a 

specific length, featuring two characteristic 3’ overhangs. One strand of the mature miRNA is then 

loaded onto an AGO family protein.[95–97] Target sites of miRNA are located in the 3’-UTR of the 

target mRNA and are characterized by strong complementarity (Figure 4 top, marked green).[98] 

The target mRNA sequence is engaged by the AGO-miRNA complex in a long-lived bound state if 

sufficient complementarity (usually of nucleotides 2-8) is given.[99] The bound AGO then recruits 

proteins initiating deadenylation, decapping and finally degradation[100], while a different pathway 

interferes with the eukaryotic initiation factors eIF4A-I and eIF4A-II repressing translation.[101] In 

both cases, the gene is silenced. 

Transfer RNA (tRNA) is mainly known for its role in decoding the gene sequence and delivering 

of amino acids to the ribosomal complex in order to allow gene expression. However, regulatory 

mechanisms in which tRNAs play a key role are also known. The size range of tRNAs is 70 to 90 

nucleotides and contains several modified nucleobases, required for proper function. They adopt 

a well characterized cloverleaf structure including hairpins, carrying the anticodon sequence and 

facilitating ribosome recognition, as well as the acceptor stem on which amino acids are loaded by 

acylation.[102] In eukaryotic cells, regulatory function of tRNA fragments has only recently been 

observed, mainly as a result of differential modification and subsequent generation of tRNA 

fragments.[103] In prokaryotes regulation involving tRNA, specifically unacylated tRNA, can be 

observed for genes involved in tRNA acylation and amino acid generation.[104] In this type of 

regulation, the 5’-UTR of a gene carries a specifier sequence (Figure 4 bottom, marked red) 

which recognizes the anticodon stem of the cognate unacylated tRNA. The 3’ acceptor end of the 

tRNA then specifically binds to the 5’ strand of an antiterminator helix in the mRNA sequestering 

the formation of a terminator helix. Without tRNA binding, the terminator helix would lead to 

termination of transcription.[105] In another common mechanism termed stringent response, 

presence of unacylated tRNA acts as the primary effector molecule for protein interactions leading 

to production of the second messenger ppGpp which then interferes with global gene 

expression.[106] 

Long non-coding RNA (lncRNA) is a collective term for RNAs which are not coding for proteins, 

do not fit in any other RNA category (e.g. miRNA, siRNA, snRNA, snoRNA) and are long, typically 

ranging from 200 to 10000 residues.[107] Consequently, the regulatory roles of lncRNAs are a vast 

field, which is only starting to be fully understood. LncRNAs are mostly researched in eukaryotes. 

Here, for instance they can interfere with transcription, downregulating chromatin interaction[108], 

but also having enhancing effects which led to the term enhancer RNA (eRNA).[109] Additionally, 
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lncRNAs are known to interact with splicing factors.[110] Completing the set of possible regulatory 

interaction processes, modulation of transcriptional efficiency by lncRNAs can also be achieved, 

passively by reduction of miRNA levels[111] or actively modulating stability of a target mRNA.[112] 

 

 

Figure 4 | Common processes of RNA-based gene regulation observed in eukaryotes and prokaryotes. RNA 
sequences are drawn as boxes, while protein factors are drawn as round shapes. Sequences in dashed 
boxes are only found on the DNA template as they precede the transcription start site (orange). RNA 
sequences are grouped according their location on the mRNA in either the 5’-UTR (red), coding region (blue) 
or 3’-UTR (green). Trans-acting RNAs are colored light purple. 
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4.2. Small molecule-dependent regulation in prokaryotic 5’-UTRs: 

Riboswitches 

While a multitude of complex mechanisms are involved in RNA-mediated gene regulation which 

were briefly introduced in the last chapter, in this chapter one particular RNA-based structural 

element will be discussed, which is of great importance in prokaryotes: the riboswitch. 

Riboswitches are cis-acting regulatory elements located in the 5’-UTR of mRNAs. Per definition, a 

riboswitch consists of an RNA based aptamer domain, which binds a small molecule passing a 

signal to a downstream sequence, often described as expression platform, in order to exert an 

effect on gene expression by conformational switching. Small molecule binding in riboswitches is 

achieved without the aid of protein cofactors.[12] Riboswitch aptamer domains, in order to sense a 

specific small ligand, show a high phylogenetical conservation, which allows categorization by 

their structure and the cognate ligand.[113] The modes of action in riboswitches, especially when 

the details of structural alteration are appreciated, can be highly diverse, allowing control of 

transcription or translation, up- or downregulation upon ligand binding and varying degrees of 

regulatory strength and affinity. Therefore, the main categories for riboswitches and their unique 

properties are introduced first in this chapter, before examples of the most common riboswitch 

types are shown and discussed in detail. 

 Riboswitch types and modes of regulation 

Transcriptional riboswitches control the transcription of the nascent mRNA in a ligand-dependent 

manner. This is achieved by structural alteration of the aptamer domain triggering the formation or 

disassembly of a rho-independent terminator upon ligand binding. The terminator structure 

consists of a hairpin, followed by a poly-U stretch. Interaction of this hairpin with the RNA-

polymerase and the we0ßakness of A-U bonds destabilizes the transcription bubble and lead to 

dissociation of the complex, ending transcription.[114,115] The alternative structure of the riboswitch, 

which permits termination is often termed antiterminator structure. Depending on the effect, 

exerted on transcriptional efficiency upon ligand binding, riboswitches are termed on-switches 

(gene on, when ligand is bound) or off-switches (gene off when ligand is bound). For an on-switch 

to be able to operate, the unbound state must lead to terminator formation, which means that the 

terminator state is thermodynamically more stable. In this case the ligand must add additional 

stability to the antiterminator state, making it the most stable structure, to be able to trigger the on-

state. For-off switches, the relative stabilities of antiterminator and terminator are inverted. Since 

the decision for gene-on or gene-off must be made until the RNAP polymerase has reached the 

terminator, ligand binding must only be effective during a characteristic time-window. Accordingly, 

it is sufficient for the antiterminator to be metastable during this time frame. Because of these time 

constraints, transcriptional riboswitches are often described to be under kinetic control.[116] These 

systems can become increasingly complicated when all the possibilities of interconversion 

between stable and metastable states are considered.[117] Further, transcription speed and 

therefore kinetics can be impacted by factors such as intrinsic pause sites, uridine-rich sequences 

which lead to delays in transcription, or Nus proteins stalling the RNAP at those pause-sites.[118] 
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Thus, transcriptional riboswitches are able to control mRNA abundance at the transcriptional level 

and therefore gene expression. 

Translational control by riboswitches is generally achieved by interfering with the accessibility of 

the ribosome binding site, often termed Shine-Dalgarno (SD) sequence. These prokaryotic purine 

rich sequences are located upstream of the translation start codon and serve as the main 

ribosome docking site, specifically by being recognized by the 16S ribosomal RNA (rRNA).[119] 

They are highly abundant in prokaryotes and were detected in over 77% of protein coding 

genes.[120] Translational riboswitches operate by two major mechanisms. The first one is based on 

the SD sequence being part of the aptamer domain and positioned in such a way that upon ligand 

addition the SD sequence is involved in intramolecular base-pairing and therefore obscured to 

ribosome recognition. In the unbound state, the SD sequence would be accessible. This 

mechanism describes the mode of action in translational off-switches such as the adenosyl 

cobalamin (AdoCbl) riboswitch from E. coli.[121] The second option involves an anti-SD-sequence, 

which can interact with the SD-sequence in order to sequester or deploy it. Depending on the 

consequences of ligand binding on the structural environment of the anti-SD-sequence this 

mechanism can allow on-switch[122] or off-switch behavior.[123,124] While transcriptional riboswitches 

only act cotranscriptionally, translational riboswitches are able to bind the cognateligand and 

refold during the whole lifetime of the mRNA. Consequently, gene regulation is considered 

thermodynamically controlled in translational riboswitches, which implies that its structural states 

are in thermodynamic equilibrium, which is then affected by ligand interaction. Additionally, 

external factors such as temperature can also influence this equilibrium and therefore switching 

efficiency.[125] An interesting effect is observed for riboswitches with SD-sequences located in a 

potential rho-independent terminator forming sequence. In this case, riboswitches can act on the 

transcriptional and the translational level, allowing sequestering of the SD-sequence while 

simultaneously modulating transcription efficiency by termination.[126] 

 Common riboswitches: Structural and functional properties 

In order to carry out their biological function, riboswitches must be able to selectively sense their 

respective cognate ligand. This is achieved by folding of a phylogenetically highly conserved 

aptamer structure. The high degree of conservation in the aptamer domain allows classification of 

riboswitches by their aptamer structure and ligand. Consequently, riboswitch classes are mostly 

named after their cognate ligand, rather than a specific gene they are located upstream of. In this 

chapter a selection of the most common riboswitch classes is introduced, specifying unique 

properties of each aptamer, while also discussing reoccurring structural themes and the biological 

context of each riboswitch. The respective structures are shown in Figure 5. 

TPP riboswitch 

The most common class of riboswitches is sensing thiamine pyrophosphate (TPP), a cellular 

cofactor in carbohydrate and amino acid metabolism. To date, TPP riboswitches are the only 

riboswitches also observed in eukaryotes.[127] The aptamer consists of five helical stems enclosing 

the ligand from two sides, with the stems P2 / P3 binding the pyrimidine part and P4 / P5 
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interacting with the pyrophosphate residues. Detailed smFRET studies showed large dynamics in 

the P2 / P3 and P4 / P5 sides between proposed open and closed conformations, which facilitate 

association and dissociation of the ligand, making regulation efficiency susceptible to sequential 

modifications or alterations in the cell environment.[128,129] Prokaryotic TPP riboswitches typically 

regulate thiamine related genes, mostly transporters, by the typical transcriptional and 

translational modulation mechanisms discussed above.[126] In eukaryotes however, it was shown 

that the TPP aptamer interacts with a conserved, splicing related element located 530 nt 

downstream in order to promote gene expression. Comparative gene analysis showed, that this 

mechanism is spread over several fungal species.[130] 

SAM riboswitch 

SAM riboswitch is a collective term for eight different riboswitch subclasses termed SAM-I to 

SAM-VI, SAM I/IV and SAM/SAH which all bind S-adenosyl methionine (SAM, AdoMet) a 

common cosubstrate acting as a donor of methyl groups in enzymatic methylation and being 

involved in many other reactions.[131] The eight subclasses differ structurally but employ the same 

function, binding SAM while also discriminating against its demethylation product SAH (except 

SAM/SAH, vide infra). The SAM-I structure is characterized by a four-way junction connecting four 

helices, which is highly convoluted and features several tertiary interactions, such as a base-triplet 

and a pseudoknot. SAH discrimination is achieved by a highly conserved AU-base-pair whose 

carbonyl oxygens interact with the positively charged sulfur atom of SAM.[132,133] The SAM-II 

aptamer is built from two stacked helices. Helix P2 interacts with the linker L1/2 to form a short 

triple helix segment, which forms the binding pocket.[72]  SAM-III[134], SAM-IV[135] and SAM-VI[136] 

aptamers all feature a three-way junction and are comparable to the structure of SAM-I, SAM-IV 

showing the strongest similarities.[137] Additionally, so called SAM I/IV riboswitches show features 

of both types.[138] SAM-V aptamers share similarities to SAM-II since they are also built from two 

stacking helices but feature a longer triple-helical segment.[139] The last subclass are SAM/SAH 

riboswitches which are extremely small, consist of two stacked helices, do not discriminate 

between SAM and SAH and have just recently been structurally characterized by NMR.[140] 

Biologically, SAM-riboswitches most commonly regulate genes involved in the synthesis of 

cysteine and methionine or general sulfur metabolism and exert control on the transcriptional or 

translational level.[141–143] An interesting exception is the SAM-I riboswitch from Xanthomonas 

campestris, which is a translational on-switch. But, in addition to SAM recognition by the aptamer 

domain, the expression platform of the riboswitch recognized uncharged F-Met-tRNA. Even if no 

SAM is bound, the tRNA recognition event leads to liberation of the Shine-Dalgarno sequence as 

the anti-SD-sequence is sequestered and thus upregulates gene expression.[144] 

AdoCbl (Coenzyme B12) riboswitch 

Adenosylcobalamin (AdoCbl or Coenzyme B12) is a cellular cofactor involved in catalysis of 

radical-based carbon rearrangement reactions. Its complex structure is sensed by a class of 

riboswitches with remarkable specificity.[145] The highly conserved core of their aptamer structure 

consists of a four-way junction joining the helices P3, P4, P5 and P6. The bridging sequences 



27 
 

between helices P3 and P4 as well as between P3 and P6, called J3/4 and J3/6 interact with 

AdoCbl from the bottom and from the side, respectively. The AdoCbl riboswitch features two 

highly conserved adenosine residues interacting with the adenosyl group which are responsible 

for discrimination against the photolysis product aquocobalamin (AqCbl).[121] AdoCbl riboswitches 

mostly regulate genes involved in the B12 metabolism in biological feedback loops by direct 

modulation of transcriptional or translational efficiency.[146] A well-studied example is the btuB 

riboswitch from E. coli, which controls translation by sequestering the Shine-Dalgarno sequence 

upon AdoCbl binding.[76,147] A more complex and fascinating example of gene regulation by 

AdoCbl riboswitches is the EutX (eut = ethanolamine utilization) riboswitch from Enterococcus 

faecalis. EutX is a trans-acting RNA which includes the AdoCbl riboswitch in control of its 

transcriptional efficiency and a double hairpin sequence, which can interact with Eut gene 

termination sites. By binding and sequestering these termination sites, EutX and therefore its 

AdoCbl riboswitch are in control of transcriptional efficiency of at least 19 different genes on 

polycistronic mRNAs in ethanolamine metabolism.[148] 

Lysine riboswitch 

Lysine is one of the two amino acids which are known to be bound by riboswitches. It is an 

essential amino acid and in bacteria is crucial for cell wall biosynthesis or virulence.[149,150] The 

structure of the lysin aptamer is composed of five helices forming a five-way junction with the 

lysine binding pocket located in its core between helix P1 and the linker sequence of helices P2 

and P3 (J2/3). Ligand recognition is achieved by several directly interacting residues, which form 

a small binding pocket for the ε-amino group majorly contributing to selectivity against amino 

acids with longer and shorter side chains.[151] Analogues with modifications in the γ-position 

however can bind, as the binding pocket is only loosely packed at this position.[152] Recognition of 

the α-carboxy group is mediated by potassium ions, which could be shown to have a beneficial 

effect on lysine recognition.[153] Other than for example in humans, lysine is biosynthesized in 

bacteria, mostly over the diaminopivelate (DAP) pathway.[154,155] Consequently, the most common 

genes regulated by lysine riboswitches are involved in this pathway and general lysine 

biosynthesis.[156] 

Glycine riboswitch  

The second amino acid, known to be involved in gene regulation by riboswitches is glycine. Like 

lysine, glycine is an essential amino acid in bacteria. It is biosynthesized from serine.[157] Being the 

simplest amino acid, interaction sites in its molecular structure are limited and only a small 

energetic difference between the bound structure and the unbound structure of glycine 

riboswitches can be expected. It could be shown, that this energetic difference amounts to only 2-

3 kcal/mol for a single aptamer domain.[158] As opposed to other riboswitches discussed in this 

chapter, the glycine riboswitch aptamer structure was described as a tandem aptamer in which 

two aptamer domains bind glycine and cooperatively regulate transcription[159], though singleton 

riboswitches are likewise abundant in prokaryotic species[160]. However, singleton glycine 

riboswitches feature single hairpins upstream or downstream of the full aptamer, which were 
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termed ghost-aptamers and show stabilizing effects on formation of the aptamer domain or act as 

part of the expression platform.[158] The structure of each individual aptamer consists of three 

helices of which P2 and P3 are coaxially stacked, with the glycine binding pocket formed as an A-

rich bulge region of helix P3. Glycine interacts with a G-residue, a U-residue and two metal ions, 

which are coordinated by several backbone atoms. Interaction of both aptamer domains is 

facilitated by inverted repeat sequences of helix P1 of the upstream aptamer and helix P3 of the 

downstream aptamer. A specific residue interfacing between the binding pocket and the tandem 

interaction site allows crosstalk between the two aptamers and was shown to be responsible for 

cooperativity in binding.[161] Glycine riboswitches are generally observed in the context of genes 

involved in the glycine cleavage system or transport proteins. Interestingly, it could be shown that 

the position of a ghost-aptamer (upstream or downstream of the aptamer) is related to the gene 

context of the riboswitch.[162] 

FMN Riboswitch 

The metabolite flavine mononucleotide (FMN) is biologically synthesized from riboflavin (vitamin 

B2) and acts as a cofactor in hundreds of proteins involved in the redox metabolism of bacterial 

cells.[163] It is recognized by an aptamer domain composed of six helical stems which are arranged 

in a complex shape around the binding pocket forming two large domains composed of helices 

P2/P6 and P3/P5. The two helices of each domain are held together by tertiary interactions. 

Interestingly, though both domains appear largely symmetric, they bind the ligand 

unsymmetrically, with the phosphate group pointing towards the P3/P5 domain and the 

isoalloxazine ring to the P2/P6 domain.[164] Studies by Batey et al. showed, that FMN binding is 

achieved by conformational selection, where the riboswitch is conformationally flexible in order to 

be able to adopt a bound-like structure, which is then recognized by FMN with only minimal 

structural alteration.[165] Already in 2005, kinetic control in transcriptional modulation was 

discovered on an FMN riboswitch from B. subtilis. It could be observed, that the level of genetic 

control, which was expected from the high affinity aptamer was not reached at a given 

concentration, since thermodynamic equilibrium was not reached while transcription 

proceeded.[118] This type of kinetic control is nowadays the estimated standard model for 

transcriptional regulation by riboswitches (see Chapter 4.2.1). FMN riboswitches mostly precede 

genes involved in the riboflavin, FMN and flavin adenine dinucleotide (FAD) biocycles, where they 

control transcription, translation or even both at the same time.[166] 

yybP-ykoY riboswitch 

The yybP-ykoY riboswitch is a special case among the riboswitches reviewed in this chapter. 

Firstly, it is not, like most riboswitch classes named after its cognate ligand, but after the genes it 

was first discovered regulating, the membrane protein coding genes yybP and ykoY from Bacillus 

subtilis.[167] Secondly its cognate ligand is not a classic cell metabolite, but doubly charged 

manganese ions (Mn2+). Given the unusualness of the ligand, it is not surprising, that only recently 

its identity could be confirmed[168] and the structure of the aptamer domain obtained.[169] Despite 

having to bind only an ion, the aptamer structure is complex, being comprised of six individual 
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helices which form two arms by coaxial stacking. The binding pocket features two metal binding 

sites, in both of which metals are coordinated octahedrally in order to be able to accommodate 

Mn2+ but also Mg2+ ions. Selectivity is achieved by one of the two metal binding sites featuring 

softer interacting atoms (nitrogen over oxygen) and a currently not fully understood preference of 

higher ion radius. The other binding site is non-selective and is expected to bind preferably Mg2+ 

at cellular ion concentrations.[169] The known gene context of the yybP-ykoY riboswitch includes 

mostly genes involved in the manganese metabolism such as efflux pumps in e. coli[170] or 

xanthomonas oryzae.[171] 
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Figure 5 | Aptamer structures of seven common riboswitch classes. The full three-dimensional crystal 
structure of the aptamer is shown on top, while the interactions in the binding pocket of each aptamer are 
delineated in detail below.  
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Purine and purine derivative sensing riboswitches 

Though most riboswitches share structural similarities, like the binding pocket being located in a 

structurally complex area, mostly a junction, such similarities are even more striking throughout 

the riboswitch classes sensing purines or purine derivatives. Additionally, these riboswitches 

share strong similarities regarding their gene context and are consequently brought up in a single 

subchapter here (see Figure 6 for structures), though separate classes are defined in literature. 

The first purine riboswitch was suggested by Christiansen et al. already in 1997.[172] They 

observed a 160-fold gene repression in the pubX gene, which codes for a xanthine transport 

protein, in presence of hypoxanthine or guanine. The hypothesis was proven later in the Breaker 

lab, including determination of the secondary structure, scanning of the ligand space and 

classification of the gene context of the guanine sensing riboswitch.[173] Shortly afterwards, 

riboswitches binding adenine were discovered as well, which share the same structure.[174] It 

consists of three helical stems, P1 P2 and P3 which form a three-way junction encompassing the 

ligand binding pocket. Stems P1 and P2 are held together at the top of the structure by loop-loop 

tertiary interactions (marked orange in Figure 6), which are phylogenetically conserved.[175,176] 

Interestingly, in order to facilitate discrimination between guanine and adenine by the respective 

classes, the ligand is directly recognized by formation of a Watson-Crick base-pair and a single 

uridine/cytosine mutation enables switching of the selectivity.[177] Two more residues form direct 

hydrogen bonds with the ligand and stabilize the interaction. Another rare purine binding 

riboswitch class showed high selectivity for 2’-deoxyguanosine and was first observed in the 

organism Mesoplasma florum.[178] Its structure is highly similar to the guanine and adenine 

sensing riboswitches, however a slight shift of the cytosine residue which recognizes the sugar 

face of the ligand allows fitting the 2’deoxyribosyl group into the binding pocket.[179] 

The guanine derivative preQ1 is sensed by structurally fundamentally different riboswitches. This 

ligand is a precursor of the modified guanosine derivative queuosine, which is part of tRNA 

anticodon loops in prokaryotes and eukaryotes.[180] The aptamer domain shares the layout of the 

binding pocket with purine riboswitches in regard of the type of coordination of the ligand, which is 

recognized by Watson-Crick base-pairing to a cytosine residue. However, the aptamer domain 

lacks the two arms and the kissing-loop interaction between them. It is built from two coaxially 

stacked helices with the binding pocket at the stacking position. The 3’ single stranded end is 

folded into the minor groove of the main helices and provides the residue contacting the sugar 

face of the ligand.[181] 

Two distinct classes of riboswitches sense secondary messengers composed of two purine 

residues and two cyclic phosphates, such as cyclic diguanosine monophosphate (c-di-GMP), 

cyclic diadenosine monophosphate (c-di-AMP) and cyclic guanosine monophosphate-adenosine 

monophosphate (c-GAMP). Second messengers are molecules known to transduce 

environmental signals in cells in order to trigger cellular response.[182] Consequently, they are 

involved in response to environmental change for example by lifestyle changes, motility or biofilm 

formation.[183–185] According to their genetic context, one structural motif of the aptamer domain 

sensing those second messengers is called Genes for the Environment for Membranes and for 
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Motility (GEMM) motif.[186] The aptamers are divided in two subcategories GEMM-I and GEMM-II.  

GEMM-I riboswitches are, regarding their general structure, highly comparable to purine 

riboswitches, with three helices, joined in a three-way junction. Interaction of P2 and P3, which, in 

purine riboswitches, is realized through loop-loop interactions, is observed in GEMM-I aptamers 

as an interaction of the highly conserved GNRA Loop of P2 with a loop recognition motif in the 

bulge of helix P3. The ligand is sensed with, compared to other riboswitches, very high affinity as 

the KD was determined to be around 10 nM. Two G residues of c-di-GMP, Gα and Gβ, in c-di-GMP 

are recognized by a G residue and a C residue, Gα by WC-Hoogsteen interaction and Gβ in a 

canonical G-C cis-WW base-pair. Additionally, the ligand is sandwiched by two WC base-

pairs.[187] In GEMM-I c-GAMP sensing riboswitches the G residue which interacts with Gα is 

exchanged for an A in order to recognize Aα.[188]  

Moving on to the second class, GEMM-II motifs show a general organization of the binding 

pocket, comparable to GEMM-I. However, no canonical base pairing is observed but Gα and Gβ 

are recognized by non-WC interactions. The sandwiching interactions with base pairs and the 

single residue located between both ligand residues are highly similar. The binding pocket is 

located in a three-way junction, but instead of interacting by tertiary interactions, the two upper 

helices P2 and P4 are directly connected through another helix P3.[189]  

Interestingly, riboswitches sensing c-di-AMP are fundamentally different compared to GEMM 

riboswitches. They adopt a highly symmetric structure composed of two domains including three 

helical units each. The three helices of each domain form a T-shaped three-way junction with two 

of them coaxially stacked. At each of the two interfaces of the two domains, a ligand is bound and 

coordinated by residues of both domains.[190,191] Such symmetry is rare in functional RNAs and the 

most notable other example is the FMN riboswitch (vide supra).[191] The gene context of c-di-AMP 

sensing riboswitches is, comparable to GEMM riboswitches, mostly lifestyle related with genes 

involved in cell-wall synthesis or sporulation.[192] 

This subchapter is closed with the discussion of two riboswitches regulating genes at the 

connection of purine- to 1-carbon metabolism, a metabolic pathway essential for cell survival often 

targeted by anti-cancer or antibiotic agents.[193–195] In prokaryotic purine synthesis, formyl groups 

are donated by the metabolite 10f-THF (10-formyltetrahydrofolate) to act as the C2 or C8 atom in 

the purine heterocycle. To add a C2 atom, a formyl group is transferred from 10f-THF to ZMP (5-

aminoimidazole-4-carboxamide ribonucleotide, AICAR) resulting in the formation of the direct 

inosine precursor 5-formamidoimidazole-4-carboxamide ribotide (FAICAR). Consequently, in 

cases of 10f-THF deficiency ZMP would accumulate in the cell. Therefore, already 1982, ZMP 

and its three times phosphorylated derivative ZTP were defined as signal molecules for 10f-THF 

deficiency, so called alarmones.[196] It took until 2015 though, that a receptor for ZMP was found 

which is able to transduce the signal of increased ZMP concentration into cellular response, the 

ZMP-sensing riboswitch featuring the pfl structural motif.[197] The pfl motif was named after the 

controlled gene, which codes for pyruvate-formate lyase, a protein responsible for the 

biosynthesis of formate, which is used in 10f-THF regeneration.[198] The structural motif consists, 

in its minimal form, of two helical stems (here P1 and P3), which interact in a pseudoknot and are 

connected by a linker of unconserved length. The well-studied example from thermosinus 
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carboxydivorans features an additional small stem in the long P1 loop region termed P2, which is 

phylogenetically not conserved and an 8 nt A-rich linker.[199] Helix P3 partially consists of residues 

which are part of an intrinsic terminator when ZMP is not present, making the riboswitch a 

transcriptional on-switch. Upon ZMP interaction the pseudoknot structure is stabilized hindering 

formation of the intrinsic terminator, leading to transcription and gene expression. Ligand 

recognition is achieved by a binding pocket located directly below the pseudoknot, the interaction 

site of P1 and P3, contrary to purine and di-purine sensing riboswitches (vide supra) in which a 

three-way junction region detects the ligand. The ring N3 and the amide group of ZMP interact 

directly with the WC-face of a conserved U residue directly beneath the pseudoknot, with the ZMP 

heterocycle sandwiched between the lowest pseudoknot G-C base-pair and a conserved G 

residue of the P3 loop. Recognition of the carboxyamide group is facilitated by a magnesium ion, 

which is coordinated to two phosphate oxygens. A gap in the backside of the binding pocket 

allows recognition of ZTP, which has a longer phosphate chain.[200] In addition to the pfl gene, 

ZMP sensing riboswitches are also associated with a number of other genes also involved in 

purine biosynthesis, such as PurH coding for an AICAR formyltransferase or Fhs coding for a 

formate tetrahydrofolate ligase.[197] In research article I (see Chapter 9), the NMR-based 

characterization of the ZMP-sensing riboswitch from t. carboxydivorans is discussed. 

As explained earlier, detection and gene control upon 10f-THF deficiency is achieved passively by 

riboswitch mediated sensing of the alarmone ZMP. However, genes involved in production of the 

10f-THF precursor THF are not controlled by pfl riboswitches. Instead, an additional riboswitch 

class, which directly senses THF, is utilized. It controls genes involved in folate biosynthesis or 

folate transport and it is speculated, that THF riboswitches could colocalize with pfl riboswitches in 

order to achieve recognition of two different ligands.[201] The aptamer structure is comparable to 

GEMM-I riboswitches with two helical arms, here achieved through coaxial stacking of two helices 

each, a three-way junction and tertiary interactions between both arms. In opposition to the 

GEMM-I motif the main tertiary interaction is a pseudoknot in the lower part of the riboswitch 

coaxially stacking with the P1 helix. A major difference to most riboswitches is the recognition of 

two ligands at two distinct locations in the three-dimensional structure one located near the 

pseudoknot and one in a bulge region of P3. At both binding sites, the pterin domain is the majorly 

recognized motif of the ligand and is coordinated by three or two residues always involving 

interaction of the amino group. Mutational studies showed, that the pseudoknot binding site is 

more important for regulatory activity than the upper binding site.[202] 
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Figure 6 | Aptamer structures of eight common riboswitch classes sensing purines or purine derivatives. The 
full three-dimensional crystal structure of the aptamer is shown on top, while the interactions in the binding 
pocket of each aptamer are delineated in detail below. The important tertiary interaction, connecting the 
stems in most classes are marked orange. 
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4.3. Gene regulation by AU-rich sequences and constitutive decay 

elements in the 3’-UTR of eukaryotic mRNA 

Eukaryotic gene regulation is a vast topic, as can be observed from the examples introduced in 

the beginning of this chapter. Here, a specific important mechanic of eukaryotic gene regulation is 

discussed in further detail. AU-rich sequences (AREs) as regulatory elements were first 

discovered in 1986 in a human lymphokine gene where it could be shown, that mRNA harboring a 

51 nt AU-rich sequence in its 3’-UTR was rapidly degraded.[203] Today it is estimated, that 5-8% of 

human genes code for mRNAs including AREs. The affected genes are involved in tightly 

controlled and often disease relevant processes such as cell proliferation, differentiation or stimuli 

response (immune-, inflammatory response, environmental factors, cancer) and AREs ensure a 

low expression level outside of these rare circumstances.[204,205] Consequently, the understanding 

of the processes underlying ARE-based regulation can be crucial for research in pathology and 

drug development.[206–208]  

AREs were initially defined as 50 to 150 nt long unstructured elements featuring an enrichment of 

uridines and the consensus sequence AUUUA, with the shortest single sequence yielding 

significant effect being the nonamer UUAUUUAYY (Y: A/U).[209] Repeats of AU-rich motifs like 

AUUUA (Class I ARE) or the described nonamer (Class II ARE) lead to more efficient 

regulation.[210,211] Additionally, AREs harboring none of these sequences but unspecific AU-rich 

regions are nowadays known, which still show efficient regulatory effects (Class III ARE).[212] In 

opposition to bacterial riboswitches, the eukaryotic AREs are unable to solitarily regulate gene 

expression but are targeted by a variety of ARE-binding proteins (ARE-BP), which recruit the 

cellular machinery employed in the process of regulation. ARE-BPs interact by different RNA 

recognition motifs (RRM) and their action can have stabilizing or destabilizing/degrading effects 

on the mRNA.[92] The first identified ARE-BP was AUF1 (ARE-binding protein 1, also 

heterogeneous nuclear ribonucleoprotein D, hnRNP D).[213] It interacts with the RNA with two 

tandem RRM repeats, so called K-homology (KH) domains[214], and recruits the AUF1- and signal 

transduction-regulated complex (ASTRC) which is required for mRNA decay[215], but can also 

facilitate stabilization.[216] The particular circumstances of these differential effects and the 

molecular mechanism are unknown.  

Contrarily, the molecular mechanism of a different ARE-BP Tristetraprolin (TTP) is better 

understood. It binds AREs through interaction of a tandem zinc finger domain[217] and recruits the 

CCR4-NOT (carbon catabolite repression - negative on TATA-less) complex, which promotes 

degradation by harboring (among other enzymes) a poly-A specific ribonuclease (PARN).[218] 

Additionally TTP interacts with a decapping complex[219] and a complex which competes with 

eukaryotic initiation factors for the 5’-end cap.[220] All those differential factors contribute to mRNA 

degradation.  

RNA degradation is also facilitated by ARE recognition of K-homology splicing regulatory protein 

(KSRP), which, like AUF1, uses KH-domains as RRMs.[221] Comparable to TTP though, it recruits 

a PARN, and additionally promotes the exosome, which degrades mRNA.[222,223]  

Degradation of mRNA facilitated by ARE-BPs as mentioned above is competed by proteins of the 
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human antigen family (HuR, HuB, HuC and HuD, also: Elav-like proteins), of which only HuR is 

ubiquitously expressed and the others are only found in neurons.[224] All of the Hu proteins include 

3 RRMs, of which the first two are crucial for ARE recognition. The third RRM was predicted to 

bind the poly-A tail[225], but the affinity was confirmed to be lower than the affinity to AREs, 

rendering the role of RRM3 a matter of scientific debate.[226] HuR stabilizes mRNAs through 

competition with TTP and KSRP.[227] Additionally, it promotes cap-dependent initiation through 

recruitment of eukaryotic initiation factors and poly-A interaction.[228,229]  

Interestingly an overlap of ARE-mediated and miRNA-mediated gene control was discovered, as 

the presence of Dicer (see Chapter 4.1: miRNA) was shown to be required for gene control 

based on an ARE in HeLa cells. Action of human miRNA 16, which contains a sequence 

complementary to the investigated ARE additionally required the presence of TTP confirming 

miRNA-ARE cooperativity.[230] 

Initially it was assumed that, in order to function as an ARE, to be bound by ARE-BPs and to 

facilitate mRNA degradation or stabilization, AU-rich sequences must be unstructured. This still 

holds true for most AREs, however a 2005 study sparked discussions by showing, that the ARE 

from tumor necrosis factor α (TNFα) forms a hairpin structure in vivo and thus modulates the 

affinity of ARE-BPs and therefore regulation efficiency.[231] Interestingly, in a different study in 

2003 a new regulatory element was discovered on the same mRNA, termed constitutive decay 

element (CDE), which was shown, to promote mRNA decay, but its structure or interacting 

proteins were unknown.[232] Ten years later, it was found that the CDE is a stem-loop which 

interacts with the protein Roquin.[233] Genes regulated by CDE-Roquin interaction are commonly 

involved in inflammation, which can also be regulated cooperatively with a comparable stem-loop 

system involving the protein Regnase-1.[234] Roquin interacts with CDEs by its unique Roq domain 

and recruits the CCR4-NOT complex in order to promote mRNA decay.[233] The consensus 

sequence of CDEs was initially defined as a 5 – 8 bp stem with three highly conserved upper 

base-pairs and a Y-R-Y tri-loop (Y: U/C, R: A/G), however recent studies widened the spectrum of 

possible Roquin binders to a 6 – 8 bp stem with no stem conservation other than base-pairing and 

a Y-R-N tri-loop (N: any). Interestingly, this allows a CDE to also be a structured ARE.[13] 

Research article II features in depth structural and functional characterization of two of such 

CDEs, one AU-rich and one even consisting solely of A and U residues (see Chapter 10).   

4.4. G-quadruplexes in gene regulation 

A special case among the many regulatory active RNAs showcased in this chapter are G-

quadruplexes (G4s), as they form fundamentally different structures composed of G-tetrads. 

These highly stable structures form in G-rich regions of nucleic acids under influence of 

monovalent cations (see Chapter 3.2.5). Though the whole chapter comprises mostly the 

discussion of regulatory RNA, in this subchapter some examples for regulatory G4-based DNA 

are presented, in order to show the broad scope of regulation exerted by G4s, especially since 

both RNA-based and DNA-based regulation sometimes overlap in this field (vide infra).  

While the formation of G4s has long been proven for natural and unnatural G-rich sequences in 

vitro, in vivo evidence for widespread formation of G4s has long been scarce. The topic emerged 
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when in silico studies showed that putatively G4 forming consensus motifs, such as G3–5N1–7G3–

5N1–7G3–5N1–7G3–5, were present in over 300.000 sequences of the human genome[235,236], 

enriched in regulatory relevant regions, like promotors.[237] Later studies expanded these 

endeavors, in order to recognize so-called imperfect G4s, widening the scope of in silico G4 

recognition. Biochemical studies employing reporter assays made the in vitro formation of G4s 

more evident, utilizing the stalling potential of the very stable G4 structure on reverse 

transcriptases. With these methods, over 700.000 potentially G4 forming sites were detected in 

the human genome.[238] When combined with computational mapping, results of biochemical 

reporter assays could relate thousands of non-B-DNA sites with regulatory relevant locations.[239] 

Some G4 forming sequences in promotor regions of oncogenes are particularly well studied such 

as G4 sequences from c-Myc[240], KRAS[241]and c-Kit[242]. G4s are involved in several distinct 

cellular mechanisms outlined in the following passages. 

In general, formation of G4 structures is only possible if the natural base-pairing of a nucleic acid 

is at least transiently interrupted or the nucleic acid is principally single stranded. Therefore, an 

important mechanism where G4s can interfere is transcription, where the B-DNA strand is 

disentangled and a single stranded and, if at all, only partially structured mRNA strand is 

released. G-rich strands that potentially form G4s can impede transcription in distinct ways: Direct 

blocking of RNAP by G4 formation in the template strand, formation of a G4 between the non-

template strand and nascent RNA and G4 formation on the template strand facilitating interaction 

between the RNA and the non-template strand (a so called R-loop). The same principles apply to 

DNA replication as well.[243] Especially R-loops are prone to G4 formations, as only two 

neighboring G-tracts of two or more Gs would be required on the DNA to allow formation of a 

RNA:DNA hybrid G4. Such sequences were found in >97% of human genes, enriched 

downstream of transcription start sites[244] and their regulatory effect has been confirmed in vitro 

and in vivo.[245] 

Additional hotspots for G4 formation are telomeres, which contain the repeating G-rich sequence 

TTAGGG and play a role in chromosome stability, preventing unwanted protein interactions (e.g. 

exonucleases) and destabilization.[246,247] The antisense transcripts of telomeres, called telomeric 

repeat-containing RNA (TERRA) were suggested to play an additional role in regulating telomere 

length and telomere histone modification, scaffolding proteins involved in these processes.[248] 

Increased telomeric length and action of telomerase, the protein synthesizing telomeres, is a 

hallmark of most cancers. Consequently, G4 stabilizing compounds, which inhibit telomerase 

activity, are developed as chemotherapeutics.[249,250]  

RNA G4s are known to be even more stable than their DNA counterparts, despite their ability to 

form predominantly a single G4 topology.[251] Since RNAs are single stranded for the most part, 

their potential to form G4s is increased compared to DNA. Most studies employ cell-based assays 

and show the actual formation of G4s (if at all) in vitro and while formation of RNA G4s can be 

easily confirmed in vitro through various biophysical methods, the evidence of their in vivo 

formation is much weaker. First observations of in vivo formation of RNA G4s were established 

with G4 specific antibodies while the study also explored the potential of interaction of small-
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molecule compounds with RNA G4s.[252] More recently, next generation sequencing allowed more 

detailed studies, since G-quadruplex formation stalls reverse transcriptases in RNA sequencing 

(RNA-seq) approaches.[253] Coupling in silico prediction with chemical modification and next 

generation sequencing, essentially allowed the observation of G4 forming sites over the whole 

human transcriptome.[254–256] However, these studies were carried out in vitro and similar in vivo 

data showed, that despite numerous indications, G4s are largely unfolded in eukaryotic cells, 

possibly due to action of a cellular machinery, unwinding those structures.[257] Unsurprisingly, this 

study sparked a scientific debate about the existence of RNA G4s in vivo, including 

considerations like transient population of G4s, too high sensitivity thresholds of RNA-seq and the 

selection of only a subset of potentially G4 forming sequences.[258] While the cellular machinery, 

supposed to unwind RNA G4s in vivo is still largely undescribed, several proteins which generally 

bind G4s are known, which can stabilize, or destabilize G4s. Still, in many cases these proteins 

could just sense G-rich regions and not G4s and a lot of these interactions were only observed in 

vitro.[258] 

Many RNA G4s or G-rich regions with potential of G4 formation were shown to have distinct 

regulatory roles, mostly in modulation of translational efficiency either in the 5’- or 3’-UTR of 

mRNAs. When G-rich sequences are located in the 5’-UTR, translational efficiency can be directly 

regulated. The first studies on this field explored disease relevant genes for the effects of G-rich 

sequences on expression levels. G-rich sequences were found to amount for 1.5-fold decrease of 

translational efficiency in the mRNA coding for the well-studied fragile x mental retardation protein 

(FMRP)[259] and a 4-fold decrease in the oncogene NRAS.[260] Interestingly, FMRP could also be 

shown to recognize a G4 motif in its own mRNA in order to control alternative splicing.[261] Such 

systems have been shown to be a promising target for drug-development.[262] A CGG-repeat 

containing motif on the mRNA influences transcriptional levels as well.[263]  

In more detailed studies, RNA G4s were shown to interfere with the action of eukaryotic initiation 

factors (eIFs)[264], in dependence of their relative position to the cap structure and AUG start 

codon.[265] Interestingly, this effect also affects the efficacy of the anti-cancer agent silvestrol, 

which blocks eIF4A. Ribosome profiling revealed, that G-rich sequences are enriched in mRNAs 

downregulated upon silvestrol application in mice.[266] G-rich sequences from this study were 

biophysically investigated in research article III (see Chapter 11). With these studies observing 

downregulation exerted by possible G4 formation, the opposing effect is also reported. In the 5’-

UTR of mRNA encoding the transcription factor NRF2, G4 formation has a beneficiary effect on 

translational efficiency.[267] RNA G4 in the 3’-UTR are shown to modulate translation efficiency as 

well, but the underlying mechanisms and cofactors could not be determined unambiguously.[268] It 

is suggested, that G4s interfere with ribosome relocation on the same mRNA to a different open 

reading frame.[269,270]  

Different studies also show rather indirect G4 mediated modulation of translational efficiency, for 

example affecting mRNA maturation or localization. A short G-rich sequence in the 3’-UTR of the 

cancer relevant TP53 mRNA modulates maturation efficiency through interaction with an auxiliary 

protein, which binds the polyadenylation factor CstF (cleavage stimulation factor), thus 

sequestering its recognition site.[271] Additionally, G4s seem to play an important role in mRNA 
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localization, as modification of a G4 containing 3’-UTR leads to localization failure in postsynaptic 

proteins in neurons.[272] Apart from UTRs, recently evidence emerged, that G4s might also be 

involved in regulation by lncRNAs[273] as well as miRNAs. [274,275] 
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5. Non-natural RNA: Practices and applications 

As shown above in a biological context, nucleic acids are structurally and functionally diverse 

molecules, which fit in a multitude of biological roles. However, there are also extensive efforts to 

utilize their ambivalent properties by designing or developing new and artificial nucleic acids to 

carry out specific tasks in i.E. nano or medicinal applications. In this chapter an overview of 

applications and types of artificial RNA is given.  

 

5.1. Artificial miRNA and RNA based drugs 

As mentioned earlier, miRNAs modulate protein expression on the translational level by binding to 

mRNA in order to regulate translation efficiency. It is estimated that the expression of  60% of 

human protein-coding genes could be influenced by action of miRNAs.[276] Additionally, altered 

expression of miRNAs is associated with diseases such as hepatitis C[277] and cancer[278,279]. 

These properties, along with the relatively small size of miRNAs, inspired the development of 

RNA based drugs, which are sometimes actual miRNAs or so called small interfering RNAs 

(siRNAs). By bringing siRNA into the cell, mRNA expression levels can be altered in a process 

described as RNA interference (RNAi), which ultimately leads to mRNA degradation. Both types 

can be summarized under the category: antisense drugs. 

While nucleic acids, when used as drugs, are in principle well tolerated in cells, they are prone to 

nuclease degradation, have low cell wall permeability and can potentially trigger an immune 

response.[4] To overcome the hurdle of low cell wall permeability, nucleic acid therapeutics are 

often encapsulated or surface-attached to nanoparticles that feature cholesterol moieties, which 

are efficient trans-membrane transporters.[280] The other drawbacks can be efficiently tackled by 

mimicking the cells natural miRNAs. It could be shown, that alteration of nucleotides within a 

natural miRNA sequence has no impact on maturation efficiency.[281] Consequently, artificial 

miRNA mimics can be brought into the cell as shRNA and will then undergo maturation by Dicer 

and AGO to be subsequently exported into the cytoplasm where they can bind the target mRNA. 

This elegant pathway is exploited in the development of new RNA based drugs, targeting the 

gene huntingtin, whose mutation triggers Huntington’s disease.[282] Dicer products are 

characterized by 3’-overhangs on each stem, which can be mimicked, to allow RNA drug 

application at this point in the pathway.[283] Another way to prevent rapid nuclease degradation is 

the introduction of chemical modifications into nucleic acid based drugs. One of the most common 

and also to oldest modification is the so-called PS modification in which a non-bridging oxygen 

atom is replaced by sulfur[284], however this modification can lead to toxicity introduced by 

increased affinity to cell-wall proteins[285]. An alternative is the boranophosphate group in which 

the oxygen is replaced with a borane.[286] Additionally, the common sugar modifications 2’-OMe, 

2’-O-methoxyethyl and 2’-flouro can be utilized to stabilize the RNA in the preferred C3’-endo 

sugar pucker, which leads to an overall stabilization and increased binding efficiency to the 

target.[287] A comparable effect is achieved by the implementation of locked nucleic acids LNA, in 
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which the 2’ and 4’ positions are bridged by a methylene linker forcing a C3’-endo sugar 

conformation.[288] 

Nucleotide based antisense drugs can be used to battle a multitude of diseases, most of which 

are genetic diseases. For example, drugs against spinal muscular atrophy (SMA)[289], 

hypercholesterolemia (HoFH)[290] or Duchenne muscular atrophy (DMD)[291] have already been 

commercialized, with multiple more in clinical trials[292]. Additionally, it could be shown, that 

several other diseases could potentially be combatted utilizing RNA based therapeutics. Shim et 

al. developed an artificial miRNA mimic, based on the natural miRNA-155 to inhibit metastasis 

and invasion of breast cancer cells by increasing expression of the gene CXCR4[293]. With a DNA 

based vaccine vector, which delivers an artificial miRNA into the cell, Purcell et al. could show 

promising effects on the development of T-cell based immune response to HIV-1 envelope 

antigens[294]. All these studies show the immense success of RNA-based therapeutics, which only 

recently emerged. 

5.2. Artificial functional RNA: Aptamers and Ribozymes 

Thought to be reminiscent of an ancient RNA-world, functional RNA molecules are highly 

prevalent in nature, with riboswitches mainly in prokaryotes and ribozymes spanning all kingdoms 

of life (see Chapter 4.2). Inspired by natures ability to create functional molecules from four 

simple building blocks, scientists managed to create functional RNA sequences themselves. Two 

main applications of artificial functional RNA molecules are biotechnological and medicinal 

utilizations. Compared to alternatives such as small molecules or proteins, pure RNA 

implementations bear advantages such as being directly transcribable in an organism or modular 

composition in which parts of the functional molecules can be exchanged.[295] For example 

cleavage activity of a hammerhead ribozyme could be made ligand dependent, by combining it 

with a riboswitch aptamer domain.[296] While the mode of action in self-cleaving ribozymes and 

riboswitch expression platforms is known and the sequences can be rationally altered, the design 

of entirely new aptamer domains for riboswitches or completely new ribozymes is not carried out 

by rational design approaches. Instead, a method called in vitro selection is applied in which a 

solution of random RNA sequences of desired length is exposed to the desired ligand (in case of 

riboswitches)[297] or Mg2+ as a cofactor (for ribozymes)[298]. After that, non-binders are removed, 

while binders are PCR amplified and used for another selection round in which only the tightest 

binders are selected. This process is often also described as in vitro evolution or the common 

tradename SELEX.[299] It is worth noting, that this method selects for affinity rather than 

specificity[300], which results in the necessity to test selected aptamers additionally in appropriate 

assays such as in vivo screenings.[301]  

It has been shown, that the obtained functional RNAs can be utilized in a multitude of different 

applications. For instance, a translational riboswitch could be implemented into eukaryotic cells, 

where it acted by inhibiting cap dependent initiation in the 5’-UTR rather than AUG or SD 

masking, which is the primary mode of action in prokaryotes.[301] This includes yeast but also 

mammalian cell cultures in which activity of a programmable riboswitch was observed.[302] The 

control of cap independent translation could also be demonstrated in vitro.[303] Artificial 
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riboswitches can additionally play a role in bioengineering of bacteria. Gallivan et al. developed an 

e. coli stem, capable of biodegradation of the herbicide atrazine in which an artificial riboswitch 

responsive to atrazine was coupled to a motility controlling gene in order to respond to atrazine 

concentration gradients.[304] Of course, medicinal applications for artificial functional RNAs do exist 

as well. In a particularly interesting example Smolke et al. were able to interfere with human T-cell 

proliferation, with an RNA device located in the 3’-UTR of a gene coding for a proliferative 

cytokine.[305] The construct contains an aptamer domain functionally coupled to a ribozyme. Upon 

binding of an external trigger compound, self-cleavage of the ribozyme results in degradation of 

the transcript and lowered proliferation. Such strategies could find application in cell-based 

therapies[306], where direct control via external trigger signals is a highly appreciated feature. 

 

5.3. Nano applications and molecular machines 

In the recently emerging field of nano technology nucleic acids play an important role in building 

large scaffolds and nano assemblies but can also carry out functional tasks. Recent key studies 

showed, how DNA molecules can be assembled to resemble virtually any shape on nano 

scale.[307] While natural nucleic acids carry already preferential properties for nano structures, their 

flexibility posed a problem for larger structures. This was overcome, by designing self-assembling 

sequences which include cross-over strands in order to introduce additional rigidity to the 

system.[308] In further advances, templating of larger DNA nanostructures with short DNA scaffolds 

was introduced, which was named DNA-origami, allowing much larger three-dimensional nano 

assemblies.[309]  

Nanostructures built from DNA are not only scaffolded by DNA, but in addition can act as a 

scaffold themselves in order to accommodate not only other nucleic acids, but also proteins[310] or 

other nanoparticles. The ability to organize enzyme complexes can be utilized in biological 

systems in order to modulate enzymatic turnover rates.[311] Additionally, in order to introduce 

dynamics to these systems, they can be combined with functional RNA to allow various 

applications also in in vivo environments[312], which lead up to biocomputing in which small circuits 

and logic gates were already shown to be active in vitro and in vivo.[313,314] Such logic gates find 

application in drug delivery. Church et al. were able to construct a “nano-robot”, carrying two 

aptamer domains involved in an AND logic gate, allowing drug release only upon twofold ligand 

binding.[315] In the field of biosensors, nanostructures and an aptamer domain were combined with 

two FRET dyes, to construct a fluorescent probe responsive to external stimuli.[316] 

A particularly interesting building block for nucleic acid nanostructures is the G-quadruplex (G4). 

As this very stable structural element can be composed of only single, but also up to four different 

DNA or RNA strands it can serve as three or four way junction, as shown by Seeman et al.[317] 

The very small G4 structure can serve as a connecting element for large DNAs such as the 168 nt 

DNA minicircles employed by Heckel et al., which can subsequently be visualized via atomic force 

microscopy (AFM).[318] By introducing the G4 based, only 15 nt long thrombin binding aptamer an 

additional layer of control can be added to a desired system.[319] Additionally, G4s form under the 
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influence of monovalent cations, which is exploitable using a G4 as the control element, sensing 

these ions in a cellular environment.[320] 

As seen above, nanostructures can not only act as rigid scaffolds, but can also carry out tasks 

such as drug delivery, sense metabolites or act as a molecular sensor. While the possibilities to 

construct dynamic nanostructures, so called nanomachines are vast, all of them require some 

type of fuel to operate, which can be the sensed metabolite, another nucleic acid strand or a 

ligand, which acts as an external trigger. The addition of these fuels or their consumption could 

have unexpected and undesired effects in a cellular environment ranging up to cell toxicity. The 

use of light as an external trigger to power nanomachines is opposingly considered safe, reliable 

and non-invasive.[321] In research article IV the development and characterization of a light-driven 

G4 element, which could find application in nano devices, is discussed (see Chapter 12). 
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6. NMR spectroscopy of nucleic acids 

Many structural and functional properties of nucleic acids were highlighted in the preceding 

chapters and many biochemical, bioinformatical and biophysical experimental methods allow their 

characterization. Herein, the application of the particularly versatile method solution state nuclear 

magnetic resonance (NMR) spectroscopy on nucleic acids is discussed. NMR allows monitoring 

of molecular alterations and interactions on a single atom level and couples unmatched resolution 

with the ability to observe a multitude of biomolecular properties including, but not limited to 

molecular interactions, structure, size or kinetics. In this chapter a few important experiments for 

the characterization of nucleic acids are explained from an application standpoint. For simplicity, 

biomolecular solution state NMR spectroscopy is referred to simply as “NMR spectroscopy” in this 

chapter, despite the existence other NMR spectroscopic methods, of which some, like solid state 

NMR, are also employed for nucleic acids.[322]  

6.1. NMR methods applied to nucleic acids 

 1H-1D experiments 

The most basic NMR experiment is the 1D spectrum, in organic molecules and biomolecules 

specifically the proton (1H) 1D spectrum. As nucleic acids are built from repetitive building blocks, 

the spectrum contains several regions where atoms, located at the same position in the 

nucleobase, clutter, displaying only a certain chemical shift dispersion (Figure 7). Between 10 

and 15 ppm in the 1H spectrum, imino protons of G and U residues are observed. These, with a 

pKa value of 9.2[323], acidic protons rapidly exchange with the solvent (usually buffered water). 

Since these exchange events are faster than the NMR experiment, they are broadened beyond 

detection in unfolded nucleic acids, due to detection of an ensemble of chemical shifts. Upon 

base-pairing and subsequent structure formation though, they become increasingly protected 

from solvent exchange and are therefore detectable in structured nucleic acids. Still, imino signals 

are generally weaker and slightly broadened compared to signals of other residues. A single imino 

proton resonance is observed for each sufficiently exchange protected G or U residue (each base 

pair in canonical base pairing), which leads, together with the inherently large shift dispersion, to a 

highly dispersed region, well suited for investigation in 1D-1H experiments. Additionally, the imino 

region can be further divided, as canonical base-pairs resonate at lower field compared to non-

canonical base pairs such as G-U wobble- or Hoogsteen base-pairs (e.g. cis-WH of G4s). 

Aromatic protons include H2 (only adenine) and H8 in purines and H5 and H6 in pyrimidines, 

which resonate between 6 and 9 ppm. Solvent exchange of these residues is extremely slow[324], 

which leads to no additional broadening and therefore comparatively sharp lines. However, since 

one or two aromatic protons of each base are observed, the region is usually too cluttered in 1D 

experiments to be able to observe all signals individually, especially with increasing size of the 

nucleic acid investigated. This problem is even larger when the sugar region is observed, in which 

all sugar atoms resonate at 3.5 to 6.5 ppm. The H1’ protons are shifted downfield compared to the 

remaining sugar protons by about 1.3 ppm and therefore overlap with H5 protons of pyrimidine 

residues. In DNA, due to the lack of the 2’OH-group, H2’ and H2’’ are observed at lower ppm 

values of 2 to 3 ppm.  
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In terms of resolution, 1H-1D experiments are therefore far behind more sophisticated 2D or 3D 

experiments, like 2D-HSQC spectra (see Chapter 6.1.4). However, because they can be acquired 

rapidly (measurement times are in the order of minutes or even seconds), they are well suited to 

study comparatively fast effects, as in kinetic studies in the order of minutes or to be employed 

repetitively, for example in titration experiments. 

 

Figure 7 | 1H-1D spectra of a 21 nt hairpin (depicted left) with annotation of the respective regions. The 
Imino proton spectrum was acquired with H2O (10% D2O) as solvent to allow monitoring of exchanging 
protons. The remaining spectrum was acquired with D2O as solvent to reduce signal perturbation, arising 
from suppression of water signals. Resonance regions for imino and non-exchangeable proton are 
annotated. Imino protons are displayed with increased scaling, as these signals are usually much smaller. 

 

 Reporter signals and probes 

NMR signals show a distinct chemical shift, based on the chemical surroundings of each 

individual nucleus. Consequently, molecular events like structural alteration or intermolecular 

interaction are best monitored on signals which stem from a nucleus located ideally in the affected 

residue or in close vicinity. These signals are termed reporter signals. Depending on the 

exchange rate between the states observed, perturbation of the chemical shift (fast exchange) or 

vanishing of an original signal and parallel rise of a new signal (slow exchange) is observed. In 

case of intermediate exchange, signals might be broadened beyond detection, which requires the 

use of more complex methods.[325] In nucleic acids imino protons are often best suited, since they 

are highly dispersed and are therefore common reporter signals[326–328]. Since they are only 

observable if the respective residue is in a structured surrounding, investigation of insufficiently 

structured strands becomes more complex. Detection of aromatic residues in 2D-HSQC spectra is 

certainly a possibility in this case, but requires several hours of measurement time or isotopic 

labeling (see Chapters 6.1.4 and 6.1.5) and even then, at higher molecular weight unambiguous 

identification of signals can be troublesome. An interesting alternative, though requiring chemical 

modification of the nucleic acid, is introduction of molecular probes. In this approach residues 

featuring atoms which resonate in a single separate signal such as methyl-groups[329] or fluorine 

atoms[330–332] are utilized. They are introduced in proximity to the interaction site and allow 

observation of clear reporter signals. While being preparatively challenging, this method allows 
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direct observations of dynamics and does not require sophisticated NMR experiments or 

resonance assignment. 

 Resonance assignment and NOESY 

For most NMR studies it is crucial to be able to assign observed resonances to their respective 

residues and atoms and while atoms can often be easily distinguished by their characteristic 

chemical shift range, the effect of the chemical surrounding of a specific residue on its chemical 

shift can only be roughly predicted.[333] An experiment called two-dimensional nuclear Overhauser 

effect spectroscopy (2D-NOESY)  facilitates assignment of nucleic acids, especially the often 

crucial assignment of imino protons. It exploits the quantum chemical nuclear Overhauser effect 

(NOE)[334], which allows magnetization transfer by cross-relaxation of two different nuclei. The 

effect depends on the spatial distance between the two nuclei (~r-6) and is independent of 

chemical bonds. In a two-dimensional NMR-experiment it leads to formation of cross-signals 

between two signals, with their intensity directly related to the distance between the respective 

atoms up to a threshold of approximately 6 Å. In the majority of cases 2D-NOESY spectra are 

recorded as proton-proton experiment (2D-1H,1H-NOESY), which is also applied for resonance 

assignment of nucleic acids. 

In helices, imino protons of two consecutive base pairs are distanced below the 6 Å threshold and 

accordingly, cross-signals from an imino proton to the n-1 and n+1 base pair are observed. This 

allows the assignment of imino resonances through an “imino walk” through sufficiently exchange 

protected (stable) stems. Signals of G and U/T residues can be distinguished by characteristic 

cross-signal patterns at C-amino and A-H2 resonances respectively. Further assignment of 2D-

NOESY spectra is performed in the aromatic region, where a “walk” comparable to imino protons 

is possible for the aromatic protons as well, though these cross-signals are usually faint. 

Additionally, correlation between aromatic protons and H1’ protons of n and n-1 residues are 

utilized. In principle assignment of sugar resonances, starting from assigned H1’ resonances, is 

also possible, but in practice the spectral region shows severe overlap even in small RNAs, 

limiting the feasibility of this approach. Apart from assignment, NOESY spectra are highly 

important for collecting experimental data in NMR structure determination. Since the intensity of 

NOESY cross-signals depends directly on the interatomic distance, they are well suited to 

determine distance restraints, which can be used in structure calculations (see Chapter 6.2). 

 2D-HSQC and related hetero correlated experiments 

2D-hetero correlation experiments are another widespread subset of NMR experiments, prevalent 

in nucleic acid research. They are usually based on the correlation of proton nuclei with nuclei of 

their covalently bound hetero atom (13C or 15N) by J-coupling[335], allowing a substantial increase 

of resolution compared to 1D experiments. Many variants of hetero correlated experiments exist 

operating with single quantum (HSQC)[336] or multi quantum magnetization (HMQC)[337], exploiting 

the interplay between relaxation mechanisms to gain resolution (TROSY)[338] or different 

mechanisms to increase sensitivity (SOFAST, sensitivity improvement)[339,340]. Here the example 

of HSQC will be used, since it is the most commonly used experiment, but all techniques 

mentioned lead to comparable spectra from an application standpoint.  
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For imino groups, 15N-HSQC experiments facilitate the discrimination between guanine and uracil, 

since N3 atoms of uridine resonate approximately 15 ppm low field compared to guanine N1 

atoms. In larger nucleic acids imino regions can appear heavily crowded in 1D-1H spectra due to 

the high amount of base paired residues. In this case acquiring 15N-HSQC spectra can be 

advantageous to allow unambiguous identification of all signals. Additionally, they are often 

applied to monitor exchange protected amino residues, though guanine and adenine residues 

often show broad signals, which can only be overcome by utilization of more sophisticated NMR 

experiments.[341]  

Sufficient resolution of aromatic resonances can be achieved in 13C-HSQC experiments in which 

pyrimidine C6 and purine C8 resonances resonate at comparable ppm values between 135 and 

145 ppm, making their discrimination problematic, though C8 resonances are found few ppm 

upfield compared to C6 resonances. Fortunately, C5 resonances of pyrimidines and C2 

resonances of adenines appear well separated from the remaining aromatic resonances and 

especially adenine H2-C2 peaks can be used as reporter peaks[342], since resonance assignments 

of canonically base-paired adenines can be directly obtained from uracil imino proton correlation.  

Acquiring 13C-HSQC spectra also helps deconvoluting sugar signals and is required, if acceptable 

resolution in this region is desired. Different sugar atoms resonate at separate positions, allowing 

easy discrimination between each ribose position. However, due to their low dispersion, the 

regions are still highly convoluted in larger nucleic acids and only the H1’-C1’ signals are 

frequently used for assignment purposes in larger RNAs (see Chapter 6.1.3).  

HSQC experiments are well suited to characterize structural alterations for example induced by 

interactions with ligands[343], proteins[344] and cofactors[345] or when showing general dynamics[346] 

as they provide a good trade-off between measurement time and resolution provided. 

Measurement times can in addition be significantly shortened if isotopic labeling is involved. 

 Isotopic labeling 

While NMR experiments based on protons can yield many interesting results on their own when 

applied to nucleic acids, the field of possible applications is significantly enlarged if isotopic 

labeling is employed, by increasing the amount of NMR active nuclei in the sample from natural 

abundance of approx. 1.1% 13C and 0.4% 15N to almost 100%. This procedure enhances the 

efficiency of hetero correlation significantly and makes magnetization transfer over hetero atoms 

feasible beyond 1J-coupling as used in e.g. HSQC experiments. Since nucleic acids for NMR 

samples are usually produced either by solid-phase synthesis (most DNA)[347] or in vitro 

transcription (most RNA)[348], isotopically labeled building blocks for each method can be applied 

to achieve the labeling. Solid-phase synthesis allows isotopic labeling at any position in the 

nucleic acid, but is only feasible up to a length of approximately 55 nt.[348] In vitro transcription 

enables preparation of larger RNA but allows, in its basic form, only residue specific strategies. 

However, preparative methods were developed which allow segmental labeling[349] or even site 

specific labeling[350,351]. As the efficiency of hetero correlation is increased by isotopic labeling of 

residues, the application of more sophisticated NMR experiments becomes practicable which aid 

resonance assignment as well as determination of structural parameters. It should be noted that 

isotopic labeling, despite all the benefits can also have disadvantages. First, isotopically labeled 
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samples are expensive in preparation, though manageable. Second and sometimes even more 

striking, when working with isotopically labeled samples decoupling of unwanted magnetization 

pathways is required to obtain clean spectra. The most common ways to achieve decoupling are 

broad band heteronuclear decoupling during the acquisition time by repetitive pulse schemes[352] 

and the implementation of a constant time period in order to refocus homonuclear coupling[353]. 

Both methods can lead to loss of resolution compared to spectra acquired on natural abundance 

samples, as they limit the amount of points which can be acquired in the indirect or direct 

dimension of spectra respectively. 

 2D- and 3D-NMR methods aiding resonance assignment and structural 

characterization 

On isotopically labeled samples numerous experiments were developed which rely on different 

mechanisms to relay magnetization, most importantly INEPT (Insensitive nuclei enhanced by 

polarization transfer)[354], TOCSY-like isotropic mixing[355,356] (Total correlation spectroscopy) and 

NOE (see Chapter 6.1.3). In this chapter, some of the most popular advanced experiments for 

nucleic acids are discussed, which facilitate resonance assignment and determination of angular 

parameters meant for structure calculation.  

While imino-imino correlation can in most cases be achieved from 1H,1H-NOESY data, further 

assignment becomes increasingly complicated and even then, might stay ambiguous due to 

signal overlaps. Additionally, imino resonances are only observed for base paired residues. Direct 

correlation of resonances can help resolving these issues for isotopically labeled samples. To 

directly correlate neighboring residues magnetization needs to be relayed over the bridging 

phosphorous leading to experiments such as 3D-HCP[357], which correlates H3’,H4’ and H5’/H5’’ 

sugar protons of neighboring residues over their respective carbons and the bridging phosphorus. 

By addition of a TOCSY mixing time, it can be extended to a 3D-HCP-CCH-TOCSY[358] 

experiment, which allows correlation of H1’ atoms of neighboring residues. Their assignment can 

serve as basis for the assignment of aromatic protons, but also the remaining sugar protons, 

which already can be partially assigned from a 3D-HCP experiment.  

To obtained the assignment of aromatic protons from H1’ resonances, HCN[359] experiments are 

employed in which magnetization is transferred with multiple INEPT steps over the N1 or N9 of 

pyrimidines and purines respectively. Depending on the size of the RNA and correspondingly the 

resolution required, these experiments can be run as 2D or 3D versions omitting the 13C plane in 

the 2D version.  

In order to assign non-H1’ sugar resonances, 1H,1H-NOESY strategies routinely fail even for small 

RNAs, due to the low signal dispersion and strong signal overlap in this region. A more 

convenient way to assign sugar resonances are 3D-HCCH-TOCSY spectra[360], which provide the 

required resolution to unambiguously assign sugar resonances at least in smaller RNAs.  

Imino resonances can be correlated with aromatic protons by HCCNH experiments[361] leading to 

an assignment of most relevant protons. These strategies combined can be applied to achieve an 

assignment alone but are even more valuable to complement NOESY assignments in order to 

identify and remove ambiguities.   
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In order to collect data for a structure calculation, restraints for interatomic distances are routinely 

derived from NOESY experiments (see Chapter 6.1.3) but can be complemented by angular 

restraints. This angular information is usually obtained by two different methods, quantitative 

determination of coupling constants[362–364] or determination of cross-correlated relaxation 

rates[365]. Specific experiments have been developed, which allow the determination of these 

quantities and subsequently dihedral angles in nucleic acids. For example, C-P coupling can be  

determined in quantitative HCP experiments.[366] Cross-correlated relaxation rates affected by the 

31P chemical shift anisotropy (CSA) and the C-H bond dipole are obtained from Γ-HCP 

experiments[367]. Additionally, H-P coupling constants can be obtained directly from 13C-FIDS-

HSQC experiments.[368] These experiments allow the determination of backbone angles α, β, γ 

and ζ. In analogy, angles related to the sugar-pucker are determined from coupling constants by 

HCCH-TOCSY-CCH-E.COSY experiments[369] or from cross-correlated relaxation rates by Γ-

HCCH-TOCSY experiments.[370] Cross-correlated relaxation rates acquired in Γ-HCN experiments 

additionally allow determination of the glycosidic bond angle χ.[371]  In combination, these methods 

can substantially improve the quality of a structure calculated from NMR data.[372]  

In larger structures global alignment, for example between two helices, is often insufficiently 

sampled in the short-distance information from NOE data and long-distance restraints are 

required. These restraints are often obtained from residual dipolar couplings. Dipolar coupling is 

related to the angular difference of a dipole between two NMR active nuclei to the external 

magnetic field as well as the interatomic distance. While the effect averages to zero in isotropic 

solutions, it can be exploited in alignment media to obtain additional information about the overall 

structure, complementing a structure calculation.[373] 

6.2. Structure determination of nucleic acids by NMR spectroscopy 

De novo determination of three-dimensional structures of biomolecules by NMR was pioneered by 

Kurt Wüthrich in 1985 when they released the structure of proteinase inhibitor IIA[374], which was 

closely followed by the first nucleic acid structures.[375] Today, while NMR structures account for 

less than 10% of total structures in the wwPDB (wwpdb.org[376]), over 40% of annual submissions 

of small RNA structures (<155 nt) are NMR structures[377] making NMR the second most popular 

method in this field behind X-ray crystallography.  

In general, NMR structures are determined by molecular dynamics calculations which are 

restrained by structural parameters obtained from NMR experiments (Figure 8). The calculation is 

carried out in a simulated annealing approach where, from a number of calculated structures, a 

subset of structures with the lowest overall energy is selected. The structures are often presented 

as a bundle and the root-mean-square deviation (RMSD) of all atoms or all heavy atoms is 

calculated and used as a quality factor. Accordingly, the divergence of structures and therefore 

the RMSD largely depends on the quality and amount of NMR derived restraint data plugged into 

the calculation. The most commonly used data are distance restraints derived from NOE-based 

experiments, routinely 2D-1H,1H-NOESY but also 3D-NOESY-HSQC[378] experiments. The 

strength of the observed proton-proton cross-peaks is correlated with the interatomic distance, 

which can be determined roughly for all signals based on the intensity of a well characterized 

fixed distance such as the H5-H6 vector.[379] Alternatively, more exact distance restraints can be 
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obtained using iterative computer assisted approaches such as ARIA (Ambiguous Restraints for 

Iterative Assignment).[380] The structure is then calculated in a simulated annealing protocol, often 

with the programs CNS[381] or X-PLOR[382], repetitively in order to remove errors in the initial data, 

which are sorted out and omitted. The structure can additionally be improved by plugging angular 

restraints obtained from J-couplings or cross-correlated relaxation rates (see Chapter 6.1.6) into 

the calculation.  

 

Figure 8 | Flowchart showing a typical process of structure calculation carried out for nucleic acids. 

 

 

6.3. NMR of G-quadruplexes 

As helices are the by far most common structural elements in nucleic acids, they are also the 

most common motif investigated with NMR methods. While most of the NMR experiments 

developed for RNA work comparably also in G4s, there are some differential aspects which 

should be noted when these specific structural elements are investigated. G4s are composed of 

G-tetrads, which are involved in very stable Hoogsteen (cis-WH) bonds often only bridged by 

short loop sequences. The guanine imino protons in G4s resonate at around 10.5 to 12 ppm and 

feature often less dispersion than helical RNA imino protons, especially if the guanines are 

comparably structured (for example all-trans all-parallel in RNA G4s). Additionally, increased 

signal overlap can be expected in 13C-HSQC spectra. Fortunately, a lot of G4s investigated are 
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small (<25 nt), which counteracts these problems. Imino assignment is achieved mostly through 

NOESY, but is complicated compared to helices, since each imino proton always shows two intra-

tetrad interactions and often additional intra-strand interactions, depending on its structural 

context. Establishing intra-strand connectivity through H1’-H8 interactions is likewise complicated, 

as the visibility of those interactions depends largely on the base topology.[383] However, if an 

assignment is achieved, these topological characteristics are automatically obtained from the 

visible interactions. Direct correlation of imino to aromatic protons in the same nucleobase can be 

achieved by long range HMBC at natural abundance.[384] Since NOESY assignment of G4s is 

tedious but they are easily available from solid-phase synthesis it became a popular strategy to 

prepare sparsely isotopically labeled samples, which allows the unambiguous assignment of 

residues.[385] Structure calculation is performed as in other nucleic acids, after data collection from 

NOESY spectra. 

  



53 
 

7. RNA and NMR in drug development 

Drug development often involves screening of a large libraries of drug candidates against a 

certain target, to identify possible binders, which are subsequently developed into a drug. The 

success of these approaches in finding an actual drug largely depends on the choice of target, the 

library and the screening method. In this chapter some aspects of drug development with RNA 

targets, drug screening by NMR and fragment-based drug discovery are discussed. 

7.1. Targeting RNA with small molecules 

Up to now, most drug screening projects focus on protein targets, thus protein targeted drug 

screening and drug development are highly exhibited fields in which many medicinal advances 

are made. However, below 1000 proteins are currently drugged which amounts for only 0.05% of 

the human genome.[386] Many pathologically relevant proteins are deemed undruggable, as they 

lack binding sites that can be bound specifically and with high affinity.[387] However, while the 

proteins themselves are undruggable, they could potentially be indirectly targeted by drugs with a 

related regulatory RNA as a target. As discussed in Chapter 3 and 4, RNA molecules exhibit a 

vast structural space and are involved in numerous cellular processes especially in gene 

regulation. Additionally, some cellular processes are mediated only by RNA in bacteria, making 

RNA a preferable target in these cases. 

RNA targeting with drug development approaches is a rising field, even though actual RNA-

targeting drugs are still extremely rare, with the most prominent example being linezolid 

antibiotics. This compound interacts with the bacterial 50S subunit of the ribosome in order to 

block tRNA interaction.[388]  

Another example of bacterial RNA targets are riboswitches, which are discussed in Chapter 4.2. 

As they intrinsically contain a ligand binding pocket as part of their aptamer domain, they are able 

to recognize small molecules by default. Therefore, often analogues of cognate ligands are 

researched, mostly on highly prevalent riboswitches. For the TPP riboswitch the analogue 

pyrithiamine (PT) showed toxic effects on bacteria where TPP riboswitches were prevalent, 

proving the applicability of this approach.[389] Roseoflavin, an FMN analogue has antimicrobial 

effects in bacteria with FMN riboswitches as well[390] and for the lysine riboswitch, several 

analogues were identified which can inhibit bacterial growth.[152]  

Retroviruses, like the human immune deficiency virus (HIV) or hepatitis C virus have RNA 

genomes, lead to severe diseases and are therefore also frequently targeted. In HIV, the Tat/TAR 

complex (trans-activator of transcription/trans-activating response element), an RNA protein 

complex (RNP), is crucial for viral replication. The RNA TAR is targeted by drugs in order to 

disturb complex interaction.[391,392] In the hepatitis C virus, an internal ribosomal entry site (IRES) 

is targeted, which plays a key role in cap dependent initiation.[393]  

Pathologically relevant RNA is also found in humans, particularly in genetic diseases which arise 

from pathogenic nucleotide repeats in the genome. In myotonic dystrophy, CUG-repeat containing 

RNA transcripts form pathologically relevant small hairpins which are sensed by so-called 

muscleblind-like proteins (MNBL), lead to disease. This interaction could be destabilized by a 
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small molecule compound.[394] Interference pathways based on microRNA or lncRNA are 

described in Chapter 5.1 as a target for RNA-based drugs. As research on these RNAs is 

currently an emerging field, small molecule drugs targeting them are developed as well[395], with 

small molecules having the advantages of smaller size, less charge and general better 

applicability than RNA-based drugs.  

Endeavors are made trying to find characteristics of drugs, which specifically bind RNA over 

proteins in order to establish means for better design of screening libraries, since drugs for RNA 

differ in binding mode, size and charge from protein targeted small molecules.[396] Interaction 

modes of small molecules with RNA were recently extensively reviewed and were shown to be 

highly versatile.[397] In a different study, Weeks et al. argue, that many RNA based drugs show 

high affinity but low specificity as they mostly act by intercalation and are often highly polar. It is 

shown that these ligands are not sufficiently drug like e.g. suited for oral application in regard of 

size, charge and hydrophilicity. To facilitate target choice, they define the “information content”, a 

diversification factor for RNA to identify targets which allow higher possible affinity and 

selectivity.[398] Modern computational methods like pattern recognition employed on screening 

data, additionally allow categorization and identification of popular interaction patterns of small 

molecules with RNA.[399] These data provide valuable starting points for future drug screening 

projects. 

7.2. Drug discovery by NMR 

Modern drug discovery can be performed utilizing various biophysical methods, with the 

prerequisite that they are able to report on molecular recognition events or phenomenologically on 

drug interference with the precision needed to identify potential drug candidates. The principle 

relies on screening of a library of chemical compounds against a selected target, identifying 

possible candidates, so-called hits, and further development of a drug from the most promising 

hits. In this chapter, NMR as a method for hit identification is discussed. 

 NMR in drug discovery is, compared to other methods, characterized by its ability to sense small-

molecule interaction with the biological target on a single atom level, allowing versatile 

experiments for detection and even structural elucidation of small molecule interaction.  

The simplest method is the observation of chemical shift perturbation (CSP) often described as 

chemical-shift mapping. CSP is observed upon alteration of the chemical environment of the 

observed nuclei and therefore sensitive to ligand interaction. In this approach, the target is 

commonly isotopically labeled, and CSPs are monitored in hetero-correlated experiments (see 

Chapter 6.1.4) on the target.[400] If resonance assignment is available the method allows 

localization of the binding site. Since the experiments are considerably fast, affinity constants can 

be determined from titration data of promising ligands. However, these experiments are acquired 

of the target molecule and are therefore ill-suited for ligand mixtures, since the interacting ligand 

cannot be easily identified. Since mixtures are beneficial to increase the screening throughput, 

other experiments are often employed, where ligand signals are detected in response to target 

interaction.  

Saturation transfer difference (STD) experiments[401] allow exactly this type of observations. In 
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these experiments the target molecule is selectively irradiated and upon ligand interaction, 

magnetization is partially transferred to the ligand via NOE. Signals of ligands unbound in 

solution, will display small linewidths due to their short correlation times and longer T2 times. 

Based on the residence time of the ligand at the binding site, the intensity of the hit signals is 

attenuated. Since these differences can be subtle, the spectrum is usually subtracted from a 

conventional NMR spectrum leaving only signals of interacting ligands.  

A comparable experiment, which adds an additional layer of complexion, is the WaterLOGSY 

experiment (water-ligand observed via gradient spectroscopy). In this experiment selective 

irradiation of the target is omitted in favor of irradiation of the bulk water (solvent) signal. 

Magnetization is transferred to the target in three major pathways: By NOE from water molecules 

in the binding site, by chemical exchange of labile protons and by NOE from water on the target 

surface, with the first pathway being major for magnetization passed on to the ligand.[402,403] 

Consequently the transfer of magnetization is dependent on residence in the binding pocket and 

therefore ligand affinity, resulting in differential intensity between bound and unbound compounds, 

which can then be visualized in a difference experiment. WaterLOGSY experiments are described 

as more sensitive compared to STD experiments.[402] 

An even more sensitive method relies on the differential relaxation properties of bound 

compounds compared do unbound compounds. Since biomolecular targets are large molecules, 

they show longer rotational correlation times and therefore faster T2 relaxation compared to small 

molecule ligands. Upon interaction though, ligands experience the tumbling of the biomolecule 

and therefore display altered relaxation behavior. These effects can be monitored by relaxation-

edited NMR experiments[404] for example employing a Carr-Purcell-Meiboom-Gill (CPMG) 

sequence[405]. Differences in signal attenuation between samples containing the target molecule 

and pure fragment samples are then observed. Binders will show a strong difference, while non-

binders are not significantly affected by presence of the macromolecule. 

Most NMR based screenings rely on the observation of proton- or hetero-correlated proton 

resonances. While these experiments are highly sensitive, the abundance of these atoms can 

lead to strong convolution of spectra, especially if compound mixtures are screened in order to 

increase throughput. A convenient way to circumvent these limits is the introduction of fluorine 

atoms to either the target or the library compounds, where they act as probes in NMR 

applications. The NMR active isotope 19F has a natural abundance of 100% and fluorine 

experiments show a sensitivity of 83% compared to proton NMR given their comparable 

gyromagnetic ratio[406]. Additionally, 19F spectra display a large chemical shift dispersion, 

beneficial for high-throughput studies with compound mixtures. The methods for incorporation of 

fluorine atoms into biological targets are developed on proteins[407], but they can likewise be 

introduced into nucleosides to allow fluorination of RNA[408]. 19F-CSP is then observed upon ligand 

binding leading to hit identification. In general, though, it is more beneficial to use 19F-containing 

ligands instead of biomolecules, to be able to benefit from the ability to use ligand mixtures. These 

libraries can be designed with the same approaches as conventional libraries, with the addition 

that 19F must be incorporated. With the exception of WaterLOGSY the same experiments as in 

proton NMR can be applied[409] bearing the advantage of showing only a single signal per 
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compound. Additionally, when binders which include 19F are found, competition experiments with 

non-fluorinated compounds can be carried out in an experiment called FAXS (fluorine chemical 

shift anisotropy and exchange for screening) using 19F as a probe while still being able to screen 

non fluorinated compounds.[410] 

7.3. Fragment-based drug discovery 

Most drug development approaches today employ either development from an existing drug or 

natural compound[411] or rely on high-throughput methods[412], where large numbers of compounds 

are screened against the target. Still, ligands determined as binders in large screenings are not 

directly considered drugs as they usually do not inherit beneficial properties for drugs in terms of 

medical absorption, distribution and metabolism profile.[413] They are referred to as lead 

compounds which are chemically optimized subsequent to identification. Lipinski et al. defined a 

set of rules for the size, charge and lipophilicity which characterizes drugs by their ability to be 

orally absorbed and therefore bioavailable, known as the “rule of five”.[414] Lead compounds from 

conventional screening methods are in many cases already at the limits of these rules and 

optimization can be complicated. It would be advantageous to use smaller scaffolds which show 

binding but still allow room for optimization. These considerations are followed in fragment-based 

drug discovery attempts.  

Fragment-based screening relies on the utilization of a comparatively smaller library of smaller 

compounds, so-called fragments, screened against the target, generating hits which enable 

strong modification. Sometimes, libraries are designed with the intent to comply to even stricter 

Lipinski rules described as a “rule of three”.[415] Compared to hits from conventional methods, 

fragment hits generally cannot directly be considered lead compounds since they tend to bind with 

low affinities, often in the micromolar or even millimolar range.[413] Consequently, screening 

methods must be able to detect these low affinity interactions.[416] Common methods include X-ray 

crystallography[417] which provides very detailed insights into the interaction, NMR with its highly 

versatile toolset described in Chapter 7.2, but also less sophisticated biophysical methods like 

surface plasmon resonance (SPR)[418] or Microscale thermophoresis (MST)[419], which allow higher 

throughput. 

Hitting compounds are subsequently developed into leads, a process often described as 

structure-activity relationships (SAR), which commonly involves three different strategies. Growing 

is based on the addition of functional groups, beneficial to affinity, to the molecule scaffold. The 

additional groups are attached to formerly defined positions described as growth vectors.[420] 

Structural information on the binding mode of the fragment aids this process strongly, allowing for 

a rational design approach and being commonly obtained from X-ray crystallography. However, 

X-ray structures are not always needed as other methods can yield the required information, or 

can even by completely omitted in favor of screening through several chemical derivatives.[421] 

Linking is a technique which allows, if successful, rapid advance regarding affinity. Two adjacently 

binding fragments are connected with a linker, which has to be carefully chosen to accommodate 

to the geometry of binding of the two fragments. Since both fragments now contribute to the 

binding process with favorable interactions, substantial increases in affinity are observed. [422] 

Merging is the third option and is applied when two fragments show differential interactions but 
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overlapping molecular scaffolds. They can then be merged into a single lead compound joining 

the binding interactions of both fragments comparable to a linked lead.[416] 

Fragment-based drug discovery can be considered a highly flexible method, where emphasis is 

put on careful lead development rather than relying on the screening process. Modern methods 

for structure elucidation are highly beneficial to this process and contribute largely to the success 

of this rising technique. Research Article V shows the results of a fragment-based screening study 

carried out on a pool of RNA targets employing 19F-NMR (see Chapter 13). 
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In this article, structural properties of transcriptional intermediates of a ZMP-sensing riboswitch 

are investigated. In t. caboxydivorans, a pfl-type transcriptional on-switch which senses ZMP, 

controls genes associated with purine synthesis and one-carbon metabolism. While the aptamer 

structure of these riboswitches and the general principles of transcriptional regulation were 

already studied, details of the structures attained during progression of transcription as well as 

kinetics were largely unknown at the beginning of the study. A study by Lucks et al., which was 

published shortly prior to publication shows results in the same field achieved by SHAPE 

(selective 2′ hydroxyl acylation analyzed by primer extension) analysis and was discussed in the 

manuscript.[423] In our approach, NMR spectroscopy was used to elucidate the underlying 

structural and functional properties. Resonance assignment was established by 2D-NOESY and a 

reporter peak for formation of the important pseudoknot structure was established. Structural 

characteristics of pseudoknot formation were investigated in dependence of ligand and 

magnesium concentration. Pseudoknot formation prior to ligand interaction could be confirmed 

unambiguously, inspired by an approach introduced by Ferré-D’Amaré et al. who confirmed 

riboswitch action independent of the linking sequence between the pseudoknot forming 

domains.[424] Ten RNA sequences resembling structural intermediates of the riboswitch were 

prepared and investigated by NMR spectroscopy. Three RNAs showing ZMP interaction were 

further investigated by isothermal titration calorimetry (ITC) and NMR titration, in order to 

determine affinity and binding competent fractions.  

All experiments including RNA preparation data acquisition and evaluation were performed by the 

author of the thesis, with the exception of the preparation and NMR screening of the ten 

transcriptional intermediates, which were performed by T. Schamber under supervision of the 

author. The author of the thesis wrote the manuscript together with H. Schwalbe. 
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ABSTRACT

Recently, prokaryotic riboswitches have been identi-
fied that regulate transcription in response to change
of the concentration of secondary messengers.
The ZMP (5-Aminoimidazole-4-carboxamide ribonu-
cleotide (AICAR))-sensing riboswitch from Thermosi-
nus carboxydivorans is a transcriptional ON-switch
that is involved in purine and carbon-1 metabolic cy-
cles. Its aptamer domain includes the pfl motif, which
features a pseudoknot, impeding rho-independent
terminator formation upon stabilization by ZMP in-
teraction. We herein investigate the conformational
landscape of transcriptional intermediates includ-
ing the expression platform of this riboswitch and
characterize the formation and unfolding of the im-
portant pseudoknot structure in the context of in-
creasing length of RNA transcripts. NMR spectro-
scopic data show that even surprisingly short pre-
terminator stems are able to disrupt ligand binding
and thus metabolite sensing. We further show that
the pseudoknot structure, a prerequisite for ligand
binding, is preformed in transcription intermediates
up to a certain length. Our results describe the con-
formational changes of 13 transcription intermedi-
ates of increasing length to delineate the change in
structure as mRNA is elongated during transcription.
We thus determine the length of the key transcription
intermediate to which addition of a single nucleotide
leads to a drastic drop in ZMP affinity.

INTRODUCTION

Riboswitches are cis-acting regulatory RNA elements,
which sense the concentration variation of metabolites of
low molecular weight. They are found in the 5′-untranslated

region of mRNA (1), primarily within prokaryotes (2).
In general, riboswitches consist of a phylogenetically con-
served aptamer domain that undergoes conformational
change upon binding a specific ligand, which induces a fur-
ther allosteric conformational change in a downstream ex-
pression platform (3). More than 20 different classes of ri-
boswitches have been identified and have been found to
sense metabolites including thiamin pyrophosphate (4,5),
adenosylcobalamin (6,7), S-adenosylmethionine (8,9) and
flavin mononucleotide (10). Typically, ligands sensed by ri-
boswitches are cell metabolites but exceptions including ri-
boswitches sensing fluoride (11) or Mg2+ (12) are known.
Various riboswitches bind nucleobases such as adenine (13)
and guanine (14) or the nucleoside deoxyguanosine (15). Of-
ten, riboswitches are found upstream of genes coding for
proteins involved in the metabolism or catabolism of the lig-
and resulting in a feedback loop (16).

Transcriptional riboswitches modulate gene expression
during transcription by controlling the formation of rho-
independent terminator structures (17). Structural rear-
rangement of the aptamer domain upon binding leads to
formation or destabilization of an antiterminator structure,
competing with the terminator structure.

Despite the abundance of crystal structures of
metabolite-bound aptamer domains, high-resolution
structural information about the full range of transcrip-
tional intermediates and their potentially heterogeneous
conformations in the context of co-transcriptional folding
are sparse. Switching efficiency between functional ON-
and OFF-states in transcriptional riboswitches strongly de-
pends on the time window during which the switch adopts
a binding-competent form. In the Bacillus subtilis FMN
riboswitch, transcriptional pausing is an important mecha-
nism to achieve kinetic control (18). Time-resolved NMR
experiments in our laboratory on two different purine-
sensing riboswitches, the guanine-sensing riboswitch from
B. subtilis and the 2′-deoxyguanosine-sensing riboswitch
from Mesoplasma florum showed that these riboswitches
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exhibit kinetic control of regulation and the required
structural transition to ensure both, functional ON- and
OFF-states, are matched to the time window available
during transcript elongation (18,19).

The function of second messengers in cells is long-
known (20), but their role in riboswitch-based regulation
was not identified until the late 2000s when Breaker et al.
showed that gene expression is regulated by riboswitches
that bind cyclic di-GMP (21). Several other conserved sec-
ond messenger-sensing motifs were identified in the follow-
ing years, including the pfl motif which binds the cellu-
lar alarmone ZMP (5-Aminoimidazole-4-carboxamide ri-
bonucleotide (AICAR)) (22).

The ZMP-sensing riboswitch was identified in 2015 and
its aptamer fold was named pfl motif, as it is frequently as-
sociated with a gene coding for pyruvate-formate-lyase (23).
As a precursor of inosine, ZMP is involved in the purine
and folate biocycle where it is converted into FAICAR by
addition of one carbon, provided by 10f-THF. In case of
increasing folate stress, ZMP acts as an alarmone, upregu-
lating the expression of associated proteins (24). Regulation
is achieved by riboswitches containing the pfl motif, which
specifically recognize ZMP and ZTP. High ZMP concentra-
tions induce ZMP-binding to the riboswitch, which leads
to antiterminator formation and subsequent activation of
gene expression. The ZMP-switch is thus considered a tran-
scriptional ON-Switch.

The pfl motif consists of three helical stems with P2 lo-
cated in the loop of P1 (Figure 1A). Junction J1/2, located
between those helices, forms a pseudoknot with the loop
of P3, which features a complementary sequence. Upon lig-
and binding, the pseudoknot is further stabilized by stack-
ing interactions with ZMP. From the crystal structures it is
known that the aromatic ring of ZMP stacks right below the
pseudoknot, where it interacts with a U residue of the loop
capping P3 (25). Without ZMP, nucleotides within the P3
stem base-pair to downstream residues as transcription pro-
ceeds, forming a rho-independent terminator hairpin. The
stabilized pseudoknot thus acts as antiterminator, prevent-
ing formation of the terminator hairpin (24).

The linker between P1 and P3 is not conserved in length
and cannot be resolved in crystal strutures due to struc-
tural heterogeneity. Studies by Ferré-d’Amaré et al. showed
that removal of the linker does not abrogate ZMP binding,
though a 10-fold lowered affinity is observed (26).

In a recent study, Lucks et al. applied SHAPE-seq (27) to
the ZMP-sensing riboswitch from Clostridium beijerinckii
and described its folding landscape in presence and absence
of ZMP (28). They found that riboswitch function is en-
sured by a labile balance between the conserved short P3
stem, terminator hairpin and pseudoknot stability, which
can be strongly perturbed by alteration of a single base-pair
in one of those key-players.

In the present study, we characterize the conformations
of transcriptional intermediates of the ZMP-sensing ri-
boswitch from T. carboxydivorans under equilibrium con-
ditions. These intermediates include the 48 nt containing
construct Zsw48 encompassing stems P1 and P2, the 77 nt
construct Zsw77 including stems P1, P2, and P3, ten tran-
scriptional intermediates (Zsw81-Zsw91, Figure 1A) capable
to switch between antiterminator and terminator confor-

mation as well as the full-length riboswitch Zsw101. We use
NMR spectroscopy as outlined in Fuertig et al. (29) to de-
termine the conformations of transcriptional intermediates
under varying conditions, employing rapid sample prepara-
tion methodology developed by Helmling et al. (30) ensur-
ing homogeneity in transcript length. Further, an in-trans
RNA construct consisting of isolated P1–P2 (Zsw48) and P3
(Zsw15) was investigated to monitor pseudoknot formation
in trans (Figure 1B), utilizing differential isotopic labeling
for the two RNA constructs for isotope-filtered NMR ex-
periments.

We provide a detailed conformational characterization of
the states that are relevant for regulation and that are suf-
ficiently stable to be populated during transcription in or-
der to extend simple two state models describing function
of transcriptional ON-switches.

MATERIALS AND METHODS

Transcription templates

Transcription templates were generated by PCR from
pUC57 vector that contains the full-length native sequence
of the ZMP-sensing riboswitch from T. carboxydivorans
or from previously PCR-amplified DNA. Reverse primers
used to obtain templates for Zsw48, Zsw77 and Zsw81–91

are summarized in Table S1 (see Supplementary Material).
Primers with high annealing temperatures exceeding 60 ◦C
were chosen for Zsw101 as they led to significantly better
PCR results. Primers for Zsw81–91 contained 2′-methoxy
modifications to ensure 3′-end homogeneous transcription
products (30). PCR was performed according to the stan-
dard protocol by New England Biolabs® (0.5 mM of each
primer, 200 mM dNTPs) using home-made Phusion poly-
merase. As DNA template, we used either 0.1 �l of 1 �M
plasmid solution containing the full-length riboswitch se-
quence or 0.1 �l of PCR-amplified template. Sample in-
tegrity was confirmed by native PAGE or agarose gel elec-
trophoresis.

RNA preparation

All RNAs except Zsw15 were prepared by in vitro transcrip-
tion with T7 RNA polymerase (RNAP). PCR-reactions
were directly used for transcription without purifica-
tion. Transcription reactions contained transcription buffer
(100 mM Tris/glutamate pH 8.1), 2 mM spermidine, 20 mM
dithiothreitol (DTT), 20% (v/v) DMSO, 5 mM of each
NTP, 12.5 mM Mg(OAc)2, 0.2 u/ml yeast inorganic py-
rophosphatase (New England Biolabs®) and 144 nM
home-made T7 RNAP. Unlabeled NTPs were purchased
from Carl Roth GmbH + Co. KG (Germany). 13C,15N la-
beled NTPs were purchased from Silantes GmbH (Ger-
many).

The transcripts Zsw81–91 were purified according to the
protocol developed by Helmling et al. (30). After transcrip-
tion in 10 ml scale, the RNA was washed on 5000 MWCO
centrifugal concentrators (Vivaspin 20® from Sartorius
AG, Germany). After loading the RNA on the centrifugal
concentrator, the first two washing steps were performed
with transcription buffer, to remove excess phosphate. Af-
terwards, the RNA was concentrated to 1 ml and washed at
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Figure 1. Overview of the secondary structures of the ZMP-sensing riboswitch from T. carboxydivorans. (A) Secondary structure of the ZMP-sensing
riboswitch in pseudoknot form with the construct Zsw77 highlighted in blue. Investigated transcriptional intermediates are annotated accordingly. (B)
Secondary structures of constructs Zsw48 and Zsw15 used for investigation of pseudoknot formation. (C) Secondary structure of Zsw101, terminator fold
of the ZMP-sensing riboswitch. Stems P1, P2, P3, the Junction J1/2 and the terminator hairpin T are annotated.

least 10 times with NMR buffer (25 mM potassium phos-
phate buffer, pH 6.2, 50 mM KCl) in 5 ml steps. Final NMR
samples were concentrated to a volume of 250 �l and con-
centrations ranging from 80 to 120 �M. The RNA was
thermally refolded before sample preparation by heating at
60◦C for 5 min, subsequent addition of desired amount of
magnesium chloride, heating at 40◦C for 5min and cooling
on ice for 30 min.

The RNA constructs Zsw77 and Zsw48 were purified by
denaturing PAGE. The transcription mixture was loaded
on a 3000 MWCO centrifugal concentrator (Vivaspin 20®
from Sartorius AG, Germany) and washed repeatedly with
water until the elute did not show a significant signal at 180–
220 nm in the UV-VIS spectrum (NanoDrop One, Ther-
moFischer Scientific). The solution was concentrated to
1 ml, mixed with 30 % glycerol and loaded onto a 15% poly-
acrylamide (PAA) gel (7 M urea). The RNA band was ex-
cised from the gel and eluted in 0.6 M NaOAc, pH 5.5. The
RNA was precipitated once with cold EtOH and twice with
2 % (w/v) LiClO4 in acetone. After resuspending in water,
buffer exchange to NMR buffer (as described above) was
performed on a centrifugal concentrator.

Zsw15 RNA was bought from Dharmacon GmbH. The
RNA was deprotected according to the supplier protocol.
Following HPLC purification, the HPLC buffer was re-
moved on a 1000 MWCO centrifugal concentrator. After
one EtOH and two LiClO4 precipitations (see above), the
RNA was resuspended in water and the buffer exchanged
to NMR buffer. The NMR buffer contained 25 mM potas-
sium phosphate buffer adjusted to a pH of 6.2 and 50 mM
KCl. The RNA was thermally refolded before sample
preparation.

NMR spectroscopy

NMR samples were prepared by adding 10 % D2O and
7.5 nmol DSS as internal reference to RNA stock solutions
in NMR buffer (see above). All spectra were recorded of
280 �l samples in Shigemi NMR tubes (Shigemi Inc.).

NMR experiments were conducted on Bruker AV600,
AV700 and AV800 spectrometers, equipped with cryo-
genic probes. Data were processed with Bruker Topspin
3.5 (Bruker Biospin) and sparky 3.14 (31). Water suppres-

sion was achieved using WATERGATE (32) or jump-and-
return echo (33) water suppression pulse schemes. 15N-
editing in 1H,1H-NOESY was achieved by implementing
X-filter schemes before and after t1 chemical shift evolution
(34). Analysis of dissociation constants and binding compe-
tent fraction were carried out by measuring intensities of the
imino proton signal of U42 in 1H-1D spectra, normaliza-
tion of values and subsequent fitting while leaving the RNA
concentration variable.

ITC measurements

RNA samples for ITC measurements were essentially pre-
pared as for NMR spectroscopy. ITC measurements were
performed on a Malvern® MicroCal iTC200 instrument
with RNA sample concentrations of 60 �M and ligand con-
centrations of 600 �M (for Zsw77 and Zsw91) or 300 �M (for
constructs Zsw81–83). Raw data were exported and analyzed
using NITPIC (35) and SEDPHAT (36). Fractions bound
were obtained from leaving the n-value variable in the fitting
procedure.

RESULTS

NMR resonance assignment

NMR signals of longer RNA constructs can often be dis-
sected to arise from structural elements already present in
shorter constructs following a divide-and-conquer-strategy
(29). Since stems P1 and P2 are present in Zsw48 and in
Zsw77 (see Figure 1A and b), comparable sets of imino sig-
nals are expected for these constructs and could in fact be
observed in 1H-1D as well as 1H,1H-2D NOESY experi-
ments (Figure 2). By contrast, NMR signals at 10.5, 11.6
and 12.8 ppm, observable in Zsw15, were also observed in
Zsw77 but not in Zsw48.

For 1H proton chemical shift assignment, 1H,1H-
NOESY experiments were conducted mapping out the in-
teraction of imino protons with adjacent protons less than
5 Å apart from each other and led to the sequential assign-
ment of G and U residues in P1 and P2 stems. Distinction
between signals arising from G and U residues, respectively,
was achieved by analysis of the cross-signals to the oppos-
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Figure 2. Imino regions of 1H,1H-NOESY spectra of Zsw48 (A) and Zsw77 (B) annotated with assignment. Color-coding indicates resonances from either
P1 (cyan) or P2 (orange). Data were measured at 600 MHz, 2048 × 640 points and 184 scans and 800 MHz, 2048 × 512 and 256 points for Zsw48 and
Zsw77, respectively. Samples contained 800 �M (Zsw48) or 400 �M (Zsw77) RNA, 25 mM potassium phosphate buffer (pH 6.2), 50 mM KCl and 10 %
D2O. Larger representations of the spectra are shown in Supplementary Figure S1 (C) Imino to aromatic region of the 1H,1H-NOESY of Zsw48 (see A)
and 15N-SOFAST-HMQC (15N-SFHMQC) of Zsw48, showing 15N chemical shift differences for G and U residues. 15N-SOFAST-HMQC was measured
at 700 MHz, room temperature, 2048 × 128 points and 16 scans on a sample containing 400 �M 13C, 15N-labeled RNA in 25 mM potassium phosphate
buffer (pH 6.2), 50 mM KCl and 10 % D2O. Subtle differences in chemical shift are a result of slight temperature differences between spectrometers.

ing base, which are two C amino protons for G-C base-
pairs, but only one aromatic adenine H2 proton for A-U
base pairs; and confirmed by 1H,15N-correlation spectra on
an isotopically labeled sample of Zsw48 (Figure 2C). Imino
protons of the terminal helical base-pairs in P1 and P2 could
not be observed due to solvent exchange. Since the P2 he-
lix is not involved in ligand interaction or pseudoknot for-
mation, we omitted further characterization of this stem.
For helix P3 in Zsw77 and Zsw15 (Figure 1B), no sequen-
tial imino proton NOEs were observed, most likely due to
the rapid solvent exchange in this very short stem. Subse-
quently, the assignment of Zsw48 was transferred to Zsw77

(Figure 2A and B). In summary, we established the confor-
mations for both Zsw77 and Zsw48. Further imino proton
signals were observed at 12.1 and 12.7 ppm for Zsw48 and
an additional signal at 12.3 ppm for Zsw77. These signals
likely arise from residues located in the non-helical regions
between P1 and P2, since they show no NOESY cross peaks
to other imino proton signals.

Investigation of pseudoknot interaction via in-trans construct

To investigate the formation of the pseudoknot between
J1/2 and P3, which is the essential interaction stabilizing the
antiterminator conformation, we designed two RNA con-
structs Zsw48 and Zsw15. Zsw48 consisted of the P1 and P2
stem including the junction J1/2, and Zsw15 consisted of
the P3 helix with the corresponding loop. To assess whether
these two RNA strands reconstruct the aptamer domain

in-trans, we added one equivalent of Zsw15 to Zsw48 and
monitored chemical shifts of imino proton signals in the
presence of 10 mM Mg2+ and 2 eq. ZMP (Figure 3A).
Imino proton spectra of the in-trans construct Zsw48+Zsw15

showed no difference to spectra of Zsw77, confirming that
the pseudoknot formation does not require the linker J3.
However, spectra also showed that ZMP affinity is higher
for the in-cis construct Zsw77 than for the in-trans construct
Zsw48+Zsw15. The linewidth of reporter signal U42 was
larger for Zsw48+Zsw15, indicating conformational hetero-
geneity involving a residual unbound conformation, while
U42 in Zsw77 showed a significant chemical shift perturba-
tion (CSP) of 0.06 ppm. Strikingly, however, Zsw48+Zsw15

showed clear ligand binding (Figure 3A).
We prepared 13C,15N-isotope labeled Zsw48 and added

unlabeled Zsw15 to further characterize the pseudoknot in-
teraction. We recorded 15N-edited 1H-1D spectra as well as
conventional 1H-1D spectra of all constructs (Figure 3B up-
per and middle spectra, respectively). In 15N-edited spec-
tra, peaks of only those 1H can be observed that are cova-
lently bound to 15N, which includes only signals of residues
in Zsw48. In the 1H-1D spectrum, several signals were ob-
served which could not be attributed to Zsw48 since they
did appear only in conventional 1H-1D-, but not in 15N-
edited spectra. Of these, signals at 11.7 ppm and 12.7 ppm
(Figure 3B, black arrows) were assigned to the stem imino
protons of Zsw15, as they closely resemble the signals ob-
served in pure Zsw15 (Figure 3B lower spectrum). Signals
at 12 ppm and 12.8 ppm belonged to Watson-Crick type
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Figure 3. (A) 1H-1D NMR spectra of the in-trans construct Zsw48+Zsw15 and Zsw77 before and after addition of 2 eq. ZMP in presence of 10 mM Mg2+.
(B) 15N-edited and conventional 1H-1D NMR spectra of 15N-Zsw48+14N-Zsw15 and conventional 1H-1D of Zsw15 in the presence of 10 mM Mg2+. Peaks
that arise only in the conventional spectrum marked with arrows. Samples contained 100 �M RNA. Stacked and enlarged representations of those spectra
are shown in Supplementary Figure S2. (C) Schematic representation of the labelling scheme of 15N-Zsw48+14N-Zsw15. Colors of base-pairs according to
arrow colors in (B). (D) 12 % native PAGE of Zsw48 in the presence of 1eq Zsw15, 10 mM Mg2+ and 1 eq. ZMP. Pockets were loaded with 200 nmol Zsw48

and additions as indicated. The gel is displayed enlarged in Supplementary Figure S3 (E) Top: 15N-SOFAST-HMQC spectrum (37) of Zsw48 before (cyan)
and after (black) addition of Zsw15 in the presence of 10 mM Mg2+. Spectra were recorded at 800 MHz at room temperature with 2048 × 128 points and
8 scans. Bottom: 15N-edited 1H,1H-NOESY of Zsw48+Zsw15 with the cross peaks that arise from addition of Zsw15 marked blue. Spectra were recorded
at 800 MHz with 2048 × 432 points and 256 scans.

base-pairs between Zsw48 and Zsw15 indicative of pseudo-
knot formation (Figure 3B, orange arrows). Following up
on this observation, we compared 1H,15N-correlation spec-
tra before and after addition of Zsw15 and observed an ad-
ditional imino resonance at 12 ppm obscured by another
1H resonance, which had not been detected in 1D experi-
ments and only appears upon addition of Zsw15 and there-
for pseudoknot formation. A cross peak from this reso-
nance to 12.8 ppm was observed in the 15N-edited 1H,1H-
NOESY of 15N-Zsw48+14N-Zsw15 (Figure 3E) proving the
formation of two consecutive Watson-crick type G-C base-
pairs of the pseudoknot.

These NMR results were supported by native PAGE. By
native PAGE (Figure 3D), we detected a slower migration
speed for Zsw48+Zsw15 in comparison to pure Zsw48 even
without addition of Mg2+. Adding Mg2+ slightly reduced
migration speed, while addition of ligand slightly enhanced
migration speed. We attribute the slower migration speed
with Mg2+ to alteration of ion strength and the slight en-
hancement upon ligand interaction to a slight compaction
of the structure upon pseudoknot stabilization.

Probing ZMP-binding to transcriptional intermediates of in-
creasing length

We investigated binding of ZMP to potentially critical tran-
scriptional intermediates of the pfl riboswitch by NMR
spectroscopy. In the crystal structure of the riboswitch (25),
a Mg2+-ion is detected in close proximity to the binding
pocket and ITC studies by Patel et al. suggested strong
dependence of ZMP affinity on Mg2+ concentration (25).
Thus, we assumed structural changes to take place upon ad-
dition not only of ZMP, but also of Mg2+, which were de-
tectable as CSP on imino proton resonances. For two sam-

ples of Zsw77, we added either 3 mM or 10 mM of MgCl2
([Mg2+]:[RNA] = 15/50:1), respectively, before adding two
equivalents ([RNA]:[ZMP] = 1:2) of ligand. In both cases,
CSPs to the downfield region were observed for all pro-
ton signals after addition of Mg2+. However, these shifts
were accompanied by signal broadening at 10 mM Mg2+.
After adding two equivalents of ligand, signal line widths
decreased and the signals shifted non-uniformly for the
10 mM Mg2+ sample. In contrast, the 3 mM Mg2+ sam-
ple showed no spectral changes upon ZMP addition (Fig-
ure 4A). This confirms the observations previously reported
(26). The Mg2+-induced increase in signal line widths was
reversed by the addition of ZMP. The imino proton reso-
nance of U42 represents a potent probe for ligand binding,
as it is well separated from the other signals in the spectrum
and close enough to the ligand binding pocket to show sig-
nificant CSPs upon interaction. In the pure RNA sample,
it was observed as a strong signal at 13.77 ppm (Figure 4B
black spectra). However, upon addition of Mg2+, an addi-
tional signal appeared at 13.9 ppm with the two populations
in an estimated 1:1 ratio (Figure 4B orange spectrum). Ad-
dition of ligand than led to loss of the signal at 13.77 ppm
and increase of the signal at 13.9 ppm accompanied by a
small downfield shift (Figure 4B cyan spectra). These effects
might be attributed to the Mg2+-dependent pre-formation
of a conformationally flexible binding-competent confor-
mational state, which is subsequently stabilized by ligand
interaction. When Mg2+ was added to Zsw48 no second con-
formation or line broadening was observed (Supplementary
Figure S4). For Zsw101, no response to ligand or magnesium
could be detected (Supplementary Figure S5).

We investigated transcriptional intermediates between
the fully binding-competent Zsw77 and the binding-
incompetent Zsw101 RNA for ligand binding. Ligand bind-
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Figure 4. (A) 1H-1D NMR spectra of Zsw77 before and after addition of Mg2+ and subsequent addition of 2 eq. ZMP at room temperature. Samples
contained 100 �M RNA. (B) NOESY and 1H-1D data showing an overlay of the Ligand and Mg2+ free (black), Mg2+ bound (orange, only 1D) and
ligand bound (cyan) state of Zsw77 at 288K. (C) 1H-1D NMR spectra of transcripts Zsw81,82,83 under influence of 10 mM Mg2+ before and after addition
of 2 eq. ZMP. U42, which is indicative for binding, is marked with an arrow. ZMP binding is visible for Zsw81 and Zsw82 while no binding is observed
for Zsw83. Samples contained 120 �M RNA. Zooms of the regions marked grey in top spectra are displayed in bottom spectra. (D) Denaturing PAGE of
RNAs Zsw15, Zsw49, Zsw76 and Zsw81–83. Gel contained 12 % PAA and 7 M urea. The full gel is shown in Supplementary Figure S8.

ing is linked to pseudoknot formation, which competes with
terminator stem formation at increasing transcript length.
From investigation of the secondary structure we could de-
duce that the shortest potential construct, to form a closing
base-pair of a terminator stem-loop is Zsw81, and no addi-
tional stabilization for the terminator conformation can be
expected beyond Zsw91. Accordingly, titration experiments
were performed on constructs of lengths between 81 nt and
91 nt, at 10 mM Mg2+ and up to 2 eq. ZMP. The constructs
were prepared by shifting the reverse primer 3′-end from 5′
to 3′ of the template, achieving different lengths of template
DNA for in vitro transcription by PCR. In vitro transcrip-
tions according to the protocol of Helmling et al. (30) al-
lowed quick and homogeneous RNA preparation as shown
by denaturing PAGE (Figure 4D and Supplementary Fig-
ure S6).

NMR titration (Figure 4C) of Zsw81 showed similar CSPs
as for Zsw77. In the ZMP-free form, under influence of
Mg2+, a structural equilibrium was observed with U42 sig-
nals at 13.77 and 13.9 ppm as in spectra of Zsw77. As
opposed to the 1:1 ratio observed in Zsw77, the binding-
competent state was less populated in Zsw81, observed
from the lower intensity of the U42 signal at 13.9 ppm.
Lucks et al. showed that the addition of a nucleotide en-
abling the formation of a one base-pair terminator stem
partially destabilizes the antiterminator conformation (28).
This effect would explain the spectral alterations observed
in the ZMP-free samples of Zsw77 and Zsw81. However,
ligand binding was clearly detectable by chemical shift
change of U42. In contrast to the spectrum of ligand-bound

Zsw77, considerable line-broadening was observed even in
the bound state, which suggests population of two or mul-
tiple states with interconversion kinetics in the intermedi-
ate time regime. For Zsw82, the effect of ligand addition
was already minor compared to Zsw81, observed as ∼50%
lower differences in peak intensities. Alongside, we observed
increased spectral complexity and line-broadening. Zsw83,
able to form 3 base-pairs of the terminator hairpin, showed
a further shift of the conformational ensemble towards the
terminator conformation. Adding ZMP did not lead to any
significant structural alteration anymore, which indicates
that the terminator conformation was already stable enough
to fully outcompete the ligand-binding competent antiter-
minator conformation. This was also observed for ZMP
titration to constructs Zsw84–90, which did not show any
spectral changes upon ligand addition (Supplementary Fig-
ure S7).

We performed ITC measurements (Figure 5A) on the
RNA constructs which showed ligand binding according
to NMR titration experiments to determine the equilib-
rium binding constants. In most cases, riboswitch aptamers
exhibit a 1:1 stoichiometry for ligand binding. However,
conformational equilibria between binding competent and
binding incompetent folds, as observed by NMR, decrease
the effective concentration of ligand-binding competent
RNA conformations. Accordingly, the data were fitted to
accommodate to possible binding incompetent fractions by
leaving the stoichiometric parameter variable. Thus, not
only the dissociation constants, but also the relative bind-
ing competent fractions of the RNA could be obtained.
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Figure 5. (A) ITC titration curves of ZMP to constructs Zsw77, Zsw81–83 and Zsw91. Dissociation constants determined by the fit are annotated as appli-
cable. (B) NMR titration curves of ZMP to constructs Zsw77, Zsw81–83 and Zsw91. (C) Table summarizing the results of the titration experiments. Values
for Zsw82 and Zsw83 were estimated from the curves displayed. Errors, obtained from the fitting procedures are displayed with the respective curve.

Dissociation constants for Zsw77 and Zsw81 were 0.57 and
0.54 �M respectively, which is in good agreement with
1 �M obtained by Ferré-d’Amaré et al. for the Fusobac-
terium ulcerans ZMP-sensing riboswitch (26). Dissociation
constants obtained from NMR measurements (Figure 5B)
were slightly higher with 2.78 �M for Zsw77 and 2.58 �M
for Zsw81. While the affinity remains constant throughout
the two different RNA constructs, the amount of bind-
ing competent RNA largely differs. By ITC, the binding-
competent fractions are 53 % (Zsw77) and 13% (Zsw81),
while in NMR measurements, a decrease from 70% to 43%
was observed (Figure 5C). However, the degree of decreased
binding differs largely between the two methods ITC and
NMR-spectroscopy with a relative decrease of roughly 75%
in ITC and only 40% in NMR measurements from Zsw77

to Zsw81. A possible explanation could be the slow time-
scale of equilibration between measurements. While ZMP
was added with few minutes of waiting time between in-
jections in ITC, NMR experiments take around a factor
of 10 longer. For Zsw82, only a very minor binding com-
petent population was observable both in ITC and NMR
titrations, which prevented curve fitting and thus the deter-
mination of a dissociation constant or the exact population
of states. However, we estimated from curve shapes of con-
structs longer than 81 nt that the amount of binding com-
petent RNA must be below 10 % in ITC measurements, up
to Zsw91, which showed no interaction at all.

DISCUSSION

In this study, we explored the folding landscape of the ZMP-
sensing riboswitch from T. carboxydivorans by NMR spec-
troscopy and ligand binding affinities by ITC. From 1H,1H-
NOESY experiments imino proton assignment of Zsw48

could be achieved and transferred to the longer construct
Zsw77, enabling the observation of ligand binding on the
well separated resonance of U42. We additionally could
confirm pre-formation of the pseudoknot and binding com-
petence of an in-trans construct in which the linker between
P1 and P3 was deleted. We observed only two G-residues of

the possible four G–C base-pairs in the pseudoknot, sug-
gesting a lower stability at one edge of the pseudoknot he-
lix. Taking the crystal structure (25) into account, it is highly
likely that G16–C62 and G17–C61 are less stable than G14–
C65 and G15–C64 base-pairs, since G14 sits directly adja-
cent to the highly structured binding-pocket, while G17–
C61 constitutes the closing base-pair of the pseudoknot he-
lix. As reported previously (25), binding was only achieved
at a high Mg2+ concentration of 10 mM, where substantial
line broadening of NMR signals was observed, while the
initial linewidth was regained after ZMP addition. Upon
addition of 10 mM Mg2+, we additionally observed a struc-
tural equilibrium between two states, in which one state
showed reporter peak shifts similar to the ligand-bound and
the other one similar to the free state. Upon ligand interac-
tion the system collapsed into the ligand bound state with
minimal chemical shift alteration compared to the Mg2+-
bound state. We therefore propose an additional Mg2+-
dependent pre-formation of the binding pocket, which goes
beyond just pseudoknot-formation, since pseudoknot for-
mation is already observed without Mg2+ addition. How-
ever, pseudoknot formation is required for this additional
Mg2+-stabilized state, since Zsw48 does not show any spec-
tral alteration upon Mg2+ addition, in the absence of Zsw15.
The Mg2+ binding step can thus be considered an interme-
diate step, taking place after pseudoknot formation and fa-
cilitating ligand interaction and therefore final stabilization
of the binding pocket.

Longer constructs showed only slight alteration in the
population of these states in the presence of Mg2+. However,
the amount of RNA which refolded to the ligand-bound
state upon ZMP addition plummeted between Zsw81 and
Zsw82, visible from quantitative NMR and ITC data. This
further indicated that the existence of a Mg2+-induced pre-
bound state is decoupled from the pseudoknot-terminator
equilibrium, but both must be present to allow ligand bind-
ing. Lucks et al. reported that already the addition of a sin-
gle nucleotide, competing with P3 helix stability (i.e. Zsw81),
leads to partial ZMP binding incompetence, which we also
observe via ITC and NMR spectroscopy. However, for this
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Figure 6. Schematic representation of the model for genetic control employed by the ZMP-sensing riboswitch from T. carboxydivorans. The point of
genetic decision during transcription of nucleotides 67–81 is characterized by binding competence. At this stage, the pseudoknot is preformed. Binding of
the cognate ligand ZMP leads to stabilization of the pseudoknot bearing antiterminator structure and subsequent gene transcription. No binding leads to
formation of the terminator structure and rho-independent transcription termination.

construct, absolute values differed largely between ITC and
much slower NMR measurements. We therefore suspect
very slow folding kinetics on a timescale of minutes between
a binding incompetent pre-terminator state back to a bind-
ing competent state if binding competent RNA is removed
from the equilibrium by ligand interaction. This would ren-
der the pre-terminator state kinetically trapped in a bio-
logical context. Consequently, it is expected that RNA dis-
playing formation of a single terminator base-pair could al-
ready be predominantly binding incompetent in vivo, where
fast progress of transcription limits the refolding time avail-
able. In comparison, Zsw82 displays strongly reduced bind-
ing competence and an almost full population of the termi-
nator state, leaving Zsw81 as the only construct with consid-
erable population of both states. Therefore, in a biological
context, the transition to the binding incompetent state is
expected to be comparably sharp in contrast to other exam-
ples like the deoxyguanosine-sensing riboswitch, which dis-
plays a smoother transition (19). The high stability of short
pre-terminator constructs leads to a very short window for
ligand interaction during transcription of the riboswitch,
which is only possible while RNA of lengths 74–76 to 81 nt
is accessible to refolding and therefor ligand interaction.
Linker length between P3 and terminator stem could there-
fore be an important feature that tunes riboswitch activ-
ity over genetic occurrences as in other prokaryotes, where
this length strongly varies (25). It should be noted, that in
terms of co-transcriptional folding, 14 nucleotides, starting
from the active side are involved in the transcription elonga-
tion complex (TEC), with 9 nt hybridized to DNA and 5 nt
located in the exit channel (38). In principle 2 to 3 more
residues could be involved in RNA folding and removed
from the DNA:RNA duplex without the TEC dissociating
(39), leaving 7 to 8 residues in the exit channel with potential
for interaction. While these residues are unable to interact
in tertiary interactions with further upstream residues, as in
the pseudoknot structure, RNA secondary structure forma-

tion inside the exit channel is observed in some SHAPE-seq
(40) and smFRET (41) experiments for specific constructs.
The assessment of the ability of the Zsw terminator struc-
ture to form in the exit channel of the T. carboxydivorans
RNAP is beyond the scope of this project. Therefore, nu-
cleotide numbers mentioned here, refer to residues accessi-
ble to folding in a manner comparable to in vitro folding, so
most likely outside the RNAP exit channel. Consequently,
during folding of the first pre-terminator base-pair at posi-
tion 81, the RNAP active site will reside at position 91–93,
the position of the terminator poly-U stretch. Therefore,
transcriptional speed might be additionally modulated by
transcriptional pausing, a well studied effect in transcrip-
tional regulation and action of rho-independent termina-
tors (18,42).

We propose a model (Figure 6) in which a pre-formed
pseudoknot is further stabilized by ligand interaction, lead-
ing to anti-termination of the riboswitch, which is in agree-
ment with the results Lucks et al. obtained using SHAPE-
seq (28). The time-window of the binding competent con-
formation is, due to the very stable pre-terminator Zsw82,
comparably short, featuring structural equilibria only at a
transcript length of 81 nt. This implies that for biologi-
cal function to be carried out correctly, the binding event
must be considerably fast compared to transcript elonga-
tion (possibly modulated by trans acting factors such as Nus
proteins), which could be an interesting premise for further
kinetic experiments. With the terminator fold being thermo-
dynamically more stable than the ligand-bound antitermi-
nator fold, the stabilization of the pseudoknot established
by ZMP addition can be considered temporary and there-
fore kinetically driven. This type of regulation is a common
motif observed in riboswitches such as fluoride- (43), FMN-
(44), deoxyguanosine- (19) or guanosine-sensing (45) ri-
boswitches. Biological function of the riboswitch is there-
fore expected to be heavily tuned by terminator folding ki-
netics with and without the influence of ZMP.

D
ow

nloaded from
 https://academ

ic.oup.com
/nar/article/48/12/6970/5849907 by guest on 02 Septem

ber 2020



6978 Nucleic Acids Research, 2020, Vol. 48, No. 12

To resolve these kinetics, real-time NMR measurements
can be performed by rapid addition of interactors or by in-
troduction and subsequent elimination of photolabile pro-
tecting groups. However, these studies require sufficient ex-
ploration of the underlying system in equilibrium state. We
herein provided the NMR spectroscopic basis for such stud-
ies, showing important key players of the conformational
landscape of the pfl riboswitch from T. carboxydivorans and
their structural characteristics at atomic resolution.
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Supllementary Table S1. Summary of all forward and reverse DNA primers used in this study, as well as the RNA sequence of the full length 

ZMP riboswitch (Zsw100 RNA). 

Construct Forward Primer Reverse Primer 

Zsw48 5’-TAATACGACTCACTATAGG-3’ 5’-CGGATACAGTCCACGTGGTTGCTTC-3’ 

Zsw77  5’-TTTTTGCCCAGGCGGTCGGCTTTTC-3’ 

Zsw81  5’- [CT]AATTTTTGCCCAGGCGGTCGGC-3’ 

Zsw82  5’- [GC]TAATTTTTGCCCAGGCGGTCGG-3’ 

Zsw83  5’- [GG]CTAATTTTTGCCCAGGCGGTCG-3’ 

Zsw84  5’- [GG]GCTAATTTTTGCCCAGGCGGTC-3’ 

Zsw85  5’- [TG]GGCTAATTTTTGCCCAGGCGGT-3’ 

Zsw86  5’- [CT]GGGCTAATTTTTGCCCAGGCGG-3’ 

Zsw87  5’- [CC]TGGGCTAATTTTTGCCCAGGCG-3’ 

Zsw89  5’- [CG]CCTGGGCTAATTTTTGCCCAGG-3’ 

Zsw90  5’- [CC]GCCTGGGCTAATTTTTGCCCAG-3’ 

Zsw91  5’- [AC]CGCCTGGGCTAATTTTTGCCCA-3’ 

Zsw101 5’-TAATACGACTCACTATAGGATACA GGACTGGCG-3’ 5’-AAAAATAAATACCGCCTGGGCTAATTT TTGCCC-3’ 

Zsw100 (RNA) 
5’-GGAUACAGGACUGGCGGAUUAGUGGAAGCAACCACGUGGACUGUAUCCGAAGAAAAGCCGACCGCCUGGGCAAAAAUU

AGCCCAGGCGGUAUUUAUUUUU-3’ 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

 

 

 

 



 

Supplementary Figure S1. Imino regions of 1H,1H-NOESY spectra of Zsw48 (a) and Zsw77 (b) annotated with assignment. 

Color-coding indicates resonances from either P1 (cyan) or P2 (orange). Data were measured at 600 MHz, 2048 x 640 points 

and 184 scans and 800 MHz, 2048 x 512 and 256 points for Zsw48 and Zsw77 respectively. Samples contained 800 µM (Zsw48) 

or 400 µM (Zsw77) RNA, 25 mM potassium phosphate buffer (pH 6.2), 50 mM KCl and 10 % D2O. 



 

Supplementary Figure S2. 15N-edited and conventional 1H-1D NMR spectra of 15N-Zsw48+14N-Zsw15 and conventional 1H-1D of 

Zsw15 in the presence of 10 mM Mg2+. Samples contained 100 µM RNA, 25 mM potassium phosphate buffer (pH 6.2), 50 mM 

KCl. 

 

  

Supplementary Figure S3. 12 % native PAGE of Zsw48 in the presence of 1eq Zsw15, 10 mM Mg2+ and 1 eq. ZMP. Pockets were 

loaded with 200 nmol Zsw48 (lane 1) and additionally 1 eq. Zsw15 (lane 2), 10 mM Mg2+ (lane 3) and 1 eq. ZMP (lane 4). Upper 

bands are residual double stranded DNA from the preparation of Zsw48. 



 

Supplementary Figure S4. 1H-1D spectra of Zsw48 in presence and absence of 10 mM Mg2+ and 1 eq Zsw15. Samples contained 

450 µM RNA, 25 mM potassium phosphate buffer (pH 6.2), 50 mM KCl 10 mM Mg2+ and 10% D2O. 

 

 

 

 

Supplementary Figure S5. 1H-1D spectra of Zsw101 in presence and absence of 1 eq ZMP. Samples contained 150 µM RNA, 25 

mM potassium phosphate buffer (pH 6.2), 50 mM KCl 3 mM Mg2+ and 10% D2O. 

 



 

Supplementary Figure S6. 12 % native PAGE of Zsw81-91. Pockets were loaded with 0.15 µl RNA transcription mix. 



 

Supplementary Figure S7. 1H-1D spectra of Zsw81-91 in presence and absence of 1 or 2 eq. ZMP. Binding is observed only for 

Zsw81 and Zsw82. Samples contained 100-120 µM RNA, 25 mM potassium phosphate buffer (pH 6.2), 50 mM KCl 10 mM Mg2+ 

and 10% D2O. 



 

Supplementary Figure S8. 12% denaturing PAGE of Zsw15, Zsw48, Zsw77 and Zsw81-83. Pockets were loaded with approx. 200 

nmol of the respective RNA. Smaller constructs are naturally stained less by the visualization agent and therefore appear 

weaker.  
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AU-rich elements are well-known regulatory elements in eukaryotes, which were long thought to 

be unstructured. Recently structured AU-rich elements were bioinformatically discovered, which 

also act as a constitutive decay element (CDE) interacting with Roquin in a cellular context. 

However, Roquin interaction has only been observed on a phenomenological basis lacking 

structural evidence. In this work, two AU-rich CDEs were studied by NMR spectroscopy, X-ray 

crystallography and circular dichroism (CD) spectroscopy. The structural basis for CDE folding 

was established by NMR structure calculation, while the RNAP complex was investigated with X-

ray crystallography. Additionally, conformational switching to an unstructured ARE and interaction 

with the common ARE-BP AUF1 was confirmed. RNA-protein interaction was monitored in NMR 

as well as CD experiments. 

The author of the thesis contributed the structural characterization of unbound CDEs and CD 

measurements to the project. RNAs were prepared in the lab of Dr. Weigand by S. Peter. All data 

necessary for RNA structure calculation were obtained by the author including acquisition, 

evaluation and calculation of distal and angular restraint parameters. Structure calculation, 
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ABSTRACT

Adenylate/uridylate-rich elements (AREs) are the
most common cis-regulatory elements in the 3′-
untranslated region (UTR) of mRNAs, where they
fine-tune turnover by mediating mRNA decay. They
increase plasticity and efficacy of mRNA regulation
and are recognized by several ARE-specific RNA-
binding proteins (RBPs). Typically, AREs are short
linear motifs with a high content of complementary
A and U nucleotides and often occur in multiple
copies. Although thermodynamically rather unsta-
ble, the high AU-content might enable transient sec-
ondary structure formation and modify mRNA regu-
lation by RBPs. We have recently suggested that the
immunoregulatory RBP Roquin recognizes folded
AREs as constitutive decay elements (CDEs), result-
ing in shape-specific ARE-mediated mRNA degra-
dation. However, the structural evidence for a CDE-
like recognition of AREs by Roquin is still lacking.
We here present structures of CDE-like folded AREs,
both in their free and protein-bound form. Moreover,
the AREs in the UCP3 3′-UTR are additionally bound
by the canonical ARE-binding protein AUF1 in their
linear form, adopting an alternative binding-interface
compared to the recognition of their CDE structure
by Roquin. Strikingly, our findings thus suggest that
AREs can be recognized in multiple ways, allowing
control over mRNA regulation by adapting distinct

conformational states, thus providing differential ac-
cessibility to regulatory RBPs.

INTRODUCTION

Precise control of gene expression is essential for every or-
ganism, in every cell type and tissue, but appears to be
particularly crucial during development and in immune re-
sponses of higher eukaryotes. Consequently, dysregulated
levels of gene products are a major cause of uncontrolled
immune responses, autoimmune diseases and various types
of cancer. A key point for regulation of gene expression is
at the post-transcriptional level. Steady-state mRNA lev-
els result from their balanced synthesis and decay. mRNA
half-lives are primarily controlled by cis-regulatory ele-
ments within the 3′-UTR of the mRNA, which are rec-
ognized by trans-acting factors such as microRNAs, but
even more often by RNA-binding proteins (RBPs). RBP
interactions with target mRNAs trigger downstream ef-
fects including mRNA decay, translational inhibition or
long-term protection from decay factors leading to an ac-
cumulation of certain mRNAs. Such post-transcriptional
regulation is crucial to balance the mRNA levels of pro-
inflammatory cytokine-encoding mRNAs. These are inher-
ently unstable to promote the resolution of inflammation,
preventing unintended tissue damage and autoimmune re-
actions. cis-regulatory elements mediating this instability
are either miRNA binding sites, stem-loop (SL) elements
or adenylate/uridylate (AU)-rich elements (AREs) (1,2).

AREs are the currently best-studied cis-regulatory ele-
ments that control mRNA fate, owing to their early dis-
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covery and broad investigation over the past decades (3).
AREs were initially identified in mRNAs encoding early
response genes (4,5), but soon after that also identified
in mRNAs of growth factors, pro-inflammatory cytokines
and proto-oncogenes, where they likewise induce transcript
degradation (6–9). In line with that, aberrantly expressed
transcripts of tumor-promoting transcription factors like c-
fos are characteristic for their lack of AREs (9). However,
AREs are now considered a widespread and heterogeneous
group of elements that occur in numerous transcripts. They
are listed in databases such as AREsite2, which provide a
bioinformatic starting point for the characterization of AU-
rich elements in a given target gene (10).

AREs had first been subdivided in three major classes
with different sequences, where the currently best-studied
class comprises AREs with a core sequence of AUUUA,
primarily embedded in an (A)U-rich context (3,11). How-
ever, various, less-defined but primarily U-rich sequences
are able to mediate mRNA decay (9,11). Notably, AREs are
most effective in their function when organized in repeats of
their core motifs and a total sequence length of up to 150
nucleotides. In addition, they specially act as cis-element, as
they appear to be both miRNA target elements and targets
of regulatory RBPs in inducing mRNA decay, occasionally
in a directly overlapping manner (12–14).

Prominent example proteins that promote target mRNA
decay are Tristetraprolin (TTP or ZFP36), Butyrate re-
sponse factor 1 (BRF1 or ZFP36L1) and K-homology
splicing regulatory protein (KSRP), all of which recog-
nize one or more linear ARE core motifs (3,15). Of note,
such linear AREs are also targeted by mRNA-protecting
RBPs, e.g. by the ELAV (embryonic lethal abnormal visual
system)-like proteins, such as human antigen R (HuR or
ELAVL1) ((16–18). Interestingly, the first protein found to
recognize AREs (19), the ARE/poly(U)-binding factor 1
(AUF1 or hnRNP D) is capable of both stabilization and
destabilization of its mRNA targets. While it is still enig-
matic how AUF1 exerts its dual function, its (de-)stabilizing
activity seems to be dependent on cell type, the specific
AUF1 protein isoform as well as the target itself [reviewed in
(20)]. AUF1 shows a relatively promiscuous target sequence
specificity, recognizing not only canonical AREs, but more
generally U-rich targets (21,22).

In general, these ARE-BPs harbor multiple RNA-
binding domains (RBDs) and recognize clustered regions
of short single-stranded RNA cis-elements, e.g. multiple
copies of AREs organized in hubs. Here, affinity and speci-
ficity are increased through multivalent interactions using
multiple copies of the same or sets of different RBDs, which
is a unifying principle in driving affinity and specificity for
RNA-recognition by multi-domain RBPs (18,23–27). While
by default, AREs are regarded as linear single-stranded
RNA motifs, earlier studies have suggested that the tran-
sient presence of expanded structures in ARE regions inter-
feres with the recognition by ssRNA-specific RBPs (23,28),
in particular for the canonical AUF1 RRM (RNA recog-
nition motif) domains (29–31). This will in vivo lead to an
intrinsic dynamic regulation of mRNA stability through the
formation of transient RNA secondary structure (Figure
1A), and at the same time influence the potential presence
of miRNA target sites.

Recently, small SL elements (constitutive/alternative de-
cay elements, CDE/ADE) have been identified as an alter-
native way to promote mRNA decay through highly spe-
cific recognition by novel types of domains, most promi-
nently shown for Roquin and Regnase. Both proteins are
essential regulators of immune responses, preventing exces-
sive cytokine production and autoimmune reactions by reg-
ulating a shared set of target mRNAs through a common
SL element (32–37). Herein, Roquin uses its unique ROQ
domain for specific binding to CDE and ADE SLs (38–
42).The involvement of the ROQ domain in mRNA repres-
sion has long been assumed independent from the simulta-
neous presence of single-stranded AREs.

The strictness of the CDE sequences in functional tar-
gets for Roquin has been a matter of debate for years now,
including contradictive findings (36,38,43,44). Certainly, a
major requirement for a functional SL represents its acces-
sibility in vivo, i.e. not being masked by other RBPs or un-
folded because of low thermodynamic stability. An ongoing
redefinition and expansion of the CDE ‘consensus’ has re-
cently led to the identification of AREs that were suggested
to fold into CDEs (44). Interestingly, in the UCP3 mRNA
3′-UTR, such CDE-AREs appear as a tandem recognized
by the Roquin ROQ domain (Figure 1B). Despite strong in
vitro and cellular data underlining the regulation, this ear-
lier study could not unambiguously prove these RNA moi-
eties to be bound by Roquin in a CDE-like manner (i.e.
comparable to the Tnf CDE (38)). The latter, however, needs
to be taken into account considering the recently identi-
fied capabilities of the Roquin ROQ domain to bind single-
stranded AU-containing sequences (45). Further, the high
AU-content of CDE-AREs suggests that these elements ex-
hibit a bi-functional nature, switching between a structured
and linear form. As such, CDE-AREs would be hotspots
of RBPs competing for these AREs (e.g. AUF1), indepen-
dent of their preference in recognizing ssRNA or structured
RNA. However, we to date lack any atom-resolved evidence
of stem-looped AREs, a feature that had been suggested to
affect the function of AUF1 before (30,31).

We here provide structural evidence for the existence of
CDE-like folded AREs, both in an unbound as well as ROQ
domain-bound form, by NMR and X-ray crystallography.
By investigating the UCP3 CDEs 1 and 2, we show that, de-
spite a low intrinsic thermostability, both CDEs are locked
in stable complexes with the ROQ domain and engage with
affinities comparable to the most canonical CDE found in
the 3′-UTR of Tnf mRNA (46). Besides, we show that the
UCP3 CDE1 is also a target of the AUF1 RRM1-2 domains
in its unfolded form and prove a direct competition of the
two proteins for the same CDE-ARE, underlining a central
role for the equilibrium between the linear and structured
forms of AREs.

MATERIALS AND METHODS

Plasmids

The Roquin ROQ domain used in this study was ex-
pressed from the pETTrx1a vector, obtained from Gun-
ther Stier (EMBL); its cloning has been described before
(45). For protein purification of the RNA recognition mo-
tifs of AUF1 (AUF1 RRM2 and AUF1 RRM1-2), cod-
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Figure 1. Introduction to AREs, their cognate RBPs and the RNA constructs used in the present study. (A) Scheme of AREs as integral part of an mRNA’s
3′-UTR (upper panel). Lower panel, a potential ARE can exist in an equilibrium between its single-stranded form (ssRNA, e.g. recognized by the protein
AUF1) and a structured form, the latter exemplified by a CDE-like shaped element bound by the highly specific Roquin ROQ domain. The target ARE
conformers are mutually exclusive and can lead to redundant or competitive regulation of the ARE-containing mRNA through the respective cognate
RBP. (B) The previously described regulatory ARE region in the UCP3 mRNA 3′-UTR shown as linear sequence and as its structured conformer with the
two CDEs bound by Roquin (44). Below that, the two CDEs are shown as isolated wild type species and as stabilized SLs with the underlying numbering
of bases as used in this study. See also Supplementary Figure S1.
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ing sequences were generated by PCR amplification using
pCMV-hnRNP D37 as a template (47) and introduced into
XbaI and XhoI sites of an His6- and thioredoxin-tag encod-
ing plasmid based on pETTrx1a, i.e. including a TEV (to-
bacco etch virus) site for proteolytic removal of all tags.

For RNA synthesis, CDE1, CDE2, CDE1GG, CDE2GG
and CDE1-2 (tandem) sequences together with the T7 pro-
moter were generated by hybridization of complementary
oligonucleotides and introduced into the NcoI and HindIII
sites of an HDV ribozyme encoding plasmid based on the
pSP64 vector (Promega). RNAs were transcribed as HDV
ribozyme fusions to obtain uniform 3′ ends.

For the luciferase reporter system, 3′-UTR variants were
generated by hybridization of complementary oligonu-
cleotides and introduced downstream of the firefly lu-
ciferase open reading frame into the multiple cloning site
of pDLP (48) using NotI and HindIII restriction sites.

All protein and RNA sequences are summarized in Sup-
plementary Tables S1 and S2.

Protein production

The proteins were produced as His6-Trx-fusion proteins
containing a TEV cleavage site from a single freshly trans-
formed clone grown in an overnight culture and used to
inoculate an expression culture in either LB or M9 min-
imal media containing 100 �g/l kanamycin. Cells were
grown to an OD600 of 0.7–0.9, protein production was in-
duced with 0.5 mM isopropyl-�-D-thiogalactopyranosid,
and cultures were grown overnight at 37◦C. Cell pellets were
lysed by sonification in 150 mM sodium chloride, 50 mM
Tris pH 8.3, 4 mM �-mercaptoethanol. For affinity pu-
rification via immobilized metal ion affinity chromatogra-
phy (IMAC), manual Ni2+-NTA (nickel-nitrilotriacetic acid
agarose) columns were used with the lysis buffer comple-
mented with 50, 100 and 300 mM imidazole. The eluted
protein was TEV-cleaved overnight during dialysis against
1 M sodium chloride, 50 mM Tris pH 8.0, 4 mM �-
mercaptoethanol at 4◦C. For the reverse IMAC the cleaved
protein was loaded onto Ni2+-NTA columns and washed
with the same buffer containing 50, 100 and 300 mM Im-
idazole. The flow-through containing the target protein
was concentrated prior to size exclusion chromatography.
For that, a Superdex S75 16/60 column was run in 1 M
sodium chloride, 20 mM Tris pH 7.0 and 2 mM Tris-(2-
carboxyethyl)-phosphin (TCEP). The protein was frozen in
liquid nitrogen, stored at −80◦C and buffer exchanged to
150 mM sodium chloride, 20 mM Tris pH 7.0, 2 mM TCEP
using Amicon® centrifugal filter units prior to use. For
NMR titration experiments the proteins were concentrated
to 40–50 �M or 1–1.5 mM stock concentrations when used
for competition experiments.

In vitro transcription of RNAs

pHDV constructs were linearized with HindIII and purified
by phenol extraction. 2 mg of linearized DNA were tran-
scribed overnight at 37◦C using the following conditions:
200 mM Tris–HCl pH 8.0, 20 mM magnesium acetate,
50 mM dithiothreitol (DTT), 2 mM spermidine, 4 mM
nucleoside triphosphates (NTP) (each) and 100 �g of in-

house-made T7 polymerase. After transcription, precipi-
tated pyrophosphate was pelleted by centrifugation and
20% (v/v) EDTA (0.5 M, pH 8.0) was added to the su-
pernatant. After ethanol precipitation, the RNA was pu-
rified using denaturing polyacrylamide gel electrophoresis.
The RNA was detected via ultraviolet (UV) shadowing, ex-
cised and eluted from the gel in 0.3 M sodium acetate pH
6.5 at 4◦C overnight. To remove the remaining gel slices,
the supernatant was filtered and the RNA was again pre-
cipitated using ethanol. Finally, the RNA was resolved in
double-distilled water and stored at –20◦C. The purified
RNA was folded by heating to 95◦C for 5 min prior to in-
jection into five equivalents of ice-cold water. For buffer ex-
change (NMR buffer: 25 mM potassium phosphate pH 6.2,
50 mM potassium chloride) and concentration, we used
Vivaspin® concentrators (molecular weight cut-off 3.000
Da).

NMR spectroscopy

NMR experiments for RNA structure determination and
RNA-protein interactions were performed at the BMRZ
at the Goethe-University Frankfurt. Spectra were acquired
on Bruker AV600, AV700, AV800 and AV950 spectrometers
equipped with triple-resonance cryoprobes.

1H–15N-HSQCs of ROQ alone and with UCP3 CDE
RNA variants were measured at 40 �M in 20 mM Tris,
150 mM sodium chloride, 2 mM TCEP, 0.02% NaN3, pH
7.0 at 298 K. Spectra for AUF1 RRM2 were recorded at
100 �M and for tandem RRM1-2 at 500 �M in the same
buffer. For titration and competition experiments AUF1
RRM1-2, concentrations were adjusted to 40 �M. 1D-1H
spectra for the imino proton region of the individual CDE
versions were recorded at concentrations of 20 �M with 2k
scans at 900 MHz proton frequency. Both CDE1 and CDE2
were titrated in molar ratios of 0.25, 0.5, 1.0, 1.5 and 2.0 to
15N-labeled ROQ. Tandem CDE1-2 was titrated in steps of
0.125, 0.25, 0.5, 1.0 and 1.5 molar ratios. To test compe-
tition for RNA binding, the complex of 15N-labeled ROQ
and CDE1 was titrated with unlabeled AUF1 RRM1-2 in
steps of 0.5, 1.0, 2.0 and 3.0 molar ratio. The reverse exper-
iment was done with 15N-labeled AUF1 RRM1-2/CDE1
complex and unlabelled ROQ (1.0, 2.0, 4.0 molar ratio). To
saturate the first binding protein (ROQ or AUF1, respec-
tively) CDE1 was added in small excess (1:1.125). For each
titration and competition step, separate imino proton spec-
tra were recorded. To assess the stabilizing effect of Roquin
binding, 1D imino spectra were recorded of 20 �M RNA
samples titrated with 0.5 and 1.0 (all RNAs), additionally
2.0 (CDE1, CDE2, tandem CDE1-2), and additionally 4.0
(CDE1 and CDE2) molar ratios of ROQ. All protein and
RNP spectra were recorded at 298 K.

All samples for the CDE1/2GG structure calcula-
tions contained 100 �M sodium tri-methyl-silyl-propane-
sulfonate as an internal reference. CDE1GG samples con-
tained 220 �M RNA ([H2O]/[D2O] = 9:1), 350 �M RNA
(100% D2O) and 300 �M RNA (100% D2O) for unla-
belled and uniformly 13C15N-labeled samples, respectively.
CDE2GG samples contained 900 �M RNA ([H2O]/[D2O]
= 9:1) and 500 �M RNA (100% D2O) or 450 �M
RNA ([H2O]/[D2O] = 9:1) and 1.3 mM RNA (100%
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D2O) for unlabeled and uniformly 13C,15N-labeled sam-
ples, respectively. Distance restraints were obtained from
homonuclear 2D-1H,1H-NOESY spectroscopy on unla-
beled RNA samples. NOESY spectra were acquired at 600
MHz (CDE1GG) / 950 MHz (CDE2GG) with 2048 ×
656 (CDE1GG) or 4096 × 712 (CDE2GG) points. Angu-
lar restraints for angles �, ε and � were obtained from J-
modulated HCP (49), PFIDS (50) and �-HCN (51) experi-
ments (see Supplementary Figures S3 and S4). T1 and het-
NOE rates were determined from 13C-correlated 2D sensi-
tivity enhanced experiments. We used relaxation delays of
10, 50, 100, 200, 400, 700, 1000 and 1500 ms for T1 de-
termination. Temperature compensation for spin-lock heat-
ing was achieved by implementation of spin-lock pulses dis-
tributing identical heating during the relaxation delay of
the experiments. HetNOE experiments were acquired in an
interleaved manner. Fitting of relaxation curves was con-
ducted using the software implemented in the Bruker Dy-
namic Center (Bruker Biospin).

Structure calculation of free CDEs

Structure calculation was performed with a modified ver-
sion of CNS 1.2 (ARIA 1.3) (52). We included all distance
restraints obtained from NOESY data (Table 1). Angular
restraints for angles �, ε and � were experimentally deter-
mined and incorporated with error margins of ±15◦. Angles
�, � and � were taken from the work of Nozinovic et al. (53)
and were incorporated as constraints only for stem residues
with error margins of ±20◦. Error margins of angular re-
straints of the loop-closing base pair were set to ±50◦ to al-
low backbone adaptation to loop geometry. No violations
of angular restraints were observed. Data were corrected
for spin diffusion with a rotational correlation time of 4.3
ns for both structures [calculated by HydroNMR (54)]. Re-
finement of structures was carried out with Xplor-NIH (55).
All restraints applied in the original structure calculation
were employed in addition to the statistical torsion poten-
tial torsionDBRNA provided with the Xplor-NIH software
package.

Circular dichroism (CD) spectroscopy

CD melting curves were acquired on a JASCO J-810 CD-
spectrometer in a 0.2 �m quartz cuvette. Samples contained
10 �M RNA, 25 mM potassium phosphate and 50 mM
potassium chloride. The wavelength showing maximal cir-
cular dichroism was determined from prior CD-spectra and
was in the range from 260 to 265 nm. CD-melting curves
were measured at a temperature-sampling rate of 1◦C/min
in a range from 5 to 95◦C with a sampling rate of 10/min.
Data was smoothed with a Savitzky-Golay filter (10 points).
Melting curves were fit to a sigmoidal curve in the respective
sigmoidal region with errors <2%. The melting temperature
was obtained as the point with the highest slope.

Isothermal titration calorimetry (ITC)

ITC measurements were performed with either MicroCal
PEAQ- or VP-ITC devices (Malvern, United Kingdom) in
NMR buffer. In all experiments, ROQ domain protein was

Table 1. Statistics of CDE1GG and CDE2GG NMR structure calcula-
tions. Statistics and accession numbers derived from structures obtained
with ARIA/CNS and when additionally refined with Xplor-NIH

NMR statistics
PDB ID (CNS) 6XXB 6XXA
PDB ID (Xplor-NIH) 6XWW 6XWJ
RNA name CDE1GG CDE2GG
NOE restraints
unambiguous:
intraresidual 144 298
sequential 59 134
medium range 5 6
long range 14 28
ambiguous:
intraresidual 0 6
sequential 0 9
medium range 0 1
long range 0 2
Base pair restraints
Planarity 7 9
H-bond 32 46
Dihedral restraints
sugar pucker 95 105
backbone 117 94
glycosidic bond 16 21
Violations (Xplor-NIH)
Distance > 0.5 Å 1 2
Dihedral > 10◦ 0 1
RMSDs/Å (CNS)
Stem (without terminal) 1.1 1.6
Loop 2.2 2.3
All atom 1.7 1.7
RMSDs/Å (Xplor-NIH)
Stem (without terminal) 0.17 0.27
Loop 0.39 0.21
All atom 0.33 0.32

titrated from a stock of 10–20-fold excess to 20–40 �M of
UCP3 CDE1/2GG or Tnf CDE RNAs provided in the re-
action cell. In individual runs, we used 19–25 injections of
protein with 150–180 s of spacing at 283 K and a stirring
speed of 750 rpm. Raw data were analyzed with the NIT-
PIC software tool (56) and heat production was fitted to a
one-site binding model. For all runs, we performed a buffer
subtraction using NMR buffer instead of RNA.

Crystallization, diffraction data collection and processing

The crystallization experiments for ROQ-RNA complexes
were performed at the X-ray Crystallography Platform at
Helmholtz Zentrum München. The crystals of Roquin-1
ROQ (171–326) with UCP3 CDE2GG were grown in 250
mM ammonium sulphate and 30% (v/w) PEG 4000. The
crystals of Roquin-1 ROQ (171–326) with UCP3 CDE1GG
were grown in 90 mM Bis-tris propane pH 6.5, 290 mM
sodium tartrate and 19% (v/w) PEG 3350. Crystalliza-
tion was performed using the hanging-drop vapor-diffusion
method at 292 K in 24-well plates and a protein concen-
tration of 11.5 mg/ml. The crystals appeared after two
days. For the X-ray diffraction experiments, the crystals
were mounted in a nylon fiber loop and flash cooled to
100 K in liquid nitrogen. The cryoprotection was performed
for five seconds in reservoir solution complemented with
25% (v/v) 2-methyl-2,4-pentanediol for the structure with
CDE2GG, or 25% (v/v) ethane-1,2-diol for the structure
with CDE1GG. X-ray diffraction data for the ROQ-RNA
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Table 2. Data collection and refinement statistics for the ROQ domain in
complex with UCP3 CDEs

Data collection
PDB ID 6TQB 6TQA
RNA name CDE1GG CDE2GG
Beamline SLS PXIII X06DA SLS PXIII X06DA
Wavelength (Å) 1.0 1.0
Space group P42212 P21
Cell dimensions a, b, c
(Å)

86.99, 86.99, 72.99 44.53, 160.66, 68.01

�, �, � (◦) 90, 90, 90 90, 107.96, 90
No. of molecules per
asymmetric unit

2 (1 protein + 1
RNA)

8 (4 protein + 4
RNA)

Resolution (Å) 47–1.6 50–2.4
(1.64–1.60)* (2.46–2.40)*

Rmerge 4.7 (73.6) 10.0 (83.7)
I / �I 23.16 (2.46) 14.05 (2.15)
CC (1/2) 100 (79.7) 100 (63.1)
Completeness (%) 96.9 (75.5) 99.6 (99.8)
Redundancy 8.4 (6.3) 5.2 (5.1)
Refinement
Resolution (Å) 47-1.6 50-2.4

(1.642–1.600) (2.462–2.400)
No. reflections 36 355 (2052) 33 655 (2618)
Rwork/Rfree 15.63/19.72 19.68/25.90

(23.80/24.10) (29.40/34.60)
No. atoms 2195 6,942

Protein 1224 4847
RNA 400 1796
Water 241 295
Ions 7 4

B-factor overall 28.25 55.20
RMSDs

Bond lengths (Å) 0.013 0.01
Bond angles (◦) 1.836 1.796

Ramachandran plot
Most favored (%) 100 96
Additional allowed

(%)
0 4

*Values in parentheses are for highest-resolution shell.

complexes were collected using a Pilatus 2M-F detector at
1.0 Å wavelength on the PXIII X06DA beamline at SLS
(Villigen, Switzerland). The best data set was indexed and
integrated using XDS (57) and scaled using SCALA (58).
Intensities were converted to structure-factor amplitudes
using the program TRUNCATE (59). Table 2 summarizes
data collection and processing statistics.

Structure determination and refinement

The crystal structures of ROQ-RNA were solved by molec-
ular replacement using PHASER (60). The native Roquin-
1 ROQ structure served as a search model (PDB: 4QI0
(38)) for solving the structure of Roquin-1 ROQ (aa 171–
326) with CDE2GG and the Roquin-1 ROQ structure in
complex with Tnf CDE served as a search model (PDB:
4QI2 (38)) for solving the structure of Roquin-1 ROQ (aa
171–326) with CDE1GG. Model building was performed
in COOT (61). The RNA molecules were modeled man-
ually. The refinement was performed in REFMAC5 (62)
using the maximum-likelihood target function including
translation, liberation and screw-rotation displacements of
a pseudo-rigid body (63). The final model of the struc-
ture with CDE2GG is characterized by R and Rfree factors
of 19.7 and 25.9%, the final model of the structure with

CDE1GG is characterized by R and Rfree factors of 15.8
and 19.7%, respectively (Table 2). The stereochemical anal-
ysis of the final model was done in PROCHECK (64) and
MolProbity (65).

Cell culture

HEK293 cells (Leibniz-Institute DSMZ, Germany, ACC
305) were cultured in Dulbecco’s modified Eagle’s medium
(DMEM, Sigma-Aldrich) supplemented with 10% fetal
bovine serum (FBS Superior, Biochrom), 1 mM sodium
pyruvate (Thermo Fischer Scientific) and Pen Strep
(Thermo Fisher Scientific) at 37◦C in a 5% CO2 humidified
incubator.

Transient transfection and luciferase assay

For transfection of pDLP reporter plasmids, 100 000
HEK293 cells were seeded in 24-well plates. 24 h after seed-
ing, cells were transfected with 100 ng reporter plasmid us-
ing Lipofectamine 2000 (Thermo Fisher Scientific) accord-
ing to the manufacturer’s protocol. Firefly and Renilla lu-
ciferase activity were measured 24 h post-transfection using
the Dual Luciferase Reporter Assay System (Promega).

RNA affinity purification and Western blot

Purified RNA was dephosphorylated using calf intestine
phosphatase (Roche). For 5′ end biotinylation, 600 pmol
RNA were incubated with 0.2 mM � -S-ATP (Biomol) and
T4 polynucleotide kinase (New England Biolabs) for 30
min at 37◦C. Biotin-long-arm maleimide (Vector Labora-
tories) was added and incubated for 30 min at 65◦C. Un-
incorporated label was depleted by lithium chloride pre-
cipitation. Biotinylated RNA (200 pmol) was conjugated
to Dynabeads M-280 (Invitrogen) in incubation buffer (10
mM Tris–HCl pH 7.4, 150 mM potassium chloride, 0.5
mM DTT, 0.05% NP40, 100 U/ml RNasin) for 2 h at
4◦C with continuous rotation. Whole cell protein lysate (1
mg) of HEK293 cells together with 200 �g yeast tRNA
(Sigma-Aldrich) and 5 mg Heparin (Sigma-Aldrich) was
added to the beads and incubated 1 h at 4◦C followed
by 15 min at room temperature with continuous rotation.
Beads were washed five times with incubation buffer, resus-
pended in 30 �l protein loading dye and boiled at 95◦C for
10 min. Eluted proteins were separated by sodium dodecyl
sulfate-polyacrylamide gel electrophoresis (Bio-Rad). The
primary antibody was anti-AUF1 (1:10 000; rabbit; Milli-
pore; 07-260) and the secondary antibody was Horseradish-
conjugated anti-rabbit (1:7000; goat; Jackson ImmunoRe-
search). Blots were developed using ECL Select (Life Tech-
nologies). Imaging was performed on a ChemiDoc Imaging
system (Bio-Rad).

RESULTS

Recognition of UCP3 AU-rich elements is CDE-like

Recognition of AREs by regulatory RBPs has mainly been
described for binding of single-stranded (ss) RNAs to
RBDs including ZnF and RRM domains, while the for-
mation of ARE secondary structure had been suggested
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to interfere with ARE-mediated regulation, e.g. in the pro-
tein AUF1 (30) (Figure 1A). This general hypothesis has
recently been challenged by CDE-like AREs bound by
the protein Roquin (44). The 3′-UTR of UCP3 harbors
two AU-rich elements with the potential to fold into tri-
nucleotide hairpin loops, reminiscent of canonical CDEs
(36). CDE1 contains only AU nucleotides and CDE2 har-
bors the canonical ARE motif 5′-AUUUA-3′ preceded by
four AU nucleotides (Figure 1B and Supplementary Fig-
ure S1). While regulation of the UCP3 mRNA was shown
to function through these sequences, we still lack an un-
ambiguous evidence for whether the unstructured, single-
stranded ARE RNA species or only the CDE-folded AREs
are the responsible target of the ROQ domain within the
functional UCP3 mRNP.

Thus, we sought to investigate the recognition mode of
those CDE-AREs by Roquin. Taking into account the high
intrinsic lability of AU-rich sequences, we decided to use
solution NMR spectroscopy, which is unique in monitor-
ing also weak molecular interactions under near physiolog-
ical environment and at atomic resolution. We recorded 1H-
15N-HSQC spectra comparing CDE1 and CDE2 individu-
ally in their free and ROQ domain-bound forms. As shown
in Figure 2A and B, native individual CDE RNAs provoke
strong chemical shift perturbations (CSPs) in the ROQ do-
main and the subsequent plot patterns are reminiscent of
the CSPs that had been observed with the bona fide Tnf
CDE before (38) (Supplementary Figure S2A). In contrast,
titration of ROQ with ssRNAs was recently found to cause
significantly smaller CSPs, in line with a 10–100-fold lower
affinity (45), e.g. for the Nfkbiz 15-mer LBE RNA (Supple-
mentary Figure S2A). This finding supports the assump-
tion that UCP3 AREs are bound by the ROQ domain in
a CDE-like manner. Notably, HSQC spectra of ROQ with
either CDE are well superimposable despite obvious differ-
ences in CDE sequences (Supplementary Figure S2B). This
underlines a highly similar, CDE-shape recognition rather
than recognition of a linear sequence. The presence of RNA
structure in CDE1 and 2 upon binding to ROQ is also ev-
idenced by the observation of imino proton signals indi-
cating the formation of H-bonds between complementary
bases in a stem (Supplementary Figure 2E). In contrast,
we only detected imino signals for the free GC-containing
CDE2, while the pure-AU CDE1 did not reveal the presence
of long-lived, i.e. NMR-detectable base pairs in its free form
(Supplementary Figures S1 and S2) underlining the low in-
trinsic stability of AU-rich base pairs, while the underlying
sequences suggest to be present in an unfolded, linear form
to certain extent of their life time.

To exclude that only a small fraction of RNA is bound
as SL, we next constructed stabilized CDEs with an addi-
tional two GC base pairs at the lower stem (Figure 1B).
1D-1H NMR spectra highlighting the respective imino pro-
ton regions show that these CDE-ARE versions are ther-
modynamically more stable in their free forms (Supplemen-
tary Figure S1), thus increasing the overall likelihood to be
engaged by the ROQ domain in a CDE-preformed shape.
HSQC titrations show that the stabilized CDE-AREs pro-
voke an identical pattern in CSP plots; both in significantly
shifting residues and absolute intensities (Figure 2C and D).
Thus, we conclude that both wild type (WT, non-stabilized)

and stabilized UCP3 CDE-AREs are equally bound as
structured, CDE-like RNAs.

Structures of folded AU-rich elements

We next investigated whether the UCP3 CDE-AREs form
the expected CDE-like SLs in the absence of Roquin, to test
for their potency in acting as a pre-structured, unique cis-
regulatory element, despite their AU-rich content. Given
the apparent high intrinsic dynamics of the WT CDEs,
yet the identical binding behavior towards ROQ, we deter-
mined the structures and dynamics of apo CDE1GG and
CDE2GG by solution NMR (Figure 3 and Supplementary
Figures S3 and S4). Spectral regions to demonstrate NOE
data quality are displayed in Figure 3A and B for CDE1GG
and CDE2GG, respectively, and in Supplementary Figures
S3 and S4.

For CDE1GG, the ten lowest energy structures con-
verged to an all-residue-all-atom RMSD of 1.7 Å (stem
RMSD without terminal residues: 1.1 Å, loop RMSD: 2.2
Å) after structure calculation with ARIA/CNS (Table 1
and Supplementary Figure S3). The CDE1GG stem is com-
posed of eight Watson-Crick base pairs spanning residues
1–8 and 12–19. While residues G1 and C19 show increased
RMSD values, common for the termini in RNA SL struc-
tures, residues in the core of the stem converge well within
the 10 best structures. In contrast, the loop residues are con-
siderably less converged. For example, the loop residue U9
mostly stacks with the A8 residue in direction of the major
groove of the stem, while in two structures of the bundle,
U9 points to the solvent (Supplementary Figure S3G).

For CDE2GG, the ten lowest energy structures con-
verged to an all-residue-all-atom RMSD of 1.7 Å (stem
RMSD without terminal residues: 1.6 Å, loop RMSD: 2.3
Å) (Table 1 and Supplementary Figure 4). The stem con-
sists of nine well-converged Watson–Crick base pairs. In
contrast to the structure of CDE1GG, the central purine
of the tri-loop (A11) does not point in the direction of the
major groove, but in the opposite direction (Supplemen-
tary Figure S4G). In nine of the ten structures, the flanking
loop residues U10 and U12 point towards the same direc-
tion as A11. In a single, deviating structure, we observed
a flip of the first loop residue (U10). Notably, the anal-
ogous residue in the structure of CDE1GG (U9) showed
a similar degree of structural heterogeneity as CDE2GG
U10. Increased RMSD may partially be the result of lack
of NOE data, but also a consequence of loop dynamics
faster than NMR time-scale. As both the CDE1GG and
the CDE2GG structures show increased RMSD values for
loop nucleotides compared to the base-pairing stem (Table
1), we suggest their increased dynamics to facilitate protein
recognition.

The increased dynamics of the two RNA SLs are also
evident from heteronuclear relaxation data (Supplemen-
tary Figures S3F and S4F). We found around 40% increase
of sugar C1′ proton R1 rates and over 15% increase in
hetNOE intensity on aromatic protons for residues 8–12
(CDE1GG) and 9–13 (CDE2GG), respectively, compared
to other residues. Thus, loops and loop flanking residues
show increased dynamics compared to stem residues. In the
context of molecular recognition by ROQ (Figure 2), the
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Figure 2. Roquin recognizes wild type and stabilized UCP3 AREs in a CDE-like manner. (A and B) Overlay of 1H-15N-HSQCs showing ROQ alone and
in complex with UCP3 wild type CDE1 (A) and CDE2 (B). The bar plots below the spectral overlays show the combined CSPs of amide resonances along
with the primary ROQ domain sequence. (C and D) The same as in panels (A) and (B), but with CDE1GG (C) and CDE2GG (D) SLs from the UCP3
3′-UTR. The insets consistently show an equivalent zoom-in from all overlays highlighting a part of the glycine region. Selective amide assignments are
given for orientation. Negative bars indicate residues with missing assignments in at least one of the two spectra or prolines. See also Supplementary Figure
S2.
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Figure 3. Solution structures of free CDE1GG and CDE2GG RNAs. (A and B) Zoom-in of the assigned aromatic H1′ region of the 1H,1H-NOESYs of
CDE1GG (A) and CDE2GG (B). The intraresidual H5/H6 cross peak assignment is shown in light grey. (C and D) The three dimensional structures of
CDE1GG (blue) and CDE2GG (red) after refinement with the force-field RNA-ff1 (55) (see also Table 1). Two orientations for each CDE show the side-on
view with the loops pointing into the direction of the viewer, and a top down view displaying the loop-orientation with respect to the helical main axis.
Tri-loop residues are labeled in sequential order (orange, magenta and green respectively) to highlight differences in loop geometry. (E) NMR structure of
the Tnf CDE (43). See also Supplementary Figures S3 and S4.

different loop geometries between the two CDEs suggest
that the large dynamics facilitate folding of CDEs into a
conformation, susceptible for engagement with the ROQ
domain.

We additionally refined the best resulting structures with
the RNA-specific force field RNA-ff1 (55), to accommo-
date to the backbone angles found in X-ray structures of
RNAs deposited in the PDB (Table 1 and Figure 3C and D).
This procedure removes most of the angular deviations in
the loop and therefore does not account for the specifics of
loop flexibility. The resulting structure represents the low-
est energy and thus most populated structure free in solu-
tion. The all-atom RMSD of the refined structures is 0.33
Å for CDE1GG and 0.32 Å for CDE2GG, respectively (Ta-
ble 1). We attribute the strong tightening of the bundle to
parametrization introduced with the torsion potential of
the RNA-ff1 force field. In line with that, the additional re-
finement led to improved backbone conformations reflected
by an increased backbone suiteness from 0.19 to 0.69 for

CDE1GG and 0.14 to 0.75 for CDE2GG, a value measur-
ing the overall agreement of backbone parameters with a
test set of RNA structures (66).

In comparison, the solution structure of the apo Tnf CDE
(43) shows a structural arrangement of the loop residues
oriented towards the major groove form, i.e. comparable to
CDE1GG (Figure 3E). Additionally, a widening of the ma-
jor groove is observed in the Tnf CDE, attributed to a purine
stack in the 3′ side of the stem. As the UCP3 CDE-AREs
do not feature this type of purine stack, this effect is not
visible in our RNA SL structures. It was further shown that
inversion of the two closing base pairs below the tri-loop
in the Tnf CDE, and thus distortion of the purine stack,
induced large differences in the loop structure, accompa-
nied by loss of Roquin binding capability (43). Interestingly,
UCP3 CDE1GG and CDE2GG differ from each other by
an inversion of the penultimate loop-closing base pair (Fig-
ure 1B), which potentially accounts for the structural al-
teration observed in the loop, although their binding com-
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petence for the ROQ domain appears unaffected (Figure 2
and Supplementary Figure S2). Altogether, we assume that
the less rigid AU-rich loop-closing sequence in CDE1 and
CDE2 allows for loop dynamics, beneficial for adoption of
a ROQ-binding-competent structure.

Structures of folded AU-rich elements in complex with the
ROQ domain

To finally prove that the UCP3 CDE-AREs are tightly com-
plexed by Roquin in the characteristic arrangement, we
crystallized the ROQ domain with the two stabilized SLs.
We obtained well-diffracting crystals with both SLs and
found ROQ-CDE1GG present with one complex molecule
per asymmetric unit at a resolution of 1.6 Å (Table 2, Figure
4A and Supplementary Figure S5). ROQ-CDE2GG crys-
tallized with four complex molecules per unit (2.4 Å resolu-
tion) that show an overall RMSD of 0.35 Å, while the com-
plex appears as monomer according to the observed line
width in NMR spectra. This is in line with all previously
published crystal structures of SL RNAs in complex with
the core ROQ domain.

Importantly, in neither of the two complexes the addi-
tional, stabilizing GC base pairs participate in direct inter-
actions with the ROQ domain, indicating that the wild type
CDE SLs are sufficient for a canonical CDE-like recogni-
tion by Roquin. In case of CDE1GG, this also reflects the
first CDE structure with a pure-AU interface with the ROQ
domain, adding functional impact and relevance to the so
far unlikely concept of structured AREs. In addition, the
high resolution for CDE1GG allowed for the observation of
two distinct RNA conformations at the 5′ end of the stem,
i.e. the first five nucleotides, while the complement strand
appears as a single conformer (Supplementary Figure S5B).
Although, one of the two conformations appears to be more
compacted over the other, we find comparable and complete
H-bonding patterns in respective Watson-Crick base pairs.
In addition, both conformers share a highly conserved in-
teraction of the Arginine 188 side chain with the backbone
of the adenine nucleotide at position 3 (Figure 4B and Sup-
plementary Figure S5C). It indicates that the two forms do
not reflect two independent RNP folds, but are likely to be
interchanging with each other in solution. This characteris-
tic underlines the special feature of relatively labile CDE SL
folds, which are likely to be stabilized by the ROQ domain.

For both complexes, we found a conserved network of
interactions between protein and RNA, reflecting the pre-
viously described contacts between ROQ and the Tnf CDE
(Figure 4A and B). Consequently, the overall fold of all
three CDEs in the bound form is highly comparable under-
lining the earlier suggestion that ROQ recognizes its target
RNAs through shape- rather than sequence-specific inter-
actions and locks them in a canonical arrangement that is
unique for CDEs (Supplementary Figure S5D). Most re-
markably, all three CDEs shown in the overlay resemble
an identical orientation of loop nucleotides, which is not
reflected by the respective free forms (Supplementary Fig-
ure S5E and F). Previous work on the Tnf CDE has shown
the role of CDE-intrinsic sequence features for the recogni-
tion by the ROQ domain (38,43,44). Comparison of the free
and ROQ-bound Tnf CDE also suggested that major rear-

rangements of the loop nucleotides are necessary for com-
plex formation (Supplementary Figure S5G). In line with
that, comparing all individual unbound RNAs of our study
with their respective conformations when bound to ROQ
suggests, that the ROQ domain either provokes an induced-
fit mechanism during engagement with the three CDEs, or
that all of them are able to sample the final fold in solution
(conformational selection).

Previous data showed a mutual stabilization of both the
ROQ domain and CDE RNA upon complex formation
(38), which was suggested to be a driving force for the
high-affinity interaction between them and underlines the
central role of CDE elements for Roquin-mediated post-
transcriptional regulation (36,38,40–43,46). Using EMSA
experiments, we previously estimated 100 nM affinity be-
tween the ROQ domain and the wild type UCP3 tan-
dem CDE-AREs (44) (Figure 1B). Mutational analysis sug-
gested similar contributions from either UCP3 CDE, with
affinities in the low micromolar range. This affinity is in line
with a CDE found in the Ox40 3′-UTR (39), but consider-
ably higher than measured for the Tnf CDE (38,43). How-
ever, the measurements of the single CDEs were performed
in the context of the UCP3 tandem RNA, with possible
interference from the surrounding sequence context, due
to transient interactions and thus weakening of the CDE
fold. In order to quantify the individual binding affinity of
the UCP3 CDEs, we used ITC and determined KD values
for ROQ binding to CDE1GG and CDE2GG. The result-
ing KDs show tight, low-nanomolar binding, comparable
to that of the Tnf CDE (Figure 4C). This reveals two re-
markable features: First, these affinities are in full agree-
ment with the ROQ-UCP3 ARE complex arrangement in
a CDE-like manner as proven by the NMR data and crys-
tal structures. Importantly, they do not support binding of
the CDE-AREs as linear sequence, as ssRNA recognition
by the ROQ domain occurs with 2–3 orders of magnitude
lower affinity (45). Previous studies on CDEs and ADEs
suggested high on-rates during complex formation as one
cause for the high affinity (39). From the affinities observed,
we here assume a similar kinetic basis, based on preformed
SL RNAs. Second, the low KD values suggest a functionally
relevant and active recognition of structured ARE elements
by a single high-affine RBD, the ROQ domain. The latter is
remarkable as the high-affine recognition of AREs had so
far only been described for single-stranded ARE species to-
gether with the concerted action of multiple RBDs (17,67).
In the case of AUF1 for example, both RRMs are necessary
for and contribute equally to high affinity binding (68).

Biophysical investigation of UCP3 CDE-ARE-ROQ com-
plexes

Next, we analyzed a potential CDE-stabilizing effect of
the Roquin ROQ domain. Such stabilization had been sug-
gested for the Tnf CDE before (38), while no clear experi-
mental proof was provided. Thus, for the UCP3 CDEs, we
first assessed differences in stability between the free UCP3
CDEs and their complexed form with ROQ in CD-melting
experiments (Figure 5A). All SLs showed comparable and
characteristic CD spectra with a maximum ellipticity in the
range of wavelengths between 262 and 265 nm and a mini-
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Figure 4. Crystal structures of CDE1GG and CDE2GG in complex with the ROQ domain. (A) Overall structures of ROQ (grey surface) in complex with
CDE1GG (blue cartoon) and CDE2GG (red cartoon). For comparison, the same view of ROQ in complex with the Tnf CDE is included (grey cartoon)
(38). (B) Internal contact map of ROQ domain residues with UCP3 CDE1GG and CDE2GG in panel (A). For comparison, the same is shown for ROQ
in complex with the Tnf CDE (38). (C) Representative ITC curves of ROQ titrated with the RNAs as shown in (B) reveal binding affinities comparable to
the Tnf CDE. KD values are mean +/− standard deviation from three independent experiments. See also Supplementary Figure S5.

mum between 235 and 245 nm (Supplementary Figure S6).
As expected, melting points (Tm) largely differed between
stabilized and non-stabilized CDEs, owing to the two sta-
bilizing GC base pairs and rationalizing them for structure
determination of free RNAs. In line with that, we also found
a remarkable difference in melting temperatures of CDE1
(27◦C) versus CDE2 (69◦C) and CDE1GG (52◦C) versus
CDE2GG (82◦C) (Figure 5A), where in the latter the effect

of stabilization is less pronounced due to the intrinsic two
GCs base pairs in CDE2 variants (compare RNA sequences
in Figure 1B). This finding underlines the drastic lability of
pure ARE sequences, but suggests at the same time an in-
herent potency to be also recognized in their linear form.

The Tm of ROQ alone is 42◦C (Supplementary Figure S6)
and thus below the melting points of CDE2 and the sta-
bilized CDE variants. We thus used CDE1 to examine the
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Figure 5. The ROQ domain locks the UCP3 CDE-AREs in the CDE-fold, independent of their thermodynamic instability. (A and B) CD melting curves
of CDE1 and CDE2, their respective stabilized constructs (GG) (A) and after addition of equimolar amounts of ROQ domain (B). Respective sigmoidal
fitting regions are indicated in orange. Melting points and their errors are indicated as obtained from the fitting procedure. (C and D) Imino proton spectra
of the non-stabilized CDE1 (C) and CDE2 (D) at room temperature alone and in complex with different ratios of ROQ domain. As a control, the same
region is shown for the ROQ domain alone in order to indicate protein-derived signals. See also Supplementary Figure S6.
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role of the ROQ domain in CDE stabilization. We observed
a strong stabilizing effect of ROQ on CDE1 by CD spec-
troscopy (Figure 5B) evidenced by an increase of Tm from
27◦C to 39◦C. We thus reason, Roquin captures and stabi-
lizes the transient SL of the pure-AU CDE1 at physiolog-
ical conditions, while the cis-element alone will be mainly
unfolded.

To further verify the stabilizing role of ROQ towards the
UCP3 CDEs at atomic level, we tested the ability of the
ROQ domain to shift the equilibrium of unfolded CDE1
and CDE2 to the folded species in dependence of protein-
RNA ratios (Figure 5C and D). To this end, we used the
detectability of imino protons in SL RNAs, which indicate
H-bonding of base-paired nucleotides, i.e. structured RNA
(Supplementary Figure S1). Indeed, both wild type CDE1
and CDE2 revealed a significant increase in imino proton
resonances in response to the presence of the ROQ domain.
This suggests formation of stable ROQ-CDE1 and -CDE2
complexes with RNA-structure lifetimes observable during
the NMR experiment (here a few hundred milliseconds)
that clearly exceed the lifetime of imino protons in the free
RNAs. For CDE2, we also observed small changes in imino
proton chemical shifts between the apo RNA and the 1:1
complex with the ROQ domain (Figure 5D). We thus con-
clude that the ROQ domain, upon binding, induces the for-
mation and promotes the stabilization of the CDE-fold in
the wild type UCP3 3′-UTR. Surprisingly, this feature ap-
pears to be independent from the obvious differences in in-
trinsic stabilities between the two UCP3 SLs as determined
by CD spectroscopy.

This observation suggests that tight binding to the two
CDEs is additionally controlled by a low off-rate. Such
a binding mechanism mainly requires the apical AUAUU
pentamer, while the actual stem sequence is not of appar-
ent relevance, presuming a general stem formation. This is
in line with the completely sequence independent consen-
sus for active Roquin binding sites suggested by mutational
analyses of the UCP3 CDE-AREs (44).

Independent recognition of the two UCP3 CDEs by Roquin

The accumulated data suggest simultaneous and highly sim-
ilar binding of ROQ to the two UCP3 CDEs in their en-
dogenous context. To verify that, we made use of a tandem
UCP3 RNA construct (CDE1-2, Supplementary Table S1)
that harbors both CDEs in close sequential proximity (Fig-
ure 1B). To prevent dimerization observed at high RNA
concentrations with the wild type sequence (Supplementary
Figure S7A), a point mutation had to be introduced in the
linker region between the two CDEs. Mutations in the linker
region were shown not to affect mRNA repression in vivo
(44). In order to ensure that the tandem construct used for
NMR studies retains full repressive capacity, it was tested
in a luciferase reporter assay. As expected the point muta-
tion had no significant effect on the regulation in vivo (Sup-
plementary Figure S7B). Thus, the construct is suitable for
further analyses.

Earlier data had given good evidence for a 1:2 complex
between the UCP3 RNA and ROQ domain (44). Conse-
quently, to directly monitor the formation of comparable
complexes (compare also Figure 2) at atomic resolution we

titrated tandem UCP3 to the ROQ domain and recorded
HSQC spectra (Supplementary Figure S2). Excess RNA
(>0.5× with respect to the number of available CDEs) al-
lows the interpretation of detectable complex resonances.
The overall occupancy of CDEs showed a 1:1 distribution,
which indicates that ROQ does not discriminate between
the two CDEs for the formation of tight complexes. Conse-
quently, in the tandem complex, both CDE-complexes ap-
pear with a comparable lifetime, indicating similar complex
stability. However, we find a number of resonances that sug-
gest a slight preference for CDE2, which is in line with its
relatively higher intrinsic stability measured by CD. Strik-
ingly, the two SLs behave fully independent as evidenced by
the unaffected chemical shifts of individual imino protons
(Supplementary Figure S1).

Competition of RBPs for AU-rich elements

The NMR and CD data clearly demonstrate that ROQ
binding can rigidify the tandem-CDE regulatory hub within
the 3′-UTR of the UCP3 mRNA. However, in the absence
of Roquin binding, this region will be largely unstructured
and thus accessible for RBPs that specifically recognize lin-
ear AREs. Thus, Roquin will be able to compete with these
RBPs by removing their ssRNA target sites in the 3′-UTR,
while conversely these RBPs will be able to compete with
Roquin by masking the AREs and preventing them from
adopting a CDE-fold.

To investigate competition for identical ARE-foldamers
by two RBPs we included the well-studied protein AUF1
(hnRNP D) into the Roquin-UCP3 interactome (Figures
1A and 6A). The high affinity of AUF1 to AU-rich se-
quences has already been described (69), and such se-
quences are present in the studied UCP3 tandem CDE (Fig-
ure 6A). Additionally, previous work has shown that struc-
ture formation in AREs abolished binding and mRNA reg-
ulation by AUF1 (30,31). AUF1 thus represents a promis-
ing study case for the regulatory capacity that centers on
dynamic CDE-AREs. The AUF1 protein comprises two
canonical RRM domains, arranged in tandem that account
for RNA-binding (69). With NMR, we found that the two
AUF1 RRM domains are independent from each other, as
shown by a 15N-HSQC overlay comparing tandem RRM1-
2 and RRM2. Here, the single RRM2 domain provides
resonances that are in full overlay with the respective res-
onances in the tandem RRM1-2 indicating that the two
RRMs are structurally independent from each other with
respect to their two-site RNA-binding capacity (Supple-
mentary Figure S8A). As a prerequisite for the following
experiments, we also ruled out an interaction of AUF1
RRMs with the Roquin ROQ domain (Supplementary Fig-
ure S8B).

We next tested whether AUF1 is capable of binding to
the tandem UCP3 RNA using RNA immunoprecipitation.
Notably, AUF1 isoforms can readily be isolated from cell
lysates using the wild type UCP3 tandem CDE (Figure 6B).
Further, overlays of 15N-HSQC spectra confirm the inter-
action of the two AUF1 RRMs with both individual UCP3
CDEs and the tandem construct. The spectra show large
chemical shift perturbations accompanied by line broaden-
ing which is in line with the nanomolar affinities that had
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Figure 6. Competition of Roquin with AUF1 for the UCP3 ARE hub. (A) Top, schematic presentation of AUF1 domain arrangement with approximate
position of the tandem RRM1-2 domains. Below that, the wild type UCP3 ARE hub is shown as used in this study and for the pulldown experiment
in panel (B). (B) Analysis of Roquin binding to the UCP3 ARE hub. For RNA affinity purification, HEK293 whole cell lysates were incubated with the
indicated UCP3 RNAs. AUF1 was visualized by Western blot using anti-AUF1 antibody. (C and D) NMR-based in vitro competition experiments between
the Roquin ROQ domain and the AUF1 tandem RRM1-2. (C) Imino proton spectra of WT UCP3 CDE1 alone, in a 1:1 complex with AUF1 and after
addition of increasing amounts of ROQ. (D) The same as in (C), but starting from a 1:1 complex of CDE1 with ROQ and subsequent titration of increasing
amounts of AUF1 RRM1-2. For panels (C) and (D), the same spectral region is shown for ROQ alone for clarity towards protein-derived peaks. See also
Supplementary Table S1 and Supplementary Figure S8.
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been reported for AUF1-ARE interactions earlier (70). As
expected for canonical RRM domains, binding is primar-
ily mediated by the intrinsic RNP motifs (Supplementary
Figure S8C–E).

Interestingly, mutants of the RNA within CDE1 or 2 of
the tandem UCP3 RNA revealed a significantly more pro-
nounced loss in binding for CDE1, which is solely com-
posed of AU residues (Figure 6A and B). This is in line with
AUF1’s primary preference for extended AU-rich regions
(71,72) and suggests a slight preference for the CDE1 re-
gion within the tandem RNA construct.

We thus decided to monitor the presence of imino pro-
tons in CDE1 as a measure of the RBP-competition for dif-
ferent RNA-foldamers. The wild type CDE1 did not show a
significant proportion of structure on the NMR time scale
(Figure 5C). Addition of AUF1 to the wild type CDE1
yielded no visible increase in RNA structure (Figure 6C), in
line with the previously described target specificity of AUF1
for linear AREs (70). We next added increasing stoichio-
metric amounts of Roquin ROQ domain to the mixture.
As expected, we observed a stepwise increase in imino sig-
nals indicating the stabilization of the CDE-fold in a ROQ-
RNA complex (compare to Figure 5). Taking into account
the high affinity interaction of AUF1 RRMs with CDE1
(Supplementary Figure S8), it suggests that AUF1 has to be
occluded from the RNA-interface in favor of the ROQ do-
main. ROQ-binding sequesters the former linear ARE and
thereby excludes AUF1 from its potential regulatory func-
tion on dynamic AREs. To exclude the potential scenario of
both RBPs being bound to CDE1, we next started from a
pre-formed ROQ-CDE1 complex and added increasing sto-
ichiometric amounts of AUF1 RRM1-2 (Figure 6D). As ex-
pected, the increase in AUF1 led to a stepwise loss of imino
resonances in CDE1 indicating that AUF1 is able to replace
Roquin, and thus unfolds the CDE1.

To estimate the occurrence and folding of further CDE-
AREs in vivo, we analyzed whether AU-pure CDEs over-
lap with binding sites of AUF1 derived from PAR-CLIP
(Photoactivatable-Ribonucleoside-Enhanced Crosslinking
and Immunoprecipitation) data in HEK293 cells (22). A to-
tal of 146 AU-pure CDEs with a UAU tri-loop, i.e. analo-
gous to CDE1, were predicted in the 3′-UTRs of 128 hu-
man genes (44). Of these, 48 genes (38%), containing 55
AU-pure CDEs (38%) in their 3′-UTRs, are recognized by
AUF1 (Supplementary Table S3). Although these 48 genes
together harbor 119 binding sites, only 4 binding sites (3%)
overlap with CDE-AREs. Importantly, most of the genes
targeted by AUF1 are also bound by Roquin-1 in HEK293
cells (37 genes, 77%), as shown by PAR-CLIP (42). To-
gether, the data suggest that CDE-AREs are widespread
and most often excluded from AUF1 binding, likely due
to their structured nature and/or subsequent occupation by
competing trans-acting factors. Interestingly, the four CDE-
AREs bound by AUF1 were also recognized by the mRNA
stabilizing factor HuR (22), thus further extending the land-
scape of possible protein interactors.

In summary, the data suggest competitive binding be-
tween Roquin ROQ and the AUF1 RRMs to the same cis-
regulatory RNA sequence, while targeting different folding
states and actively interfering with the equilibrium between
the two forms.

DISCUSSION

The ROQ domain recognizes UCP3 cis-regulatory AREs in
a pre-formed CDE-like manner

While AREs and CDEs had long been conceived as sep-
arate entities, functioning as parallel, redundant or even-
tually cooperative cis-elements (29,34,46), we have recently
shown that AREs can be functioning as CDEs (44) and con-
sequently to be regulated by the protein Roquin. Their low
intrinsic half-lives as SLs suggested that they could fulfil ad-
ditional roles as linear cis-elements. However, an unambigu-
ous, i.e. structural proof, for the existence of CDE-shaped
AREs and their recognition by Roquin in a CDE-like man-
ner had remained open.

We show here that the two adjacent Roquin-regulatory
cis-elements in the 3′-UTR of the UCP3 mRNA indeed
form CDE-like folds. This holds true for the CDEs alone
(Figure 3) and in complex with the protein (Figure 4).
We also show that in solution, Roquin engages with these
CDEs in a manner identical to the binding of the canoni-
cal Tnf CDE (38) and with similar, low nanomolar affini-
ties. Thus, our data proof the previously described func-
tional role for the UCP3 SLs as CDEs. Moreover, they gen-
erally suggest CDE-AREs as a subclass of CDEs that allow
for unique regulatory features. Such features are particu-
larly obvious for the pure-AU CDE1 of UCP3, which did
not reveal base pairing in its free form, suggesting it to be
unfolded in average on the NMR-observed time scale. No-
tably, we found CDE1 to be stabilized in its folded form by
the Roquin protein, with a melting temperature of 27◦C in
its free form, while ROQ domain binding increases CDE1
stability to 39◦C. We speculate that this narrow, physiolog-
ically relevant temperature window for stabilization by an
RBP expresses the functional dynamics of interactions be-
tween Roquin and transiently folded AREs. Under physi-
ological conditions, those CDE-AREs are in constant ex-
change with the unfolded form, and Roquin is replaced by
competing RBPs through the adjustment of relative protein
levels.

For Roquin, it has been discussed that RNA binding
requires a certain RNA flexibility, while the stable ROQ-
CDE complex is of a highly conserved geometry. Interest-
ingly, this geometry is also present in ROQ-ADE complexes
(39). It clearly highlights the shape-specificity of Roquin
for RNA, rather than a particular sequence requirement.
We found that both UCP3 CDEs in complexes with the
ROQ domain reflect an identical RNP arrangement, which
is furthermore identical to all other ROQ-CDE structures
(38,40,73–75). Interestingly, other than for the Tnf CDE,
the two stabilized UCP3 CDEs adopt in their free forms a
fold, which is reminiscent of the ROQ-bound form. It re-
mains open, whether this pre-arranged element supports
their interaction with ROQ and if it is a particular feature
of the UCP3 CDEs.

Taking into account the labile nature of free UCP3 CDEs
(Supplementary Figure S1), we assume that complex stabil-
ity is mainly driven by a low off-rate, where the ROQ do-
main locks CDEs in a compact structure. Ever since the
discovery of CDEs, their intrinsic instability has been sug-
gested to account for their regulatory potency. Indeed, for-
mer work has shown that GCs are by default underrepre-
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sented in CDEs (36) and a higher GC content does not per
se increase affinity for ROQ, as e.g. seen for the CDE-like
SL in the Ox40 3′-UTR (38,39). This is also supported by
the U-rich SLs found in a PAR-CLIP study that are recog-
nized by Roquin and show an almost exclusive content of
AUs in their stems (42). In fact, the role of intrinsic lability
for enabling an induced-fit with the ROQ domain was corre-
lated with a preference for polyA-stretches along the 3′-side
of the stem, i.e. this unique geometry was suggested to be a
driving force of high-affine binding to Roquin as shown for
the Tnf CDE (38). However, we recently showed that these
stretches are no requirement for active CDEs (44).

As contradictive findings from mutational data on CDEs
have been reported (36,38,43,44), our data essentially sug-
gest binding to be facilitated by the pure possibility that
a potential CDE can be formed in vivo. In principle,
a plethora of short (∼20 nt) sequences will be capa-
ble of adopting CDE-like folds Accordingly, hundreds of
low-populated, potential CDEs have been predicted in a
genome-wide bioinformatic screen (44). Despite their po-
tential to form a stable complex with Roquin, they were
thought to be mainly unfolded at physiological conditions
or to be hidden in a larger RNA secondary structure con-
text. Nevertheless, such sequences might also be functional
Roquin targets, when they transiently adopt a CDE-like
fold.

In sum, we present the first pure-AU CDE that resem-
bles a bona-fide CDE-like fold and thus extend the possible
cis-element target group of Roquin for mRNA regulation
on a structural basis. Indeed, while all previous studies have
missed to provide clear structural evidence for a CDE-like
fold of AREs, we here unambiguously prove the existence
of such CDE-AREs in the free and ROQ-bound form with
high resolution. However, while we assume a gain in com-
plex stability for both RNA and ROQ, the question remains
whether the rate-limiting step in vivo will be the prior for-
mation of CDE-folded SLs; assuming a constant pressure
against RNA unfolding (76) and the competition with miR-
NAs and proteins that favor linear AREs (77).

Opposing specificity for UCP3 ARE conformers by the
Roquin ROQ domain vs. AUF1 RRMs

Our experiments show such a competition between Roquin
and AUF1 for the same ARE in vitro, targeting either the
folded or the linear form, respectively. As such, we sug-
gest a mutually exclusive, i.e. functionally competitive or re-
dundant action of RBPs on AREs with transient structure
like the herein described CDE-AREs. Notably, the AUF1
isoform p45 is capable of dissolving viral SL structures,
thus promoting genome replication of flaviviruses (78,79),
and we found this isoform to be most effectively enriched
after pulldown with the UCP3 CDEs (Figure 6). At the
same time, an increase in RNA structure at its target cis-
element environment clearly interferes with regulation of
mRNA fate by the AUF1 isoform p37 (30). Strikingly,
ARE structure formation was shown to differentially affect
trans-factor binding (31), indicating a complex interplay of
cis-trans interactions for mRNA regulation depending on
mRNA structure and the exact preferences of regulatory
RBPs.

Two scenarios are thus to be considered for post-
transcriptional regulation: First, the relative proportions of
RNA forms will decide about the accessibility for the re-
spective RBPs. Herein, the interconversion between folded
and unfolded RNA is a decisive parameter for the pos-
sible RNPs to be formed. Second, relative affinities and
amounts of available protein will decide about the occu-
pancy of AREs and their tight stabilization in the linear
or folded forms, respectively. The individual AUF1 RRMs
have an affinity of 300–800 nM for AREs, depending on the
exact RNA sequence and protein isoform (69). Those num-
bers are in the identical order of affinity with Roquin bind-
ing to CDEs and ADEs (Figure 4C and (38,39)). Conse-
quently, mRNA fate will depend on the relative RBP levels
and their local availability. As shown in Figure 6, replace-
ment of ROQ requires an excess of AUF1 on the investi-
gated time scale. This is consistent with the finding that po-
tentially folded CDE-AREs are underrepresented as bind-
ing sites of AUF1. In the case of counter-acting RBPs that
compete for (CDE-)AREs, folding probability, affinity and
availability of the trans-acting factors represent critical con-
tributions and regulatory levels for individual fates of target
mRNAs.

In immune-regulatory proteins like Regnase and Roquin,
high-affine and specific binding of structured decay ele-
ments is accompanied by the recognition of adjacent AREs
through the co-existing zinc finger domains. Despite the dis-
cussable gain in specificity and affinity (42,45,80), the role
of ARE recognition by the Roquin ZnF has appeared to
be clearly subordinated to the function of the ROQ domain
after the discovery of CDE and ADE elements (36,39,46),
with the major role for the ROQ domain in mRNA regula-
tion (38,40). Our findings now provide an additional option,
in that the Roquin ROQ domain would also account for
mRNA regulation through pure AU-rich sites, which can
fold into CDE-shaped SLs. This would increase the likeli-
hood of Roquin to engage with its mRNA target regions
when either using its ZnF or ROQ domains for identical
AU-rich cis-elements.

Interestingly, genome-wide bioinformatic analyses pre-
dicted >100 CDEs consisting exclusively of AUs (see Sup-
plementary Table S3). Moreover, several of these show
evolutionary conservation, highly suggestive of further in-
stances of CDE-AREs (44). This might explain possible tar-
get overlap with proteins that do not apparently recognize
CDEs. In this context, recent work has also presented the
novel RBP Arid5a that appears to counteract Roquin and
Regnase binding, possibly by destabilization or refolding of
SL elements (81,82). Further, Roquin recognition of an SL
element in the Pten 3′-UTR competes with miRNA binding
(83). Since miRNAs recognize ssRNA sequences by direct
base pairing, at least partial melting of the Pten SL would
be necessary.

Our findings pose the question whether also other cis-
elements recognized by sequence-specific proteins in their
linear form, might be structured more often and thus could
be bound by RBPs with shape-specific domains. Strikingly,
considering cis-element accessibility significantly increases
the prediction of in vivo binding sites of RBPs, compared to
predictions based only on sequence preferences (84). This
suggests that linear motifs are often masked within RNA
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folds, limiting recognition by trans-acting factors that re-
quire single strand regions. There are >1000 proteins en-
coded in the human genome that are capable of interact-
ing with mRNA, while binding preferences for the vast
majority of them are unknown (85,86). Likely, the herein
presented findings of protein competition for differently
folded forms of the same ARE can be extended to other
cis-elements that have so far been regarded as purely lin-
ear acting motifs. In essence, our data imply a role for tran-
siently folded cis-elements in mRNA regulation. Our work
highlights how cis-elements are used as signal-integrative
hubs, and mRNA regulation is a consequence of cis-element
availability/accessibility and the relative abundance of com-
petitive RBPs.
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Supplementary Table 1: CDE sequences. Mutations with respect to the wild type are shown in red. 

Construct 
Sequence 

5’  3’ 

CDE1 GGAAUAAAUUAUAUUAAUUUUUGAAAC 

CDE2 GAUUAGCCAUGCCUAAUAUUUAGGCAAGA 

CDE1GG GGAAAUUAUAUUAAUUUCC 

CDE2GG GGUGCCUAAUAUUUAGGCACC 

tandem CDE1-2 GGAAUAAAUUAUAUUAAUUUUUGAAACCCAUUAGCCAUGGCUAAUAUUUAGGCAAGA 

Tnf CDE ACAUGUUUUCUGUGAAAACGGAG 

Luciferase reporter gene assay 

UCP3_wt 
CAAGAUGGAAAAUAAAUUAUAUUAAUUUUUGAAACCCAUUAGGCAUGCCUAAUAUUUA

GGCAAG 

UCP3_NMR 
CAAGAUGGAAAAUAAAUUAUAUUAAUUUUUGAAACCCAUUAGCCAUGCCUAAUAUUUA

GGCAAG 

RNA affinity purification 

UCP3_wt 
GGCAAGAUGGAAAAUAAAUUAUAUUAAUUUUUGAAACCCAUUAGGCAUGCCUAAUAUU

UAGGCAAG 

UCP3_CDE1_mut 
GGCAAGAUGGAAAAUACCGGCGCUUAAUUUUUGAAACCCAUUAGGCAUGCCUAAUAUU

UAGGCAAG  

UCP3_CDE2_mut 
GGCAAGAUGGAAAAUAAAUUAUAUUAAUUUUUGAAACCCAUUAGGCAUGCCUAAUAGG

GAGGCAAG  

UCP3_double_mut 
GGCAAGAUGGAAAAUACCGGCGCUUAAUUUUUGAAACCCAUUAGGCAUGCCUAAUAGG

GAGGCAAG 
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Supplementary Table 2: Roquin ROQ domain and AUF1 RRM domains as used in this study, 

i.e. after TEV cleavage from His6-Thioredoxin-fusion proteins. 

Construct 
Sequence 

N  C 

Roquin_ROQ 

GAMALQHQNPQQLSSNLWAAVRARGCQFLGPAMQEEALKLVLLALEDGSAL
SRKVLVLFVVQRLEPRFPQASKTSIGHVVQLLYRASCFKVTKRDEDSSLMQLK
EEFRTYEALRREHDSQIVQIAMEAGLRIAPDQWSSLLYGDQSHKSHMQSIIDKL
QT 

  

AUF1_RRM2 
GKTKEPVKKIFVGGLSPDTPEEKIREYFGGFGEVESIELPMDNKTNKRRG 
FCFITFKEEEPVKKIMEKKYHNVGLSKCEIKVAMSKE 

  

AUF1_RRM1-2 

GASKNEEDEGKMFIGGLSWDTTKKDLKDYFSKFGEVVDCTLKLDPITGRSRGF
GFVLFKESESVDKVMDQKEHKLNGKVIDPKRAKAMKTKEPVKKIFVGGLSPDT
PEEKIREYFGGFGEVESIELPMDNKTNKRRGFCFITFKEEEPVKKIMEKKYHNV
GLSKCEIKVAMSKE 
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Supplementary Figure S1. Overview of all UCP3 RNA variants used in this study. (A) 1H NMR spectra 

highlighting the imino proton region of UCP3 CDEs 1 and 2, either the wild type sequence or as stabilized 

(GG) form. The sequences and expected folds are shown next to the spectra and in Figure 1B. (B) 

Comparison of  1D-1H NMR spectra highlighting the imino proton region of UCP3 wild type CDEs 1 and 

2 in the isolated form and the two of them when arranged as tandem CDE1-2 RNA (bottom panel).  
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Supplementary Figure S2. The UCP3 mRNA stem-loops are bound by the Roquin ROQ domain in a 

CDE-like manner. (A) Comparison of bar plots showing combined chemical shift perturbations (CSPs) 

against the ROQ domain sequence calculated from free vs. CDE-bound protein. The respective RNAs 

are shown as insets. The CSPs of the UCP3 wild type CDE1 and CDE2 are derived from spectra shown 

in Figures 2C and D. The Tnf CDE CSP plot is adjusted from (1). For comparison, the panel also shows 

a CSP plot of the ROQ domain when titrated with the 15-mer ssRNA (LBE) found in the 3’-UTR of Nfkbiz 
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and is described with spectra in (2). Negative bars indicate residues with missing assignments in at least 

one of the two spectra or prolines. CSP patterns are highly similar. (B) Overlay of 1H-15N-HSQC NMR 

spectra showing the Roquin ROQ domain in complex with either wild type UCP3 CDE1 or CDE2 (in 

twofold excess, as shown in Figures 2C and D). Spectra of the final complexes show highly comparable 

chemical shifts indicating similar complexes. (C) Overlay of 1H-15N-HSQC NMR spectra showing the 

Roquin ROQ domain alone (black) or in complex with the tandem UCP3 CDE1-2 (green). (D) CSP plot 

of spectral overlay shown in (C). (E) Overlay of 1H-1D-NMR spectra zoomed into the imino proton region 

and showing the RNAs as denoted either alone (black) or in complex with equimolar amounts of ROQ 

domain protein (red). 
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Supplementary Figure S3. NMR experiments for structure determination (dihedral restraints) and 

dynamics of CDE1GG. (A and B) H5’ (A) and H3’ (B) regions 2D-PFIDS experiment for determination 

of H-P coupling constants. A 1D-slice demonstrating the difference between decoupled and coupled 

spectra is shown in the insert. (C and D) Γ-HCN experiment for the determination of the glycosidic bond 

angles via C-H dipolar cross-correlated relaxation rates. Reference (C) and cross experiment (D) are 

shown with the insert highlighting the intensity difference in 1D-slices (see reference (3)). (E) H4’ region 

of the 2D quantitative HCP experiment for the determination of C-P coupling constants. The insert shows 

the difference in intensity between the coupled and uncoupled experiment. (F) Diagram of spin-lattice 

relaxation rate and hetNOE of CDE1GG against residue number. Data was measured on sugar C1’ 

nuclei (R1) and aromatic protons (hetNOE) of each residue. (G) Unrefined NMR structure of CDE1GG 

(PDB: 6XXA). Tri-loop residues are labeled in sequential order (orange, magenta and green 

respectively) to highlight differences in loop geometry. 
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Supplementary Figure S4. NMR experiments for structure determination (dihedral restraints) and 

dynamics of CDE2GG. (A and B) H5’ (A) and H3’ (B) regions 2D-PFIDS experiment for determination 

of H-P coupling constants. A 1D-slice demonstrating the difference between decoupled and coupled 

spectra is shown in the insert. (C and D) Γ-HCN experiment for determination of the glycosidic bond 

angles via C-H dipolar cross-correlated relaxation rates. Reference (C) and cross experiment (D) are 

shown with the insert highlighting the intensity difference in 1D-slices (see reference (3)). (E) H4’ region 

of the 2D quantitative HCP experiment for the determination of C-P coupling constants. The insert shows 

the difference in intensity between the coupled and uncoupled experiment. (F) Diagram of spin-lattice 

relaxation rate and hetNOE of CDE2GG against residue number. Data was measured on sugar C1’ 

nuclei (R1) and aromatic protons (hetNOE) of each residue. (G) Unrefined NMR structure of CDE2GG 

(PDB: 6XXB) Tri-loop residues are labeled in sequential order (orange, magenta and green respectively) 

to highlight differences in loop geometry.  
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Supplementary Figure S5. Structures of UCP3 CDE-AREs alone and in complex with ROQ. (A) Crystal 

structures of the ROQ domain in complex with CDE1GG (left) or CDE2GG (right). The RNAs are shown 

with their 2Fo-Fc electron density maps contoured at +1 sigma. (B) H-bond pattern between 

complementary bases as shown within the two bound conformations of CDE1GG. (C) Polar interaction 

between the side chain of Roquin Arg 188 and the CDE1GG RNA backbone at A3, the latter of which is 

shown in its two conformers. (D) Superimposition of the UCP3 CDE1GG, CDE2GG and the CDE of 

Tnfin their ROQ-bound form, respectively. (E - G) Superimposition of the free (lighter colour) and 

ROQ-bound forms (darker colour) of UCP3 CDE1GG (E), CDE2GG (F) and Tnf CDE (G).  
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Supplementary Figure S6. Stabilization of UCP3 CDEs by the ROQ domain. (A) Raw CD spectra of 

CDE1 and CDE2 with and without addition of ROQ, as well as CDE1GG and CDE2GG alone. Shown is 

the molar ellipticity as a function of wavelength. deg=degree (B) CD melting curve of ROQ showing the 

melting and annealing curve. Shown is the molar ellipticity as a function of temperature. deg=degree. 

No annealing is observable due to precipitation of the protein. Tm was obtained from sigmoidal fitting in 

the region marked orange. 
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Supplementary Figure S7. Verification of the NMR tandem CDE construct. (A) The UCP3 wild type 
(UCP3_wt) RNA dimerizes at higher concentrations. Native PAGE of 200 ng UCP3_wt folded in 
structure buffer (10 mM Tris-HCl pH 7.0, 10 mM MgCl2, 100 mM KCl). 1-4) Different folding conditions: 
1) 5 min at 95°C, snap-cooling, 2) 5 min at 95°C, slow cooling, 3) 5 min at 65°C, snap-cooling, 4) 5 min 
at 65°C, slow cooling. The predicted interaction between two UCP3_wt RNAs is shown. A G-to-C 
conversion in the NMR-adjusted tandem CDE (UCP3_NMR) inhibits dimerization. (B) Repression 
mediated by the UCP3 wild type and NMR-adjusted tandem CDE. Wild type tandem CDE (UCP3_wt) 
and the mutant used in NMR experiments (UCP3_NMR) were fused to firefly luciferase. Firefly luciferase 
activity was normalized to Renilla luciferase as internal transfection control. Values are normalized to 
an empty vector control, without UCP3 3’-UTR sequences. n = 3.  (**) P-value < 0.01 (Student’s t-test, 
two-tailed, paired). 
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Supplementary Figure S8. AUF1 RRM1-2 NMR experiments. (A) The AUF1 RRMs are independent 

in solution: Overlay of 1H-15N-HSQC spectra of 15N-labelled AUF1 RRM1-2 tandem alone and with 15N-

RRM2 alone. (B) The AUF1 RRMs do not interact with the Roquin ROQ domain: Overlay of 1H-15N-

HSQC spectra of 15N-AUF1 RRM1-2 tandem alone and with threefold stoichiometric excess of ROQ 

domain (unlabelled). (C-E) UCP3 CDE-binding of AUF1: Overlay of 1H-15N-HSQC spectra of 15N-

labelled AUF1 RRM1-2 tandem alone and with wild type UCP3 CDE1 (C), CDE2 (D) or the tandem 

CDE1-2 (E) at equimolar amounts. The RNAs are unlabelled. For quantification, the intensity ratios of 

bound over free tandem RRM amide peaks are plotted versus primary sequence below the respective 
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spectrum. The grey bars indicate the RNP motifs that are by default responsible for RNA-recognition in 

a canonical RRM and well cover the dips in the respective plots. 
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The cellular roles RNA G-quadruplexes (G4s) are an intensively discussed topic in current 

research (see Chapter 4.4). In many biological or bioinformatical studies, G-rich and possibly G4 

forming sequences are identified which are claimed to have regulatory roles. However, these 

RNAs are rarely sufficiently characterized by biophysical methods in vitro in order to satisfy the 

claim of G4 formation in vivo. In this article, a simple protocol for biophysical characterization of 

G-rich RNAs is applied to sequences obtained from a striking study by Wendel et al., in which 

G4s are found to be associated with action of the cancer therapeutic silvestrol on the human 

initiation factor eIF4A.[266] The protocol is divided into three increasingly complex steps, starting 

with CD characterization, followed by 1D-NMR spectroscopy and finally 2D-NMR spectroscopy. It 

was found that, of the six RNAs investigated, only one clearly formed a G4, while two were in an 

equilibrium with a hairpin structure. The three remaining sequences formed unspecific 

aggregates.  

All experiments, data evaluation were performed by the author of the thesis. CD and 1D-NMR 

studies were performed under supervision of Dr. I. Bessi. The manuscript was written by the 

author, I. Bessi and H. Schwalbe.



Structure Validation of G-Rich RNAs in Noncoding Regions
of the Human Genome
Oliver Binas,[a] Irene Bessi,[b] and Harald Schwalbe*[a]

Introduction

G-quadruplexes are noncanonical inter- or intramolecular struc-
tural motifs formed by G-rich DNA or RNA sequences. Their

fundamental building blocks are planar tetrads composed of

four guanine nucleobases (G-tetrad) that engage in Hoog-
steen-type base pairing (Scheme 1 A).[1, 2] Typically, two to four[3]

of these tetrads are stacked on top of each other to form the
structural motif, though larger assemblies have been reported

as well (Scheme 1 B).[4, 5] G-quadruplex folding requires mono-
valent cations, such as K+ or Na+ , because the positive charge

stabilizes the partially negatively charged O6 atoms of the gua-

nine bases.[6] Although DNA G-quadruplexes show strong
structural polymorphism due to loop variety, leading to various

possible folding motifs,[7] the presence of the 2’-OH groups in
RNA G-quadruplexes favors a C3’-endo sugar pucker and an all-

parallel folding topology (Scheme 1 B).[8] The strong stacking
interactions between the tetrads lead to a remarkable thermo-
dynamic stability,[9] with the stability of RNA G-quadruplexes

exceeding that of DNA G-quadruplexes.[10] DNA G-quadruplex-
es can be detected in vivo[11] and their fundamental role in te-
lomere maintenance as well as in gene regulation is generally

acknowledged.[12] Bioinformatics and in vitro studies[11, 13] sug-
gested the presence of G-rich putative quadruplex-forming

sites in untranslated regions (UTRs)[14] of mRNAs, as well as in

the transcripts of human telomers known as telomeric repeat-
containing RNA. RNA G-quadruplexes might be involved in

processes such as polyadenylation,[15] modulation of transla-
tional efficiency,[16, 17] and splicing.[18] However, the existence of

RNA G-quadruplexes in vivo is a matter of current scientific
debate.[19] In 2016, in-cell mapping experiments suggested that

G-rich cellular transcripts capable of forming G-quadruplex

structures after refolding in vitro are largely unfolded in eu-
karyotic cells.[20] Later studies that combined RNA G-quadru-

plex-specific precipitation with sequencing were able to detect
transient formation of RNA G-quadruplex structures in human

cells.[21] Collectively, these findings suggest the existence of
RNA G-quadruplexes in vivo as dynamic structures, their fold-
ing/unfolding dynamics governed by the cellular machinery

(possibly helicases).
By using high-throughput probing methods, deep sequenc-

ing, and bioinformatics, several studies have identified G-rich
motifs that, it was speculated, might form G-quadruplexes.[22–25]

Moreover, investigation of the interaction between RNA G-
quadruplexes and protein counterparts often involves the use

of short G-rich oligomers[26] that are assumed to form G-quad-

ruplexes in vitro, but without appropriate experimental evi-
dence in support of this assumption. High abundances of gua-

nosine residues in RNA transcripts can indicate G-quadruplex
formation, but structure, stability, and other biophysical prop-

erties remain unclear without detailed biophysical characteriza-
tion of these G-rich motifs. Although the RNA G-quadruplex

topologies are limited in terms of strand orientation by the

strong preference of RNA to form all-anti all-parallel G-quadru-
plexes, dimerization or multimerization can lead to a number

of different general topologies that can alter biological func-
tion immensely (Scheme 1). While focusing primarily on the

biological context and putting great emphasis on the role of
G-quadruplexes in regulatory systems, we wish to remark here

We present the rapid biophysical characterization of six previ-
ously reported putative G-quadruplex-forming RNAs from the

5’-untranslated region (5’-UTR) of silvestrol-sensitive transcripts

for investigation of their secondary structures. By NMR and CD
spectroscopic analysis, we found that only a single sequence—

[AGG]2[CGG]2C—folds into a single well-defined G-quadruplex

structure. Sequences with longer poly-G strands form unspecif-
ic aggregates, whereas CGG-repeat-containing sequences ex-

hibit a temperature-dependent equilibrium between a hairpin

and a G-quadruplex structure. The applied experimental strat-
egy is fast and provides robust readout for G-quadruplex-form-

ing capacities of RNA oligomers.
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Goethe University Frankfurt
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that many cell biology studies do not involve any (or involve
only sparse) biophysical characterization of G-quadruplex struc-

tures.[27–31]

Herein, we show that such advanced biophysical structural

characterization can be time- and cost-effective and should be

mandatory for any high-profile study. It should be performed
in order to establish whether putative G-quadruplex-forming

sequences are indeed actually forming G-quadruplex structures
under the tested in vitro experimental conditions.

After an illustration of the general protocol for a preliminary
biophysical screening, the analysis of six putative G-quadru-

plex-forming RNAs from the 5’-UTR of silvestrol-sensitive tran-

scripts, previously reported in Nature, is presented in detail.[32]

A simple biophysical protocol for validation of the
formation of G-quadruplex structures

We propose a stepwise screening method involving CD and

NMR spectroscopic studies and incorporating increasingly

sophisticated spectroscopic methods in each step, ultimately
providing a strong dataset for the folding potential of RNA se-

quences predicted to form G-quadruplex structures.
In a first step, CD spectroscopy is used to determine the

thermodynamic stabilities of the putative G-quadruplex struc-
tures. Additionally, general information about the folding top-

ology of the G-quadruplex can be inferred from the CD signa-

ture (Figure 1).[33] A strong response to addition of a mono-
valent cation (typically K+) is an indicator for G-quadruplex for-

mation; however, the formation of a different structure cannot
be excluded unambiguously.

Scheme 1. A) General chemical structure of a G-tetrad featuring four guanine residues and a single monovalent cation (M+). B) Examples of the possible
topologies featured in DNA and RNA G-quadruplexes.

Figure 1. Top left in each panel : CD spectra of A) TGFB1, B) MTA2, and C) MAPKAPK2 in the presence of 0 mm KCl (c) and A), B) 20, or C) 10 mm KCl (a).
The solid line spectra mark the end point of a KCl titration (Figure S1). Samples contained 10 mm RNA and 10 mm BisTris·HCl buffer (pH 6.8). Top right in each
panel : CD melting curves of A) TGFB1, B) MTA2, and C) MAPKAPK2 at 262 nm in the presence of 20, 20, and 10 mm KCl, respectively. Melting points were de-
rived from sigmoidal fitting. Samples contained 10 mm RNA in 10 mm potassium phosphate buffer (pH 6.8). Bottom in each panel : imino region of the 1D
1H NMR spectrum of A) TGFB1, B) MTA2, and C) MAPKAPK2 in the presence of 0 mm and 100 mm KCl. Samples contained 100 mm RNA, 25 mm BisTris·HCl
buffer (pH 6.8), and 10 % D2O in H2O. Severe peak broadening is observed due to the formation of large molecular aggregates.
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Although CD spectra are helpful for determining G-quadru-
plex strand topology, the question of whether or not a G-

quadruplex is formed cannot be answered conclusively
because the spectra of other structures such as G-wires[34] can

look comparable or identical to those of G-quadruplexes. 1D
1H NMR spectroscopy can help in identifying a G-quadruplex
unambiguously, because reporter signals of imino atoms in-
volved in G-tetrads resonate at a characteristic frequency of
around 11 ppm. Other than determining the number of guano-

sine residues involved in the G-quadruplex, 1D NMR data lack
further structural information, but 2D NMR spectroscopy and,

in particular, 2D 1H,1H NOESY can serve as tools for more ad-
vanced structural characterization in a third step.[35] Essentially,

2D 1H,1H NOESY spectra contain all distances below a threshold
of &6 a between the protons of the oligonucleotide. Although

these data might even be sufficient for the calculation of a

basic 3D structure, the assignment of all protons can be tedi-
ous and time-consuming and requires data from other 2D

NMR methods. Even without an in-depth analysis, however,
the general structural features of a G-quadruplex can be deter-

mined by analysis of 2D 1H,1H NOESY spectra. Further, NMR-
spectroscopic methods such as DOSY[36] or heterocorrelated

NMR can yield additional structural information.

By following these increasingly complex steps, it is possible
to achieve the biophysical and structural characterization of

any small G-quadruplex-forming oligonucleotide. It should be
noted that CD and NMR measurements require 0.05–0.5 mm
samples in a volume of approx. 0.5 mL, a quantity that can
easily be ordered and delivered within only a few working

days at comparatively low cost.

A case study—silvestrol-sensitive G-rich transcripts from
human 5’-UTR

Recent studies have suggested the involvement of G-quadru-

plexes in the function of the anticancer therapeutic silves-
trol,[37] which inhibits the initiation factor eIF4A in human T-

ALL-infected cell lines.[38] Wendel et al. found an accumulation

of G-rich sequences in the 5’-UTR of human mRNA that experi-
enced downregulation of the translational efficiency under the

influence of silvestrol.[32] Several G-rich sequential motifs that
showed a CD profile indicative of G-quadruplex formation

were identified.
In this study, we have characterized the tendency of these

six short putatively G-quadruplex-forming RNAs from the 5’-
UTR of silvestrol-sensitive mRNA transcripts to undergo G-

quadruplex formation. By using the protocol described above,
including NMR spectroscopy, we were able to monitor directly

the secondary structures actually formed and to assess the
influence of varying conditions, such as K+ , concentration, and

temperature. Five of the G-rich RNA sequences, screened in
this work (Table 1), are among the most silvestrol-sensitive

RNA transcripts, as determined in studies by Wendel et al.[32] In
addition, two flanking U residues were added to EP300 to
assess their effect on the overall structure and to impede G-

quadruplex stacking,[39] resulting in the sequence UEP300U.
CD spectroscopic examination of TGFB1, MTA2, and MAP-

KAPK2 showed a profile indicative of an all-parallel G-quadru-
plex structure[40, 41] with a maximum at 262 nm and a minimum

at 240 nm at 20 mm, 20 mm, and 10 mm KCl, respectively
(Figure 1, top left in each panel). No spectral changes were

visible after addition of more K+ ions to the system (Figure S1

in the Supporting Information). Even without K+ ions, a maxi-
mum in ellipticity at 262 nm was already observable. G-tetrad

formation requires monovalent cations, so this is atypical for a
G-quadruplex and hints at the formation of a different secon-

dary structure. The melting points could be determined by CD
melting curve analysis (Figure 1, top right in each panel) and

were determined as 54, 43, and 65 8C for TGFB1, MTA2, and

MAPKAPK2, respectively.
The type of secondary structure was further investigated by

using NMR spectroscopy. The 1D 1H spectra of all three se-
quences showed only a very broad signal in the imino region

between 10 and 12 ppm (Figure 1, bottom panels). This region
is typical for Hoogsteen-paired residues as observed in G-quad-

ruplexes.[42] Although G-quadruplexes, as compact structures,

show distinct peaks in the imino region in 1D 1H NMR spectra,
we assume that these G-rich RNA sequences form a higher-

order polymorphic structure. The NMR data suggest the forma-
tion of high-order unspecific aggregates, because large struc-

tures lead to broadening of peaks in NMR spectra, while the
peak positions differ throughout the numerous different possi-

ble lengths of such structures.[43] These aggregates might inter-

act through GG N1-carbonyl symmetric base pairs, which can
be formed even in the absence of monovalent cations, as re-
cently shown by Plavec et al.[44] Addition of KCl did not lead to
any observable change in the NMR spectra, whereas the CD

spectra, at least in the case of TGFB1, showed that a rearrange-
ment takes place. The strong positive signal at 262 nm is also

in agreement with the formation of G-wires,[5] as observed by
Protozanova and Macgregor.[34] For larger aggregates of those
G-wires, the detection of a broad signal in 1D 1H NMR spectra

Table 1. RNA sequences screened throughout the study and the corresponding effects of KCl addition as observed by CD and NMR spectroscopy.

Name Sequence Length Effect of KCl addition Effect of KCl addition Type of NMR
[nt] (CD signal at 260 nm) (NMR signal 10–12 ppm) signals observed

TGFB1 5’-GGGAGGAGGGGGA-3’ 13 moderate increase none observed broad bulge
MTA2 5’-GGGGGCGGGGGUA-3’ 13 none observed slight upfield shift broad bulge
MAPKAPK2 5’-GGGGGGCGGCGGG-3’ 13 minor increase slight upfield shift broad bulge
ADAM10 5’-AGGAGGCGGCGGC-3’ 13 strong increase signals appear defined imino signals
EP300 5’-CGGCGGCGGCGG-3’ 12 minor increase temperature-dependent chemical shift changes defined imino signals
UEP300U 5’-UCGGCGGCGGCGGU-3’ 14 minor increase temperature-dependent chemical shift changes defined imino signals
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is expected.[45] In native PAGE experiments the bands of TGFB1
and MAPKAPK2 are strongly broadened, thus supporting the

proposed folding scheme of highly polymorphic structures
(Figure S2). MTA2 shows, apart from the same broad bands, a

small defined band with an intensity that diminishes upon re-
folding (Figure S2).

ADAM10 showed no significant circular dichroism signal
without the addition of KCl (Figure 2, top left). This contrasts

with the CD data for TGFB1, MTA2, and MAPKAPK2 (Figure 1),

because those sequences showed strong signals at around
260 nm even without addition of KCl. When, however, KCl was

added to a sample of ADAM10, a positive ellipticity at 260 nm
could be observed. The end point of the titration was reached

at 30 mm KCl, and no further increase in ellipticity could be
measured. CD melting analysis was thus carried out at a KCl
concentration of 30 mm. The melting curve (Figure 2, bottom

left) shows a clear sigmoidal profile, and the melting point
could be determined as 44 8C.

G-quadruplex formation could be confirmed by 1D 1H NMR
data (Figure 2, right). In the absence of KCl, no signal apart

from a small broadened bulge was observed in the imino
region. This hints at the formation of unspecific aggregates,

analogously to the cases of TGFB1, MTA2, and MAPKAPK2.

After KCl had been added, however, three sharp separated
resonances and several overlapped signals at 11.2–11.3 ppm

could be detected. Eight signals hint at a stack of two G-tet-
rads, as can be expected from the sequence [AGG]2[CGG]2C.

The formation of a highly symmetric dimer, though, cannot
be ruled out by 1D 1H NMR spectroscopy alone.[46] We acquired

1D 1H and 2D 1H,1H NOESY spectra at a higher concentration

(700 mm) and discovered two additional imino proton signals,
resonating at 10.3 and 9.3 ppm (Figure 3 A), that were only

faintly visible at 50 mm. A possible hypothesis that could ex-

plain this strong chemical shift perturbation might be ring
current effects due to the stacking of terminal or loop residues

on the G-tetrad. We investigated the general topology of the
G-quadruplex by analysis of the 1H,1H NOESY spectrum (Fig-

Figure 2. Top left : CD spectrum of ADAM10 in the presence of 0 (a) and
30 mm (c) KCl; 30 mm KCl marked the endpoint of the titration (Fig-
ure S1). The sample contained 10 mm RNA and 10 mm BisTris·HCl buffer
(pH 6.8). Bottom left : CD melting curve of ADAM10 at 262 nm in the pres-
ence of 30 mm KCl. The melting point was derived from sigmoidal fitting.
The sample contained 10 mm RNA in 10 mm potassium phosphate buffer
(pH 6.8). Right: Imino region of the 1D 1H NMR spectrum of ADAM10 in the
presence of 0 and 100 mm KCl. Samples contained 100 mm RNA, 25 mm Bis-
Tris·HCl buffer (pH 6.8), and 10 % D2O in H2O.

Figure 3. Further investigation of ADAM10 by 2D NMR spectroscopy.
A) Imino region of the 1D 1H spectrum. B) Imino–aromatic region, highlight-
ing strand interactions. C) Four-tetrad G-quadruplex layout as suggested
from 2D data. D) CD melting curve at an RNA concentration of 300 mm.
E) Full imino region of the 2D 1H,1H NOESY spectrum, highlighting two
peaks showing three NOESY crosspeaks. F) DOSY of ADAM10 showing
zooms of the 1,4-dioxane reference peak and the aromatic RNA peaks.
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ure 3 B, E). On inspection of the imino proton crosspeaks, we
found that crosspeaks from imino proton signals to three

other signals are visible (Figure 3 E, solid and dashed lines) ; this
would not be expected from a two-tetrad G-quadruplex but

could be explained by these residues lying between two tet-
rads, as in three- or four-tetrad G-quadruplexes. In this case

two imino proton crosspeaks to the adjacent tetrads and a
third crosspeak to the neighboring base in the same tetrad

would explain the observation. Additionally, the imino to aro-

matic crosspeak region shows that it is possible to follow
cross-signals over more than two H1–H8 layers (Figure 3 B).

From these observations, the topology of the ADAM10 G-
quadruplex would be expected to include four G-tetrads, so a

bimolecular G-quadruplex should be formed. We were able to
confirm the formation of such a higher-order structure by
DOSY spectroscopy (Figure 3 F), in which we determined a hy-

drodynamic radius of 13.7 a. A comparable value of 13.9 a was
observed in the four-tetrad G-quadruplex of the modified DNA

GG-Az1-GG.[46] The DOSY peaks of ADAM10 and of the refer-
ence substance 1,4-dioxane are shown in Figure 3 F. Additional

peaks with a higher diffusion coefficient are observed, corre-
sponding to an even higher-order structure with a hydrody-

namic radius of 18.8 a that is partially populated.

To provide additional verification of the formation of dimeri-
zation we conducted CD melting experiments at a higher con-

centration (300 mm, Figure 3 D). We observed a rise in the melt-
ing temperature from 44 to 71 8C, in comparison with the

lower concentration (10 mm) investigated before (Figure 2).
From the number of imino peaks observed, symmetry can be

proposed. Combined with the requirement of an all-anti all-

parallel G-quadruplex, this leads to two possible topologies
(Figure 3 C). These differ in the stacking tetrads, which feature

the 5’- or 3’-terminal residues.[47] The exact determination of
the topology including the G-residue polarity would require a

full assignment of the NMR signals. Only in rare cases can this
be achieved from NOESY data alone; most commonly it in-

volves isotopic labeling of single nucleotides in various NMR

samples[48] or uniform labeling of one NMR sample. These tech-
niques require considerable preparative effort, so their applica-
tion is beyond the scope of a topological screening, as carried
out here.

In circular dichroism spectra of EP300 (Figure 4 A, top left)
only moderate changes in ellipticity were visible upon addition

of KCl. Whereas the peak at 260 nm only showed slight varia-
tion in intensity, a small positive peak at 240 nm and a nega-
tive peak at 290 nm appeared at high KCl concentrations. Sub-

sequently, circular dichroism at 260 nm was measured over a
temperature range between 5 and 95 8C, revealing biphasic be-

havior with two different transition points: 25 and 44 8C. Sub-
sequent analysis of the NMR imino proton region on titration

with KCl, as well as of its temperature dependence, led to the

same finding. At 0 8C signals with equal intensity could be
observed in the regions characteristic of Hoogsteen base pairs

(10–12 ppm) and of Watson–Crick base pairs (12–14 ppm).
Upon heating, the low-field signals diminished, vanishing com-

pletely above 30 8C. Simultaneously, the intensity of the high-
field imino signals increased. This observation indicates a ther-

mal equilibrium between a duplex or hairpin and a G-quadru-
plex, with the G-quadruplex showing a higher thermal stability.
The two states showed different electrophoretic mobilities in
native PAGE, resulting in two slightly separated bands at 4 8C

but in no such observation being made at 40 8C (Figure 4,
lanes 1–3). The electrophoretic mobility of the duplex or hair-

Figure 4. Top left : CD spectra of A) EP300, and B) UEP300U in the presence
of 0 mm (dotted lines), A) 30 mm, or B) 10 mm (dashed lines), and A) 50 mm,
or B) 70 mm KCl (solid lines). Concentrations of 50 and 70 mm KCl marked
the end points of the titration. The sample contained 10 mm RNA and
10 mm BisTris·HCl buffer (pH 6.8). A), B) Bottom left : CD melting curves of
EP300 and UEP300U at 262 nm in the presence of 50 or 70 mm KCl, respec-
tively. Melting points were derived from sigmoidal fitting. The sample con-
tained 10 mm RNA in 10 mm potassium phosphate buffer (pH 6.8). Right:
Imino regions of the 1D 1H NMR spectra of EP300 and UEP300U at 10, 40,
and 50 8C. Samples contained 100 mm RNA, 25 mm BisTris·HCl buffer (pH 6.8),
and 10 % D2O in H2O. C) Native PAGE (15 %) of EP300 and UEP300U at 4 and
40 8C at increasing RNA concentrations. The gel was run for 4 h at 0.5 W
with 1 V TBE buffer (50 mm KCl) as running buffer. Samples contained 12, 24,
and 36 mm (EP300) or 20, 40, and 60 mm (UEP300U) RNA, 30 % glycerol,
50 mm KCl, and 1 V TBE buffer. 10 nt ssRNA was used as a reference.
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pin structure is comparable with that observed for the G-quad-
ruplex structure.

The same set of experiments was conducted on UEP300U,
with comparable results. Interestingly, addition of two flanking

U residues to the sequences enhances the thermal stability of
the low-temperature structure (possibly duplex or hairpin) rela-

tive to that of the G-quadruplex. Thus, imino signals of
Watson–Crick bound residues were observed even at 40 8C,

whereas in the case of EP300 these signals had completely

vanished at this temperature. Analysis of the CD melting curve
supports this observation, with the melting point of the low-

temperature structure being shifted to 30 8C for UEP300U. The
CD profiles of UEP300U showed a more pronounced potassium

dependency then those of EP300. The spectral changes upon
addition of small amounts of KCl were subtle and led to a
spectrum characteristic of an all-anti all-parallel quadruplex,

whereas at higher concentrations a positive signal at 240 nm
and a negative signal at 290 nm were observed, accompanied

by a decrease in the positive signal at 260 nm. Such spectra
have previously also been observed in the cases of Z-DNA[49]

and Z-RNA.[50] These helices can form from purine-pyrimidine
repeat sequences.[51] Hairpin formation with two [CG] base

pairs and a GG mismatch has been observed previously,[52] so

formation of a duplex mimicking the CD characteristics of Z-
RNA at high salt concentrations could explain the unusual CD

spectral characteristics of EP300 and UEP300U. In contrast, Ryp-
niewski et al. observed an A-type helical structure of CGG

repeats in crystallographic studies.[53] As in the case of EP300,
the two structures of UEP300U at low temperature can also be

observed in native PAGE (Figure 4, lanes 4–6).

Discussion

Herein, we report a three-step protocol for the characterization

of putative G-quadruplex-forming RNA oligomers. The protocol

involves CD and NMR screening, including CD melting curve
analysis and 1D and 2D NMR.

We have demonstrated the application of the protocol by
using NMR and circular dichroism studies to probe the struc-

tural preferences of six different G-rich RNAs—from the 5’-UTR
of human mRNA—that are involved in the modulation of
eIF4A suppression by silvestrol. It was found that three of the
sequences, despite being G-rich, did not form distinct G-quad-

ruplex structures, but produced aggregates in an unspecific
manner. The [XGG]4 repeat sequences ADAM10, EP300, and
UEP300U, however, did fold into G-quadruplexes, with EP300

and UEP300U existing in thermal equilibrium with hairpin
structures.

Circular dichroism studies of four of the putative G-quadru-
plex-forming sequences showed high spectral similarities,

especially under the influence of KCl. CD spectra of TGFB1,

MTA2, MAPKAPK2, and ADAM10 each showed a strong positive
band at 260 nm after addition of KCl, with differences being

merely visible before the addition, when the RNA was assumed
to be unfolded. Before KCl addition, MTA2, MAPKAPK2, and—

to some extent—TGFB1 already showed a positive peak. By
using NMR spectroscopy and PAGE we were only able to con-

firm G-quadruplex folding in the case of ADAM10, which forms
a four-layer quadruplex. This quadruplex shows a low thermal

stability with a melting point of only 44 8C at a concentration
of 10 mm. At 300 mm this rises to 71 8C, likely due to dimer

formation, which leads to a four-tetrad structure. These have
already been observed to be thermodynamically more stable

than two-tetrad G-quadruplexes.[54] The bimolecular nature of
this quadruplex is only evident through 2D NMR investigation
but could be confirmed by DOSY NMR spectroscopy. NMR

spectra revealed that TGFB1, MTA2, and MAPKAPK2 form un-
specific aggregates of high molecularity with or without addi-

tion of KCl. The absence of a monovalent cation hinders G-
tetrad formation, so interaction through GG N1-carbonyl sym-
metric base pairs is assumed in this case. Under the influence
of potassium, a change in the CD spectrum of TGFB1 suggests

the formation of G-wires, whereas the behavior of MTA2 and
MAPKAPK2 remains unclear. Because NMR spectroscopy fails to
resolve structures of such a size, those structural preferences
cannot be confirmed beyond doubt, but G-quadruplex forma-
tion can be ruled out. The structural polymorphism is support-

ed by native PAGE, with the gel bands being broadened
almost beyond detection. The small defined band of MTA2,

which is observed alongside the broad main band, diminishes

upon refolding, thus indicating a small thermodynamic barrier
to aggregate formation.

The structure of CGG-repeat-containing RNA is a subject of
current scientific debate.[55, 56] Contributing to this, we collected

CD and NMR spectroscopic data for the sequences [CGG]4

(EP300) and U[CGG]4U (UEP300U). CGG repeats are known to

form helical structures with a non-Watson–Crick GG base

pair.[52] We were able to identify Watson–Crick bases in the
NMR spectra of EP300 and UEP300U accordingly. Additionally a

high-temperature structure exists in a temperature-dependent
structural equilibrium. It is assumed to be a G-quadruplex be-

cause the involved imino protons resonate in the region typi-
cal of Hoogsteen-bound G residues. Although the tempera-

ture-dependent transition between two structural states was

determined by CD melting studies, the structural characteris-
tics of each state could be deconvoluted only by NMR. We

were able to show that high temperature favors the formation
of the G-quadruplex over the duplex. The transition tempera-
ture from hairpin to G-quadruplex was higher in the case of
the uridine-flanked sequence UEP300U. This might be because

of the capping effect of dangling ends, which stabilizes RNA
duplexes.[57] In addition, flanking sequences can negatively
affect the stability of G-quadruplex structures ;[58] this adds to

the higher relative stability of the hairpin. Even though G-
quadruplexes are stabilized by monovalent cations, the duplex

seems to be the preferred conformation at high salt concentra-
tions, if room temperature data as observed from CD experi-

ments are considered. Despite CGG repeats forming an A-helix

in crystals and Z-RNA in general forming at very high salt con-
centrations,[59] CD spectra of EP300 and UEP300U hint at du-

plexes that exhibit characteristics of Z-RNA. The reason for this
behavior remains unclear. However, such structural equilibria

are of great biological importance and can be tuned by cellular
key factors such as cation levels[60] or tRNA concentration.[61]
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The electrophoretic mobility of the duplex structure is slightly
lower than the mobility of the G-quadruplex in both RNAs. Be-

cause the electrophoretic mobility in native PAGE depends not
only on size, but also on compactness of the structure, the mo-

lecularity cannot directly be deduced from this data point.
NMR spectra of the duplex show at least five imino signals,

thus hinting at a bimolecular duplex.

Conclusions

We were able to elucidate the conformational space of six
small G-rich mRNA fragments, from human 5’-UTR of mRNA

transcripts that are sensitive to silvestrol, by applying a three-
step screening protocol involving CD and NMR spectroscopy.
Three of the six oligonucleotides do not fold into G-quadru-
plexes as expected, but instead aggregate unspecifically.
ADAM10 ([AGG]2[CGG]2C) forms a four-tetrad all-anti all-parallel

G-quadruplex. EP300 and UEP300U ([CGG]4 and U[CGG]4U)
each fold either into a duplex or into a G-quadruplex depend-

ing on the conditions, in particular temperature and salt con-
centration. G-quadruplex structures are believed to be involved

in the therapeutic mechanisms of the anticancer drug silves-
trol, so understanding of the structural characteristics of the in-

vestigated G-rich sequences is of great importance for discrimi-

nating between potential G-quadruplexes and other G-rich se-
quences. By applying the three steps of our screening protocol

in order, we were able to show that CD spectroscopy, although
offering a rapid and cost-effective method for obtaining pre-

liminary information on the nature of a secondary structure,
cannot be used alone to assess the actual conformation of a

G-rich oligonucleotide. NMR spectroscopy is necessary to un-

ravel the information obtained by CD spectroscopy and to
shed light on the actual conformation(s) present in solution.

The protocol could be useful for obtaining all data points nec-
essary for characterization of the structural characteristics of

such oligonucleotides.

Experimental Section

RNA sample preparation : The oligoribonucleotide sequences
[GGGAGGAGGGGGA] (TGFB1), [GGGGGCGGGGGUA] (MTA2), [GGG-
GGGCGGCGGG] (MAPKAPK2), [AGG]2[CGG]2C (ADAM10), [CGG]4

(EP300), and U[CGG]4U (UEP300U) were bought from Dharmacon
(GE Healthcare). RNA samples were purified (HPLC), desalted, pre-
cipitated with LiClO4 (2 %, w/v in acetone, 5 volumes) and stored in
aqueous stock solutions.

Circular dichroism : All CD experiments were carried out with a
Jasco J-810 CD spectrometer (Jasco, GmbH) and use of quartz opti-
cal cuvettes with 0.1 cm path length (0.01 cm path length was
used for ADAM10 at 300 mm concentration). For CD titration ex-
periments with KCl, RNA samples with a concentration of 10 mm in
potassium-free BisTris·HCl buffer (pH 6.8, 10 mm) were prepared.
The titration range was 0 to 70 mm KCl. Resulting CD spectra were
baseline-corrected and corrected for sample dilution. The data
were smoothed by application of a Savitzky–Golay filter[62]

(10 points).

For CD melting curves the samples contained the RNA of interest
(10 mm, 300 mm in one additional experiment for ADAM10), potassi-

um phosphate buffer (pH 6.8, 10 mm), and potassium chloride
according to the previously determined end point of the titration.
The peak ellipticity was monitored over a temperature range from
5 to 95 8C with a scan rate of 1 8C min@1.

Native PAGE : Aqueous stock solutions of RNA were diluted to con-
centrations of 10–30 mm in TBE buffer (1 V) with addition of glycer-
ol (30 %) and KCl (50 mm). Polyacrylamide gels (15 %) containing
TBE (1 V) and KCl (50 mm) were cast and run with the samples at
0.5 to 0.8 W for 4 h at 4 or 40 8C. The running buffer contained TBE
(1 V) and KCl (50 mm). Gel visualization was achieved by GelRed
staining and subsequent imaging under UV light.

Nuclear magnetic resonance : 1D 1H NMR spectra were acquired
with 800 MHz Bruker AVIII (MTA2, MAPKAPK2), 600 MHz Bruker
AVIII HD (TGFB1, ADAM10), and 600 MHz Bruker AVII (EP300,
UEP300U) spectrometers (Bruker Biospin) equipped with Cryo TCI
1H[13C,15N], Prodigy TCI 1H[13C,15N], and Cryo TCI 1H[13C,15N] probes,
respectively. Samples contained RNA (100 mm), BisTris·HCl (pH 6.8,
25 mm) for KCl titrations or potassium chloride buffer (pH 6.8,
25 mm) for temperature series, and DSS (25 mm) in H2O/D2O (9:1, v/
v). The final sample volumes of 280 mL were transferred into 5 mm
Shigemi tubes (Shigemi, Inc.). 1D 1H NMR spectra were recorded
with 256 scans, 4096 points, and 1.5 s relaxation delay. Water sup-
pression was applied by using a jump-and-return echo se-
quence.[63]
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Figure S1. Raw CD KCl titration data of investigated RNAs. CD curves are colored from black 

(0 mM KCl) to blue (70 mM KCl). Arrows indicate changes in the CD signatures observed at 

higher KCl concentration. Endpoints of the titration mentioned in the manuscript are 

marked. 

 



 

Figure S2. 15%‐Native PAGE of TGFB1, MTA2 and MAPKAPK2. Without refolding (lanes 1, 3, 

5) and after refolding by heating to 95 °C and rapid cooling (lanes 2, 4, 6).  
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G-quadruplexes (G4s) can serve as highly interesting and versatile building block in the currently 

emerging field of nano structure and nano machine development (see Chapter 5.3). While many 

of these approaches rely on the addition of a “fuel” molecule to exert molecular action or sense 

certain cell metabolites, light can also serve as an external trigger, if photoresponsive moieties are 

involved. In this article, the development and structural characterization of a highly symmetrical 

photosensitive DNA G4 is shown, which consists of an azobenzene moiety linked to two 

guanosine residues on each side. The G4 forms upon potassium addition and can be 

disassembled by UV-illumination as the azobenzene moiety conformationally switches. Since 

azobenzene is a reversible photoswitch, subsequent illumination with visible light leads to 

reformation of the G4 structure, an effect that can be reliably cycled. Photoswitching as well as 

formation and decomposition of the structure was monitored using CD- and NMR- and FTIR 

difference spectroscopy. The three-dimensional structure of the assembled G4 was subsequently 

determined by NMR-spectroscopy, involving angular restraints derived from E.COSY and high-

resolution J-sensitive HSQC experiments. Interestingly, it was found that the G4, which was 

assumed to be bimolecular formed a stacked dimer, leading to a tetramolecular structure, as 

proven by careful investigation of NOESY-signals, diffusion ordered NMR spectroscopy[425] and 

comparative structure calculation.  

The author of the thesis was provided with the DNA by Dr. J. Thevarpadam of the group of Prof. 

Heckel. All NMR experiments involved in the structural characterization as well as NMR 

experiments monitoring photoswitching and subsequent data evaluation were carried out by the 

author of the thesis under supervision of Dr. I. Bessi. The structure calculation was performed by 

Dr. H.R.A. Jonker. The author contributed to the corresponding paragraphs of the manuscript. 
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Photoresponsive Formation of an Intermolecular Minimal
G-Quadruplex Motif
Julie Thevarpadam+, Irene Bessi+, Oliver Binas+, Diana P. N. GonÅalves, Chavdar Slavov,
Hendrik R. A. Jonker, Christian Richter, Josef Wachtveitl, Harald Schwalbe,* and
Alexander Heckel*

In memory of Gerhard Quinkert

Abstract: The ability of three different bifunctional azoben-
zene linkers to enable the photoreversible formation of
a defined intermolecular two-tetrad G-quadruplex upon UV/
Vis irradiation was investigated. Circular dichroism and NMR
spectroscopic data showed the formation of G-quadruplexes
with K+ ions at room temperature in all three cases with the
corresponding azobenzene linker in an E conformation.
However, only the para–para-substituted azobenzene deriva-
tive enables photoswitching between a nonpolymorphic,
stacked, tetramolecular G-quadruplex and an unstructured
state after E–Z isomerization.

G-Quadruplexes are important DNA secondary structures.
The structures form in an intramolecular manner or by
association of multiple strands and can exist in many
polymorphic forms.[1–4] G-Quadruplexes are important regu-
latory elements in the genome[5, 6] but they are also selected in
SELEX procedures as versatile aptamers (SELEX = system-
atic enrichment of ligands by exponential amplification).[7]

For example a simple G-rich DNA 15mer can inhibit blood
clotting.[8] In DNA nanoarchitectures, G-quadruplexes can
act as interesting structural scaffolds.[9–14]

Light is an ideal external trigger signal that can be highly
selective and superior to changes in temperature and
pH value. Localized irradiation, for example in laser scanning

microscopes, allows for very precise spatiotemporal and dose
control,[15–18] far beyond the precision of the injection of
trigger compounds, as recently shown for blood clotting and
miRNA.[19, 20]

The ability to control a process by light can be introduced
either by using photolabile groups or photoswitches such as
azobenzene.[24, 25] The use of photolabile groups has been
applied to G-quadruplexes which were either formed or
destroyed irreversibly upon light irradiation.[21–23]

In the G-quadruplex field, Ogasawara and Maeda have
used stilbene-type substituents to control the formation of G-
quadruplexes by light-induced E–Z isomerization.[26] Spada
et al. controlled the self-assembly of guanosine monomers in
a similar fashion.[27] The formation of G-quadruplexes can
also be induced by small molecules that act as molecular
chaperons in the absence of cations.[28–30] Zhou et al. devel-
oped azobenzene-containing small-molecule chaperones to
regulate G-quadruplex formation.[31] Tan et al. synthesized an
azobenzene-modified antisense DNA linked to a thrombin-
binding aptamer to regulate G-quadruplex formation.[32]

Herein, we present a minimal light-switchable DNA
module enabling the formation of an intermolecular and
conformationally well-defined G-quadruplex structure with
a photoswitchable azobenzene residue as part of the back-
bone structure (Figure 1).

Azobenzene derivatives Az1, Az2, and Az3 (Figure 2 a)
were employed as photoswitchable linkers between two sets
of two consecutive guanosine moieties and were introduced
using DNA solid-phase synthesis. The size and substitution
patterns on the azo linkers were chosen to offer a suitable
balance between the rigidity and flexibility of the overall
structure, such that the photoswitch in the E conformation
should permit the formation of a G-quadruplex, whereas in
the Z conformation no such G-quadruplex formation should
be possible. Simple predictions suggested that Az1 can bridge
a distance of 13.2–13.6 è in the E conformation and 7.7–

Figure 1. Sequence and numbering of the azobenzene derivative used
and characterized in this study, with the azo unit (Az1) shown in gray.
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11.5 è in the Z conformation between the two oxygen atoms
adjacent to the azobenzene core. Going from a para–para to
a para–meta substitution pattern in Az2, these values change
to 11.1–13.6 è and 9.0–11.9 è, respectively. The O¢O dis-
tance at equivalent positions in the narrow grooves in G-
quadruplex structures can reach 11–12 è (see for example
PDB 2GKU). We also included the double homologue Az3
(8.8–14 è in the E conformation and 7.3–12.4 è in the
Z conformation). Clearly, minor changes in the structure of
the azo linker result in significant changes of the “hinge
qualities” of the photoswitch linkers. All of these consider-
ations should be considered with reservation given the highly
polymorphic nature of G-quadruplex structures and their
respective structural flexibility. We specifically refrained from
using longer homologues so as not to dissipate the perturba-
tion induced by the E–Z transition into too many internal
degrees of freedom.

Initial 1H NMR (100 mmK+) characterization of the short
azobenzene-linked sequences chosen for this investigation
showed signals in the imino region of the spectrum, typical for
Hoogsteen-type hydrogen bonds (Figure 2b), suggesting the
formation of G-quadruplex structures. Circular dichroism
(CD) studies were performed to assess the conformational
properties of the modified G-rich sequences. After the
addition of 25 mm of K+ ions, a positive signal around l =

295 nm and a negative signal near l = 260 nm were detected
for all three systems, indicating formation of antiparallel G-
quadruplex structures (see Figure 3 a for GG-Az1-GG and
the Supporting Information for GG-Az2-GG and GG-Az3-
GG).[33, 34] Interestingly, 1H NMR analysis of the different
derivatives revealed structural polymorphism for GG-Az2-
GG and GG-Az3-GG which was not detectable by CD. In all
three cases, no formation of higher order aggregates was
detected (see Figure S58 in the Supporting Information). For
details on the thermal stability of the structures formed by the
three sequences, please see Figure S5.

Only four 1H NMR signals for imino groups, indicating
a highly symmetric G-quadruplex structure, were detected
after addition of K+ to GG-Az1-GG. The 1H NMR spectra of
GG-Az1-GG also showed that at a K+ ion concentration of
25 mm, the intensity of the set of imino signals was already

65% of its maximum value, whereas at a 5 mm K+ ion
concentration, the signal intensity was at 10% of its maximum
(Figure 3b). In absence of K+ ions there is no detectable
interaction between the nucleobases, indicating that neither
G-quadruplexes nor any other aggregates of the oligonucleo-
tide strands are formed. Additionally, at Na+ concentrations
of up to 500 mm, we did not detect the formation of any
secondary structure (Figures 3c and 3d). In this case, G-
quadruplex formation was induced only after adding an
additional 100 mm of K+ ions (Figure 3d; Figure S39).

For another recent example of ion selectivity in G-
quadruplexes and possible application in nanotechnology, see
also Ref. [36]. Cation selectivity has also been reported for the
thrombin-binding aptamer G-quadruplex,[37] whose G-tetrad
core adopts the same folding topology as we have determined
for GG-Az1-GG (see Figure 4 and the corresponding dis-
cussion). We propose that the smaller size of the Na+ ion is
not optimal to coordinate all eight O6 atoms in the two-tetrad
cavity, which is necessary to keep the GG-Az1-GG in a stable
quadruplex structure. Furthermore, the azobenzene linkers
may introduce additional strain to the ionic channel, leading
to the observed ion selectivity.

We investigated structural changes upon photoswitching
of the azobenzene units. Two distinguishable sets of CD
spectra could be obtained upon irradiation with either UV or
visible light (Figure 3e). After an initial irradiation with
UV light for 5 min, the CD signal at l = 295 nm disappeared
completely. Over the course of 30 min, the system reached
thermal equilibrium (red data points in Figures 3e–g).
Whereas the thermal Z–E isomerization occurs over the
course of several days (Figure S42), irradiation with visible
light for a short period of time (2 min) led to the almost
complete recovery of the initial CD signal after 15 min of
equilibration (Figure 3 f) which could also be paralleled with
corresponding NMR experiments (Figure 3h; Figure S60a).
1H NMR spectroscopy showed the complete disappearance of
signals for the imino protons upon irradiation with UV light
and their almost complete recovery after irradiation with
visible light (Figure 3 i, 100 mm of K+). We found that the
degree of recovery after irradiation with visible light is
a function of the DNA concentration: although at 50 mm the
recovery of signals attributable to a G-quadruplex structure
after irradiation with visible light is basically complete,
a sample containing 125 mm DNA shows 75% recovery of
resonance signals for the G-quadruplex 15 min after irradi-
ation. However, the recovery of the G-quadruplex structure is
complete after thermal equilibration (Figure S60a).

We speculate that at DNA concentrations concentrations
greater than 50 mm, after UV illumination unspecific aggre-
gates are formed (indicated by a broad signal in the aromatic
region of the 1H NMR spectrum) that slowly convert into the
quadruplex folded state and/or to the completely unfolded
state.

No effects of UV degradation (such as the photo-
oxidation of guanine) were detected in the aromatic region
of the 1D 1H NMR spectra after repetitive UV/visible-light
irradiation cycles (Figure S60b). Additionally, UV/Vis differ-
ence spectra (Figure S6) showed the differential absorption
signature typical for G-quadruplexes.[38]

Figure 2. a) The structures of the azo units employed in this study.
b) Imino regions of the 1D 1H NMR spectra of GG-Az1-GG, GG-Az2-
GG, and GG-Az3-GG in the presence of KCl (100 mm). Experimental
conditions: DNA (50 mm), Tris-HCl buffer (50 mm ; pH 7.4), 298 K,
600 MHz.
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Photoswitching of GG-Az1-GG was also evident in the
FTIR difference spectra (Figure 3 j, bottom; Figure S53). The
azobenzene isomerization and the subsequent disruption of
the G-quadruplex structure led to a bathochromic shift
(1675 cm¢1!1667 cm¢1) of the C=O stretching band[39–41]

and to batho- and hypsochromic shifts of the bands associated
with the C=C and C=N purine ring vibrations (1550–
1590 cm¢1 range),[39, 41] features reported in the literature to
be characteristic of G-quadruplex melting.[39, 41] Ultrafast UV-
pump/mid-IR-probe experiments[42] in the carbonyl stretching
vibration range (Figure 3 j, top left; Figure S54–55) were
performed to investigate the dynamics of the G-quadruplex
after E azobenzene excitation (l = 335 nm). In the first
picoseconds after laser excitation, the transient absorption
data are dominated by the cooling dynamics of the C=O
stretching band (1645–1680 cm¢1) with a lifetime of circa
11 ps. The absorption and bleach bands for the product state
become visible after circa 10 ps (see the infinity spectrum in
Figure 3 j, top right). The last spectrum in the transient
absorption data is essentially a Z–E IR spectrum of GG-Az1-
GG at about 1800 ns. Evidently, this spectrum does not fully
match the corresponding FTIR difference spectrum (Fig-
ure 3 j, bottom), which indicates that despite the nearly
instantaneous disruption of the FTIR features of a G-quad-

ruplex, residual conformational dynamics occur on longer
time scales.

For studies of GG-Az1-GG derivatives elongated or
shortened at the 3’- and 5’-end and for the results obtained
with the sequence GGG-Az1-GGG, please see Figures S40/
S41 and S57, respectively.

To elucidate the molecular structure of the homogene-
ously folded GG-Az1-GG, 2D NMR experiments (2D
1H–1H NOESY, 1H–13C HSQC, and 1H–13C HMBC) were
conducted to obtain the complete proton chemical shift
assignment. Distance restraints were derived from NOE data
and additional angular restraints were obtained from high-
resolution 1H–13C HSQC, 2D 1H–1H P.E.COSY, and 1H–
31P TOCSY experiments.[43] Assignment and J-coupling anal-
ysis are reported in the Supporting Information.

The folding topology of GG-Az1-GG was determined on
the basis of NOESY data. As indicated by intra-tetrad H1–H8
connectivities (Figures S44), GG-Az1-GG adopts a symmet-
ric, antiparallel G-quadruplex structure with tetrads com-
posed as shown in Figure 4 a,b. The edgewise loops containing
the azobenzene moieties are located above the G2–G4 tetrad.
The anomeric-aromatic region of the NOESY spectrum
(Figure S45) indicated a syn conformation for the glycosidic
bond of residues G1 and G4 and an anti conformation for
residues G2 and G5.

Figure 3. Spectroscopic characterization of the GG-Az1-GG sequence. a) CD spectra recorded with increasing K+ concentrations (0, 5, 25, 50,
100 mm). b) 1D 1H NMR spectra showing the imino region recorded in the presence of different KCl concentrations. c) CD spectra with
increasing concentrations (0, 50, 100, 200, 300, 400, 500 mm) of Na+. d) Imino region of the 1D 1H NMR spectra in the presence of increasing
amounts of NaCl and KCl. e) CD spectra of GG-Az1-GG with photoirradiation (5 min UV, 2 min visible light) and f) corresponding time course of
the signal at l =295 nm under the indicated treatment. Cycling of the photoresponsive structural conversion of GG-Az1-GG by alternate
irradiation with UV (15 min) and visible (4 min) light as monitored g) by CD at l= 295 nm and h) by 1H NMR ([DNA] =125 mm, [KCl] = 100 mm)
at d= 11.55 ppm (green line; monitoring the intensity of the signal for the imino proton of residue G5 in the E conformation) and at 6.64 ppm
(red line; monitoring the intensity of the signal for the aromatic proton from the azobenzene moiety in the Z conformation). Absolute NMR peak
intensities are referenced to an internal standard. i) Imino region of the 1D 1H NMR spectra ([DNA] =50 mm, [KCl] =100 mm) showing spectral
changes with photoirradiation (30 min UV, 2 min visible light). j) IR difference spectra (bottom); IR transient absorption data recorded from GG-
Az1-GG after excitation of the azobenzene moiety at l =335 nm (top left); decay-associated spectra from the global lifetime analysis[35] of the
transient absorption data (top right).
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Intriguingly, the structure of GG-Az1-GG resembles very
much the ones of the G-quadruplex formed by the thrombin-
binding aptamer (PDB: 148D, NMR; and PDB: 4DII, X-
ray)[37,44] and in the promoter region of the B-raf gene
(PDB: 4H29; see Figure S59 for an overlay).[45]

Hydrogen–deuterium exchange experiments (Figure S46)
revealed that imino protons belonging to residues G1 and G5
are protected from solvent exchange. This result suggests
a tetrameric G-quadruplex consisting of two dimeric units
with the previously defined topology, in which the G1–G5
tetrads of both dimers face each other (Figure 4 c). The
stacking of two dimeric G-quadruplex units is supported by
DOSY data (Figure S47). The structure of the tetramer
(Figure 4d) was calculated using ARIA (details in the
Supporting Information). The tetrameric arrangement was
further supported by the fact that structure calculations as
either monomer or dimer led to NOE violations. A significant
number of NOEs are unambiguously assigned for the dimer
and tetramer (Table 1). The prevalent conformation of the
sugar moieties of G1, G2, and G4 is C2’-endo (confirmed by
typical strong NOE cross-peaks and 3J coupling constants).
Only the 3’-terminal G5 sugar moiety is less well-defined, in
part caused by resonance overlap, but manual inspection of
the NOE cross-peaks (which are weaker than for the others)
also suggest that this sugar possibly interconverts between the
C3’-endo and C2’-endo conformations. Therefore no addi-
tional torsion angle restraints were included for the G5
nucleoside. The final bundle of structures was refined in
explicit water, including three coordinated potassium ions
within the tetrads. The structure is well-defined with an
average root-mean-square deviation (RMSD) to mean for all
atoms of 0.60 è.

In summary, we have developed a photoswitchable G-
quadruplex module and have characterized its photochemical
behavior and its 3D conformation. Out of three investigated

photoswitchable linkers in a number of sequence contexts,
only GG-Az1-GG showed a defined and robust structural
behavior. The system shows excellent photocontrol by UV/

Figure 4. a) The G2–G4 tetrad and b) the G1–G5 tetrad with color coding corresponding both to the structure shown in (c) and to residue
numbering given in Figure 1. c) Representation of the structure of the tetramer, with each monomer displayed in a different color. Conformations
of the bases (syn or anti) are indicated. d) NMR solution structure of the G-quadruplex, showing the best representative of the bundle (indicated
faintly in the background). K+ ions are shown as gray spheres. PDB-code: 2N9Q; BMRB-code: 25915.

Table 1: Statistics of the structure calculation.[a]

NOE distance restraints 193
Unambiguous NOEs: 146

intra-residue 87
sequential 42
long-range 1
dimer 4
tetramer 12

Ambiguous NOEs: 47
intra-residue 5
intra-monomer 22
monomer or dimer 7
monomer or tetramer 3
dimer or tetramer 8
mono-, di-, or tetramer 2

Distance restraints 14
intra-monomer hydrogen bonds 4
inter-monomer hydrogen bonds 4
potassium site coordination 6

Base planarity 4
intra-monomer 2
inter-monomer 2

Torsion angles 35
backbone 13
b (from 3J(H5’1,2,P)) 3
glycosidic (c) 4
sugar pucker 15

Violations 0
distances (>0.3 ç) 0
dihedral angles (>5 88) 0

RMSD (average to mean)
monomer (all atom) 0.55 ç
tetramer (all atom) 0.60 ç

[a] Statistics per monomer.
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Vis irradiation, qualifying it as the smallest photocontrollable
DNA switch reported to date. Irradiation with UV light of
wavelength l = 365 nm and with visible light is known not to
be harmful to DNA or to cells and tissues.[17]

Numerous applications for such a photoswitchable G-
quadruplex can be envisioned. The structure may, for
example, find application as the glue for photocontrolled
(dis)assembly of new fine-tunable nanoarchitectures or as an
optomechanical molecular motor.[46]
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Synthesis of azobenzene-derived phosphoramidites 

 

 

Figure S1. Synthesis scheme of azobenzene-derived phosphoramidites. 

 
General: Compounds 3 and 4 were synthesized according to literature procedure.[1] All reactions were 
performed under argon atmosphere using solvents of p.a. quality or higher. Dry solvents were 
purchased in sealed bottles over molecular sieves. For flash chromatography silica gel 60 by 
Macherey Nagel was used. TLC analysis was performed on aluminium plates coated with silica gel60F 
254 (Merck). NMR spectra were recorded on BRUKER AV 300, AV 400 MHz or AV 500 MHz 
instruments. HRMS spectra were recorded on Thermo Scientific MALDI LTQ Orbitrap.  
 
General Procedure I: Nitrobenzyl alcohol was dissolved in ethanol and ammonium chloride in water 
and zinc powder were added. After being stirred for 30 min the insoluble matter was filtered off and the 
solution was added dropwise to another solution of iron chloride hexahydrate in water and ethanol at 
-5°C. The solution turned green and it was stirred for another 30 min keeping the temperature below 
-5°C. After adding brine (50 mL) the solution was extracted with dichloromethane. The organic layer 
was washed with water, dried over NaSO4 and filtered. After removing the solvent under reduced 
pressure the crude product was obtained which was used without further purification. 
 
General Procedure II: The nitroso compound and the amino compound were mixed in acetic acid and 
stirred overnight at room temperature. The solvent was evaporated. Flash chromatography 
(cyclohexane/ ethyl acetate 8:2) of the remaining residue afforded the corresponding azobenzene 
derivative. 
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General Procedure III: The azobenzene derivative was dissolved in dichloromethane and cooled to 
0°C. Pyridine, 4-dimethylaminopyridine and dimethoxytritylchloride were added and the solution was 
stirred overnight without further cooling. Dichloromethane and pyridine were removed under reduced 
pressure. After flash chromatography (cyclohexane/ethyl acetate 9:1, for column packing 1% NEt3 was 
used) the product was obtained. 
 
General Procedure IV: The azobenzene derivative was dissolved in tetrahydrofuran and 
tetrabutylammonium fluoride was added at 0°C. The solution was stirred for 2 h at rt. Afterwards, the 
solvent was evaporated and the remaining residue was purified by flash chromatography 
(cyclohexane/ ethyl acetate 7:3, for column packing 1% NEt3 was used). 
 
General Procedure V: The azobenzene derivative was dissolved in dry dichloromethane, N,N-
diisopropylethylamine was added and the reaction mixture was stirred for 5 min. Then cyanoethoxy-
N,N’-diisopropylamine was added via a syringe and the reaction was stirred for 2 h. After diluting the 
reaction mixture with dichloromethane (15 mL), the solution was washed with saturated NaHCO3 
solution and dried over NaSO4. After filtration the solvent was evaporated under reduced pressure and 
the residue was purified by flash chromatography (cyclohexane/ethyl acetate 8:2, for column packing 
1% NEt3 was used). 
 
 
Synthesis of compound 8: According to General Procedure I 4-nitrobenzyl alcohol 5 (3.5 g, 21.0 mmol, 
1 equiv) in ethanol (40 mL) and ammonium chloride (1.6 g, 29.4 mmol, 1.4 equiv) in water (10 mL) and 
zinc powder (4.1 g, 63.0 mmol, 3 equiv) were used with an iron chloride hexahydrate solution (6.8 g, 
25.2 mmol, 1.2 equiv) in water (20 mL) and ethanol (8 mL). The crude product was obtained as a 
green oil which was used without further purification (1.6 g). 
 
Synthesis of compound 9: According to General Procedure I 3-nitrobenzyl alcohol 6 (3.5 g, 2.7 mL, 
21.0 mmol, 1 equiv) in ethanol (40 mL) and ammonium chloride (1.6 g, 29.4 mmol, 1.4 equiv) in water 
(10 mL) and zinc powder (4.1 g, 63.0 mmol, 3 equiv) were used with an iron chloride hexahydrate 
solution (6.8 g, 25.2 mmol, 1.2 equiv) in water (20 mL) and ethanol (8 mL). The crude product was 
obtained as a green oil which was used without further purification (1.2 g). 
 
Synthesis of compound 10: According to General Procedure I 3-nitrophenethyl alcohol 7 (3.5 g, 20.9 
mmol, 1 equiv) in ethanol (40 mL) and ammonium chloride (1.6 g, 29.3 mmol, 1.4 equiv) in water (10 
mL) and zinc powder (4.1 g, 62.7 mmol, 3 equiv) were used with an iron chloride hexahydrate solution 
(6.8 g, 25.1 mmol, 1.2 equiv) in water (20 mL) and ethanol (8 mL). The crude product was obtained as 
a green oil which was used without further purification (2.6 g). 
 
Synthesis of compound 11: According to General Procedure II compounds 3 (4.2 g, 11.6 mmol) and 8 
(1.6 g) in acetic acid (40 mL) were used. Flash chromatography afforded compound 11 as an orange 
solid (2.1 g, 4.5 mmol, 56%). 
 
1H-NMR (400 MHz, [D6]DMSO): δ=7.90-7.84 (m, 4H, Ar-H), 7.69-7.64 (m, 4H, Ar-H), 7.55 (t, 4H, 
3J(H,H)=8.3 Hz, Ar-H), 7.48-7.39 (m, 6H, Ar-H), 5.38 (t, 3J(H,H)=5.7 Hz, 1H, OH), 4.88 (s, 2H, CH2), 
4.62 (d, 3J(H,H)=5.7 Hz, 2H, CH2), 1.06 ppm (s, 9H, 3xCH3); 13C-NMR (101 MHz, [D6]DMSO): 
δ=151.1, 150.9, 146.3, 144.0, 135.0, 132.7, 130.0, 128.0, 127.1, 126.7, 126.6, 122.5, 122.4, 64.7, 
62.5, 26.7, 18.9 ppm. HRMS (MALDI): m/z calcd for C30H33N2O2Si [M + H]+ 481.23058, found 
481.23006 (Δm=0.00052, error 1.1 ppm). 
 
Synthesis of compound 12: According to General Procedure II compounds 3 (3.2 g, 8.8 mmol) and 9 
(1.2 g) in acetic acid (40 mL) were used. Flash chromatography afforded compound 12 as an orange 
solid (1.8 g, 3.7 mmol, 47%). 
 
1H-NMR (400 MHz, [D6]DMSO): δ=7.92-7.87 (m, 2H, Ar-H), 7.85 (s, 1H, Ar-H), 7.80-7.75 (m, 1H, Ar-
H), 7.70-7.64 (m, 4H, Ar-H), 7.62-7.50 (m, 4H, Ar-H), 7.50-7.41 (m, 6H, Ar-H), 5.37 (t, 3J(H,H)=5.8 Hz, 
1H, OH), 4.89 (s, 2H, CH2), 4.63 (d, 3J(H,H)=5.8 Hz, 2H, CH2), 1.06 ppm (s, 9H, 3xCH3); 13C-NMR 
(100 MHz, [D6]DMSO): δ=151.9, 151.1, 144.2, 144.2, 135.0, 132.7, 130.0, 129.3, 129.1, 128.0, 126.6, 
122.6, 121.7, 119.5, 64.7, 62.4, 26.7, 18.9 ppm. HRMS (MALDI): m/z calcd for C30H33N2O2Si [M + H]+ 
481.23058, found 481.23010 (Δm=0.00048, error 1.0 ppm). 
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Synthesis of compound 13: According to General Procedure II compounds 4 (5.0 g, 13.3 mmol) and 
10 (2.6 g) in acetic acid (40 mL) were used. Flash chromatography afforded compound 13 as an 
orange solid (3.9 g, 7.7 mmol, 58%). 
 
1H-NMR (400 MHz, [D6]DMSO): δ=7.84-7.79 (m, 2H, Ar-H), 7.77-7.74 (m, 1H, Ar-H), 7.74-7.70 (m, 1H, 
Ar-H), 7.55-7.50 (m, 4H, Ar-H), 7.50-7.43 (m, 4H, Ar-H), 7.43-7.35 (m, 6H, Ar-H), 4.69 (t, 3J(H,H)=5.2 
Hz, 1H, OH), 3.88 (t, 3J(H,H)=6.3 Hz, 2H, CH2), 3.72-3.65 (m, 2H, CH2), 2.92 (t, 3J(H,H)=6.3 Hz, 2H, 
CH2), 2.85 (t, 3J(H,H)=6.6 Hz, 2H,CH2), 0.94 ppm (s, 9H, 3xCH3); 13C-NMR (101 MHz, [D6]DMSO): 
δ=151.9, 150.6, 143.0, 141.2, 135.0, 133.0, 132.0, 130.1, 129.8, 129.4, 127.8, 122.7, 122.3, 120.3, 
120.0, 64.2, 61.9, 38.3, 26.6, 18.7 ppm. HRMS (MALDI): m/z calcd for C32H37N2O2Si [M + H]+ 
509.26188, found 509.26102 (Δm=0.00086, error 1.7 ppm). 
 
Synthesis of compound 14: According to General Procedure III compound 11 (2.1 g, 4.5 mmol, 1 
equiv) dissolved in dichloromethane (10 mL), pyridine (8 mL), 4-dimethylaminopyridine (135 mg, 1.1 
mmol, 0.25 equiv) and dimethoxytritylchloride (4.6 g, 13.5 mmol, 3 equiv) were used. After flash 
chromatography the product was obtained as an orange foam (3.5 g, 4.5 mmol, 99%). 
 
1H-NMR (400 MHz, [D6]DMSO): δ=7.91-7.84 (m, 4H, Ar-H), 7.69-7.64 (m, 4H, Ar-H), 7.57 (d, 
3J(H,H)=8.2 Hz, 4H, Ar-H), 7.50-7.43 (m, 8H, Ar-H), 7.36-7.32 (m, 6H, Ar-H), 7.26-7.21 (m, 1H, Ar-H), 
6.95-6.90 (m, 4H, Ar-H), 4.88 (s, 2H, CH2), 4.22 (s, 2H, CH2), 3.76 (s, 6H, 2xCH3), 1.08 ppm (s, 9H, 
3xCH3); 13C-NMR (101 MHz, [D6]DMSO): δ=158.2, 151.1, 151.1, 144.8, 144.2, 142.3, 135.5, 135.0, 
132.7, 130.0, 129.6, 128.0, 128.0, 127.6, 127.5, 126.8, 126.6, 122.6, 122.5, 113.3, 86.1, 64.7, 64.5, 
55.0, 26.7, 18.9 ppm. HRMS (MALDI): m/z calcd for C51H51N2O4Si [M + H]+ 783.36126, found 
783.36188 (Δm=0.00062, error 0.8 ppm).  
 
Synthesis of compound 15: According to General Procedure III compound 12 (1.8 g, 3.7 mmol, 1 
equiv) dissolved in dichloromethane (10 mL), pyridine (8 mL), 4-dimethylaminopyridine (114 mg, 0.9 
mmol, 0.25 equiv) and dimethoxytritylchloride (3.8 g, 11.2 mmol, 3 equiv) were used. After flash 
chromatography the product was obtained as an orange foam (2.7 g, 3.4 mmol, 92%). 
 
1H-NMR (400 MHz, [D6]DMSO): δ=7.92-7.86 (m, 2H, Ar-H), 7.82 (s, 1H, Ar-H), 7.81-7.77 (m, 1H, Ar-
H), 7.69-7.64 (m, 4H, Ar-H), 7.60-7.53 (m, 4H, Ar-H), 7.50-7.42 (m, 8H, Ar-H), 7.36-7.32 (m, 6H, Ar-H), 
7.26-7.21 (m, 1H, Ar-H), 6.95-6.89 (m, 4H, Ar-H), 4.88 (s, 2H, CH2), 4.23 (s, 2H, CH2), 3.73 (s, 6H, 
2xCH3), 1.06 ppm (s, 9H, 3xCH3); 13C-NMR (100 MHz, [D6]DMSO): δ=158.2, 152.0, 151.0, 144.9, 
144.3, 140.3, 135.6, 135.0, 132.7, 130.0, 129.6, 129.6, 129.4, 128.0, 128.0, 127.6, 126.8, 126.6, 
122.6, 121.3, 120.6, 113.3, 86.1, 64.7, 64.6, 55.0, 26.7, 18.9 ppm. HRMS (MALDI): m/z calcd for 
C51H51N2O4Si [M + H]+ 783.36126, found 783.36532 (Δm=0.00406, error 5.2 ppm). 
 
Synthesis of compound 16: According to General Procedure III compound 13 (3.5 g, 6.8 mmol, 1 
equiv) dissolved in dichloromethane (10 mL), pyridine (8 mL), 4-dimethylaminopyridine (0.2 g, 1.7 
mmol, 0.25 equiv) and dimethoxytritylchloride (5.0 g, 14.8 mmol, 2 equiv) were used. After flash 
chromatography the product was obtained as an orange foam (3.6 g, 3.4 mmol, 76%). 
 
1H-NMR (400 MHz, [D6]DMSO): δ=7.84-7.79 (m, 2H, Ar-H), 7.79-7.74 (m, 2H, Ar-H), 7.56-7.50 (m, 4H, 
Ar-H), 7.45-7.35 (m, 10H, Ar-H), 7.31-7.26 (m, 2H, Ar-H), 7.26-7.20 (m, 2H, Ar-H), 7.19-7.13 (m, 5H, 
Ar-H), 6.84-6.78 (m, 4H, Ar-H), 3.89 (t, 3J(H,H)=6.2 Hz, 2H, CH2), 3.68 (s, 6H, 2xCH3), 3.22 (t, 
3J(H,H)=6.2 Hz, 2H, CH2), 2.98-2.88 (m, 4H, 2xCH2), 0.95 ppm (s, 9H, 3xCH3); 13C-NMR (101 MHz, 
[D6]DMSO): δ=157.9, 151.9, 150.6, 145.0, 143.2, 140.9, 135.8, 135.0, 133.0, 130.2, 129.7, 129.6, 
129.1, 127.8, 127.7, 127.6, 126.5, 122.5, 122.3, 121.0, 113.0, 85.4, 64.4, 63.9, 54.9, 38.2, 35.6, 26.6, 
18.7 ppm. HRMS (MALDI): m/z calcd for C53H55N2O4Si [M + H]+ 811.39256, found 811.39093 
(Δm=0.00163, error 2.0 ppm). 
 
 
Synthesis of compound 17: According to General Procedure IV a solution of compound 14 (2.6 g, 3.4 
mmol, 1 equiv) in tetrahydrofuran (20 mL) and tetrabutylammonium fluoride (3.4 mL of a 1.0 M solution 
in THF, 3.4 mmol, 1 equiv) were used. Flash chromatography afforded an orange foam (1.7 g, 3.2 
mmol, 93%). 
 
1H-NMR (400 MHz, [D6]DMSO): δ=7.90-7.84 (m, 4H, Ar-H), 7.59-7.51 (m, 4H, Ar-H), 7.49-7.44 (m, 2H, 
Ar-H), 7.36-7.31 (m, 6H, Ar-H), 7.27-7.23 (m, 1H, Ar-H), 6.96-6.90 (m, 4H, Ar-H), 5.39 (t, 3J(H,H)=4.6 
Hz, 1H, OH), 4.61 (d, 3J(H,H)=4.5, 2H, CH2), 4.20 (s, 2H, CH2), 3.74 ppm (s, 6H, 2xCH3); 13C-NMR 
(126 MHz, [D6]DMSO): δ=158.6, 151.6, 151.3, 146.9, 145.3, 142.7, 136.0, 130.1, 128.5, 128.1, 127.9, 
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127.9, 127.6, 127.3, 123.0, 122.9, 113.8, 86.6, 65.0, 62.9, 55.5 ppm. HRMS (MALDI): m/z calcd for 
C35H33N2O4 [M + H]+ 545.24348, found 545.24126 (Δm=0.00222, error 4.1 ppm). 
 
Synthesis of compound 18: According to General Procedure IV a solution of compound 15 (1.7 g, 2.2 
mmol, 1 equiv) in tetrahydrofuran (20 mL) and tetrabutylammonium fluoride (2.2 mL of a 1.0 M solution 
in THF, 2.2 mmol, 1 equiv) were used. Flash chromatography afforded an orange foam (1.1 g, 2.1 
mmol, 95%). 
 
1H-NMR (400 MHz, [D6]DMSO): δ=7.84-7.80 (m, 2H, Ar-H), 7.83-7.77 (m, 2H, Ar-H), 7.60-7.51 (m, 4H, 
Ar-H), 7.49-7.44 (m, 2H, Ar-H), 7.38-7.31 (m, 6H, Ar-H), 7.28-7.22 (m, 1H, Ar-H), 6.96-6.90 (m, 4H, Ar-
H), 5.36 (t, 3J(H,H)=5.7 Hz, 1H, OH), 4.61 (d, 3J(H,H)=5.4, 2H, CH2), 4.23 (s, 2H, CH2), 3.74 ppm (s, 
6H, 2xCH3); 13C-NMR (100 MHz, [D6]DMSO): δ=158.2, 152.0, 150.8, 146.5, 144.9, 140.3, 135.6, 
129.7, 129.5, 129.4, 128.0, 127.6, 127.1, 126.8, 122.5, 121.4, 120.5, 113.3, 86.1, 64.6, 62.5, 55.0 
ppm. HRMS (MALDI): m/z calcd for C35H33N2O4 [M + H]+ 545.24348, found 545.24397 (Δm=0.00049, 
error 0.9 ppm). 
 
 
Synthesis of compound 19: According to General Procedure IV a solution of compound 16 (3.6 g, 4.5 
mmol, 1 equiv) in tetrahydrofuran (20 mL) and tetrabutylammonium fluoride (4.5 mL of a 1.0 M solution 
in THF, 4.5 mmol, 1 equiv) were used. Flash chromatography afforded an orange foam (2.4 g, 4.2 
mmol, 93%). 
 
1H-NMR (500 MHz, [D6]DMSO): δ=7.84-7.79 (m, 2H, Ar-H), 7.78-7.73 (m, 2H, Ar-H), 7.51 (t, 
3J(H,H)=7.7 Hz, 1H, Ar-H), 7.47-7.42 (m, 2H, Ar-H), 7.42-7.37 (m, 1H, Ar-H), 7.30-7.26 (m, 2H, Ar-H), 
7.25-7.21 (m, 2H, Ar-H), 7.19-7.13 (m, 5H, Ar-H), 6.83-6.79 (m, 4H, Ar-H), 4.73 (t, 3J(H,H)=5.2 Hz, 1H, 
OH), 3.71-3.65 (m, 8H, 2xCH3, CH2), 3.21 (t, 3J(H,H)=6.3 Hz, 2H, CH2), 2.94 (t, 3J(H,H)=6.3 Hz, 2H, 
CH2), 2.83 ppm (t, 3J(H,H)=6.8 Hz, 2H, CH2); 13C-NMR (126 MHz, [D6]DMSO): δ=158.4, 152.4, 150.9, 
145.5, 144.3, 141.3, 136.2, 132.5, 130.4, 130.0, 129.7, 128.2, 128.1, 127.0, 123.0, 122.9, 121.5, 
113.5, 85.9, 64.5, 62.3, 55.4, 36.1 ppm.  HRMS (MALDI): m/z calcd for C37H37N2O4 [M + H]+ 
573.27478, found 573.27405 (Δm=0.00073, error 1.3 ppm). 
 
Synthesis of compound 20: According to General Procedure V compound 17 (225 mg, 413 µmol, 1 
equiv) was in dry dichloromethane (5 mL), N,N-diisopropylethylamine (351 µL, 2.1 mmol, 5 equiv) and 
cyanoethoxy-N,N’-diisopropylamine (184 µL, 826 µmol, 2 equiv) were used. Flash chromatography 
afforded the product as an orange foam (210 mg, 282 µmol, 68%). 
 
1H-NMR (500 MHz, [D6]DMSO): δ=7.92-7.85 (m, 4H, Ar-H), 7.61-7.55 (m, 4H, Ar-H), 7.48-7.44 (m, 2H, 
Ar-H), 7.38-7.30 (m, 6H, Ar-H), 7.29-7.23 (m, 1H, Ar-H), 6.96-6.90 (m, 4H, Ar-H), 4.86-4.73 (m, 2H, 
CH2), 4.20 (s, 2H, CH2), 3.86-3.75 (m, 2H, CH2), 3.76 (s, 6H, 2xCH3), 3.68-3.59 (m, 2H, 2xCH), 2.80 (t, 
3J(H,H)=5.8 Hz, 2H, CH2), 1.20-1.14 ppm (m, 12H, 4xCH3); 13C-NMR (126 MHz, [D6]DMSO): δ=158.6, 
151.7, 151.5, 145.3, 143.2, 143.2, 142.9, 136.0, 130.1, 130.0, 128.5, 128.2, 128.1, 127.9, 127.3, 
123.1, 123.0, 119.5, 113.8, 86.6, 65.0, 64.8, 64.7, 59.0, 58.8, 55.5., 42.5, 43.1, 43.0, 24.9, 24.8, 20.4, 
20.3 ppm; 31P-NMR (202 MHz, [D6]DMSO): δ=147.77 ppm. HRMS (MALDI): m/z calcd for 
C44H50N4O5P [M + H]+ 745.35133, found 745.35196 (Δm=0.00063, error 0.8 ppm). 
 
Synthesis of compound 21: According to General Procedure V compound 18 (200 mg, 367 µmol, 1 
equiv) was in dry dichloromethane (5 mL), N,N-diisopropylethylamine (312 µL, 1.8 mmol, 5 equiv) and 
cyanoethoxy-N,N’-diisopropylamine (164 µL, 734 µmol, 2 equiv) were used. Flash chromatography 
afforded the product as an orange foam (176 mg, 237 µmol, 64%). 
 
1H-NMR (300 MHz, [D6]DMSO): δ=7.85-7.79 (m, 2H, Ar-H), 7.78-7.73 (m, 2H, Ar-H), 7.61-7.53 (m, 4H, 
Ar-H), 7.50-7.43 (m, 2H, Ar-H), 7.39-7.30 (m, 6H, Ar-H), 7.28-7.23 (m, 1H, Ar-H), 6.96-6.89 (m, 4H, Ar-
H), 4.88-4.71 (m, 2H, CH2), 4.23 (s, 2H, CH2), 3.88-3.75 (m, 2H, CH2), 3.74 (s, 6H, 2xCH3), 3.69-3.56 
(m, 2H, 2xCH), 2.80 (t, 3J(H,H)=5.8 Hz, 2H, CH2), 1.21-1.13 ppm (m, 12H, 4xCH3); 13C-NMR (75 MHz, 
[D6]DMSO): δ=158.1, 151.9, 151.1, 144.8, 142.8, 140.2, 135.5, 129.6, 129.4, 127.9, 127.6, 127.6, 
126.7, 122.6, 121.4, 120.5, 119.0, 113.3, 86.1, 64.5, 58.5, 58.2, 55.0, 42.7, 42.5, 24.4, 24.3, 19.9, 19.8 
ppm; 31P-NMR (121 MHz, [D6]DMSO): δ=147.74 ppm. HRMS (MALDI): m/z calcd for C44H50N4O5P [M 
+ H]+ 745.35133, found 745.35297 (Δm=0.00164, error 2.2 ppm). 
 
Synthesis of compound 22: According to General Procedure V compound 19 (150 mg, 262 µmol, 1 
equiv) was in dry dichloromethane (5 mL), N,N-diisopropylethylamine (223 µL, 1.3 mmol, 5 equiv) and 
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cyanoethoxy-N,N’-diisopropylamine (117 µL, 524 µmol, 2 equiv) were used. Flash chromatography 
afforded the product as an orange foam (138 mg, 179 µmol, 69%). 
 
1H-NMR (400 MHz, [D6]DMSO): δ=7.85-7.79 (m, 2H, Ar-H), 7.78-7.73 (m, 2H, Ar-H), 7.55-7.45 (m, 3H, 
Ar-H), 7.43-7.37 (m, 1H, Ar-H), 7.31-7.20 (m, 4H, Ar-H), 7.19-7.11 (m, 5H, Ar-H), 6.84-6.78 (m, 4H, Ar-
H), 3.95-3.77 (m, 2H, CH2), 3.71-3.60 (m, 8H, 2xCH3, CH2), 3.59-3.45 (m, 2H, 2xCH), 3.22 (t, 
3J(H,H)=6.2 Hz, 2H, CH2), 3.00-2.90 (m, 4H, 2x CH2), 2.74 (t, 3J(H,H)=5.8 Hz, 2H, CH2), 1.15-1.05 
ppm (m, 12H); 13C-NMR (101 MHz, [D6]DMSO): δ=157.9, 151.9, 150.6, 144.9, 142.9, 140.9, 135.8, 
130.0, 129.6, 129.2, 127.7, 127.6, 126.5, 122.5, 122.4, 121.0, 119.0, 113.0, 85.4, 63.9, 58.2, 58.0, 
54.9, 42.5, 42.4, 24.4, 24.3, 24.3, 24.2, 19.9, 19.8 ppm; 31P-NMR (162 MHz, [D6]DMSO): δ=146.54 
ppm. HRMS (MALDI): m/z calcd for C46H54N4O5P [M + Na]+ 773.38263, found 773.38246 
(Δm=0.00017, error 0.2 ppm). 
 

Oligonucleotide synthesis and purification  

Solid phase synthesis of the oligonucleotides was accomplished by an ABI 392 DNA/RNA synthesizer 

using the standard phosphoramidite chemistry. A 0.25 M solution of 5-(ethylthio)-1 H-tetrazole in dry 

acetonitrile was used as activator. The modified oligonucleotides were synthesized in DMTr-on mode. 

Deprotection was performed incubating the support with NH3 for 15 hours at room temperature. 

Purification of the crude product was performed by reversed-phase HPLC on a Nucleosil phenomex 

Jupiter 4 u Proteo 90 A (250 x 15 mm 4 micron) with gradient A (eluent A:  0.1 M triethylammonium 

acetat buffer pH 7, eluent  B: acetonitrile, 100% A for 1 min, 100% to 45% A in 34 min, flow rate: 4 

mL·min-1) or on a Nucleosil 100-5 C18 (250 x 4.6 mm) with gradient B (eluent A:  0.1 M 

triethylammonium acetate buffer pH 7, eluent  B: acetonitrile, 95% A for 2 min, 95% to 60% A in 33 

min, flow rate: 1 mL·min-1). The solvent was evaporated and the dimethoxytrityl group was cleaved off 

over 30 min with 80% aqueous acetic acid. After removing the acid the resulting oligonucleotide was 

purified again by RP-HPLC using gradient A or B. Purity and identity were confirmed by HPLC-ESI-MS 

(Bruker micrOTOF-Q). 

 

Characterization of oligonucleotides 

 

Table S1. Mass analysis of synthesized oligonucleotides  
 

 

sequence 
 

calculated found 

GG-Az1-GG 1559.1 1558.6 

GG-Az1-G 1229.9 1229.5 

GGG-Az1-GG 1888.3 1887.7 

G-Az1-GG 1229.9 1229.5 

GG-Az1-GGG 1888.3 1887.7 

GG-Az2-GG 1559.1 1558.6 

GG-Az3-GG 1587.2 1586.6 
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Figure S2. Deconvoluted mass spectra of synthesized azobenzene-containing oligonucleotides 

 

Photoisomerization 

UV irradiation (λmax = 365 nm) of the sample was performed in a custom-built irradiation setup 

containing three LEDs with 100 mW power each (Nichia NCCU033(T)).  

For vis light irradiation a light source from Müller Elektronik Optik was used with a xenon arc lamp. 
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CD measurements 

CD spectra were recorded on JASCO J-710 spectropolarimeter at 25°C (JASCO peltier control) over 

the wavelength range 210-320 nm in a 1 cm path length cuvette. Each trace is the average of 3 scans 

at a scanning speed of 100 nm·min-1, with a 1 s time constant, 1.0 nm data pitch and 1.0 nm 

bandwidth. All CD spectra were baseline-corrected for signal contributions of the buffer.  

Sample concentrations of 50 µM GG-Az1-GG, GG-Az2-GG or GG-Az3-GG in 50 mM Tris-HCl (pH 

7.4) were used for CD experiments. Titration experiments with K+ and Na+ were performed such that 

finally the added amount never exceeded 6% of the total initial volume. After UV irradiation of the 

sample CD spectra were recorded until the sample was thermally equilibrated (red data points). 

CD annealing and melting curves of GG-Az1-GG, GG-Az2-GG and GG-Az3-GG in 10 mM lithium 
cacodylate buffer (pH 7.4) were monitored at 295 nm with a temperature gradient of 0.2°C·min-1.  
 

 

Figure S3. CD spectra of GG-Az1-GG with photoirradiation (5 min UV, 2 min vis) without K+.  

 

Figure S4. CD spectra of GG-Az2-GG. a) Series of CD spectra with increasing concentration (0, 5, 25, 50, 100 mM) of 

K+. b) Series of CD spectra with increasing concentration (0, 50, 100, 200, 300, 400, 500 mM) of Na+. c) CD spectra of 

GG-Az2-GG with photoirradiation (30 min UV, 2 min vis) with K+. d) Time course of the signal at 295 nm of GG-Az2-GG 

with K+ under the indicated treatment. e) CD spectra of GG-Az2-GG photoirradiation (5 min UV, 2 min vis) without K+.  
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Figure S5. CD spectra of GG-Az3-GG. a) Series of CD spectra with increasing concentration (0, 5, 25, 50, 100 mM) of 

K+. b) Series of CD spectra with increasing concentration (0, 50, 100, 200, 300, 400, 500 mM) of Na+. c) CD spectra of 

GG-Az3-GG with photoirradiation (10 min UV, 2 min vis) with K+. d) Time course of the signal at 295 nm of GG-Az3-GG 

with K+ under the indicated treatment. e) CD spectra of GG-Az3-GG photoirradiation (5 min UV, 2 min vis) without K+. f) 

CD annealing and melting profiles for GG-Az1-GG, GG-Az2-GG and GG-Az3-GG in (E)-conformation. 

 
 

UV/vis measurements 

UV/vis spectra were recorded on Specord S600 (analytikjena) spectrometer equipped with an external 

thermostat (Haake K20) at 25°C in a 1 cm path length cuvette. All CD spectra were baseline-corrected 

for signal contributions of the buffer.  

After UV irradiation, experiments of GG-Az1-GG, GG-Az2-GG and GG-Az3-GG GG, 50 µm in 50 mM 

Tris-HCl (pH 7.4), were conducted in the same manner (sample concentration, irradiation time and 

time intervals) as for CD experiments. The UV/vis difference spectra of the photoswitched sample 

were obtained by subtracting the UV/vis spectrum of the folded sample in K+ (light grey) from the 

UV/vis spectrum of the UV irradiated sample after thermal equilibration (red). 

 

f) 
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Figure S6. UV/vis spectra of GG-Az1-GG. a) UV/vis spectra of GG-Az1-GG before and after addition of K+ to an end 

concentration of 100 mM and b) corresponding UV/vis difference spectrum. c) UV/vis spectra of GG-Az1-GG with K+ and 

after UV irradiation and d) corresponding UV/vis difference spectrum.   

 

 

Figure S7. UV/vis spectra of GG-Az2-GG. a) UV/vis spectra of GG-Az2-GG before and after addition of K+ to an end 

concentration of 100 mM and b) corresponding UV/vis difference spectrum. c) UV/vis spectra of GG-Az2-GG with K+ and 

after UV irradiation and d) corresponding UV/vis difference spectrum.   

 



10 
 

 

Figure S8. UV/vis spectra of GG-Az3-GG. a) UV/vis spectra of GG-Az3-GG before and after addition of K+ to an end 

concentration of 100 mM and b) corresponding UV/vis difference spectrum. c) UV/vis spectra of GG-Az3-GG with K+ and 

after UV irradiation and d) corresponding UV/vis difference spectrum.   

Concentrations of GG-Az1-GG, GG-Az2-GG and GG-Az3-GG were determined using extinction 

coefficients ε = 41800 L·mol-1·cm-1 (IDT OligoAnalyzer 3.1) for GGGG and ε = 4100 L·mol-1·cm-1 for 

the contribution of the azobenzene at 260 nm. 
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NMR-spectra of synthesized compounds 

 

Figure S9. 1H-NMR spectrum of 11 in [D6]DMSO. 

 

Figure S10. 13C-NMR spectrum of 11 in [D6]DMSO. 
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Figure S11. 1H-NMR spectrum of 12 in [D6]DMSO. 

 

Figure S12. 13C-NMR spectrum of 12 in [D6]DMSO. 
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Figure S13. 1H-NMR spectrum of 13 in [D6]DMSO. 

 

Figure S14. 13C-NMR spectrum of 13 in [D6]DMSO. 
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Figure S15. 1H-NMR spectrum of 14 in [D6]DMSO. 

 

Figure S16. 13C-NMR spectrum of 14 in [D6]DMSO. 
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Figure S17. 1H-NMR spectrum of 15 in [D6]DMSO. 

 

Figure S18. 13C-NMR spectrum of 15 in [D6]DMSO. 
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Figure S19. 1H-NMR spectrum of 16 in [D6]DMSO. 

 

Figure S20. 13C-NMR spectrum of 16 in [D6]DMSO. 
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Figure S21. 1H-NMR spectrum of 17 in [D6]DMSO. 

 

Figure S22. 13C-NMR spectrum of 17 in [D6]DMSO. 



18 
 

 

Figure S23. 1H-NMR spectrum of 18 in [D6]DMSO. 

 

Figure S24. 13C-NMR spectrum of 18 in [D6]DMSO. 
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Figure S25. 1H-NMR spectrum of 19 in [D6]DMSO. 

 

Figure S26. 13C-NMR spectrum of 19 in [D6]DMSO. 
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Figure S27. 1H-NMR spectrum of 20 in [D6]DMSO. 

 

Figure S28. 13C-NMR spectrum of 20 in [D6]DMSO. 
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Figure S29. 31P-NMR spectrum of 20 in [D6]DMSO. 

 

Figure S30. 1H-NMR spectrum of 21 in [D6]DMSO. 
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Figure S31. 13C-NMR spectrum of 21 in [D6]DMSO. 

 

Figure S32. 31P-NMR spectrum of 21 in [D6]DMSO. 



23 
 

 

Figure S33. 1H-NMR spectrum of 22 in [D6]DMSO. 

 

Figure S34. 13C-NMR spectrum of 22 in [D6]DMSO. 
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Figure S35. 31P-NMR spectrum of 22 in [D6]DMSO. 
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NMR measurements 

 

NMR sample preparation 

The oligonucleotides containing azobenzene linkers, obtained as described on page 5, were 

precipitated overnight at -20˚C with 5 volumes of 2% w/v LiClO4 in acetone and lyophilized in order to 

remove residual solvents from HPLC purification.  

All NMR spectra were referenced using 3-(Trimethylsilyl)-1-propanesulfonic acid (DSS) and dissolved 

in either 90% H2O/10% D2O or 100% D2O. 

Preliminary screening of GG-Az1-GG, GG-Az2-GG, GG-Az3-GG, GGG-Az1-GG, GG-Az1-GGG, GG-

Az1-G and G-Az1-GG via 1D 1H-NMR was performed on samples containing 20-100 µM 

oligonucleotide in 50 mM Tris-HCl buffer (pH 7.4). Increasing amounts of KCl/NaCl were added 

directly in the NMR tube in order to obtain the final salt concentration specified in the figures. The 

sample volume change after each addition was negligible.   

NMR samples used for the characterization of GG-Az1-GG contained 20-550 µM oligonucleotide in 25 

or 50 mM deuterated Tris-HCl buffer (pH 7.4), 50 mM KCl. The sample used for DOSY spectroscopy 

additionally contained 140 µM 1,4-dioxane as an internal reference. 

 

 

NMR experiments 

All NMR data were collected, processed and analyzed using the software TopSpin 3.2 (Bruker 

Biospin) and Sparky 3.114.[2]  
1H-NMR spectra were recorded using either gradient-tailored excitation[3] or jump-return echo[4] 

(excitation maximum at around 11.5 ppm) for water suppression. 2D 1H,13C-HSQC[5–7], long-range 2D 
1H,13C-HMBC[8] and 2D 1H,1H-NOESY spectra (50, 100 and 150 ms mixing time) with different water 

suppression schemes[3,4] were recorded.  

High resolution 1H,13C-HSQC[9,10] was recorded on a natural abundance sample to derive 3J(H3’,P3’) 

and 3J(H5’/H5’’,P5’) coupling constants (Figure S49 shows the E.COSY pattern) which provided 

restraints for the backbone torsional angles β and ε, respectively[11]. 3J(H2’,H1’) and 3J(H2”,H1’) 

coupling constants were measured in the 2D 1H,1H-P.E.COSY[12] (Figure S48 shows the H2’,H1’ and 

H2’’,H1’ region) in order to confirm the sugar pucker conformation.  

DOSY experiments were performed to determine the hydrodynamic radius of the system. The diffusion 

time and gradient length was optimized to 125 ms and 4.5 ms respectively. As the hydrodynamic 

radius of 1,4-dioxane is given as 2.12 Å[13], the hydrodynamic radius of GG-Az1-GG could be 

determined utilizing the formula: RH(DNA) = Ddioxan/DDNA∙2.12 Å. A hydrodynamic radius of 13.9±0.5 Å 

could be measured. Calculation of the hydrodynamic radius in Hydropro[14] yielded a value of 13.9 Å 

for GG-Az1-GG in the tetrameric model and 11.4 Å in a dimeric model.  

As a proof of principle, a DOSY spectrum of the G-quadruplex forming DNA wtTel26 was recorded 

and analyzed with the same procedure (data not shown). The hydrodynamic radius was determined as 

16.3±0.5 Å by DOSY and 16.1 Å by calculation. 
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Screening of the azobenzene derivatives GG-Az1-GG, GG-Az2-GG and 

GG-Az3-GG using 1D 1H-NMR spectra 

 

GG-Az1-GG: Titration with KCl followed by UV/vis irradiation at 100 mM KCl 

 

Figure S36. Imino (left) and aromatic (right) region of 1D 1H-NMR spectrum of 50 M GG-Az1-GG in presence of 
increasing amount of KCl. At 100 mM KCl, the sample was irradiated with UV light and then with visible light. 
Experimental conditions: 50 mM Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 600 MHz. 

 

 

 

 

 

 

 

 

 

 

 

 



27 
 

 

GG-Az2-GG: Titration with KCl followed by UV/vis irradiation at 100 mM KCl 

 

Figure S37. Imino (left) and aromatic (right) region of 1D 1H-NMR spectrum of 50 M GG-Az2-GG in presence of 
increasing amount of KCl. At 100 mM KCl, the sample was irradiated with UV light and then with visible light. 
Experimental conditions: 50 mM Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 950 MHz. 
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GG-Az3-GG: Titration with KCl followed by UV/vis irradiation at 100 mM KCl 

 

 

Figure S38. Imino (left) and aromatic (right) region of 1D 1H-NMR spectrum of 50 M GG-Az3-GG in presence of 
increasing amount of KCl. At 100 mM KCl, the sample was irradiated with UV light and then with visible light. 
Experimental conditions: 50 mM Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 950 MHz. 
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Ion selectivity of GG-Az1-GG: titration with NaCl and KCl followed by UV/vis 

irradiation at (100 mM NaCl + 100 mM KCl) 

 

 

Figure S39. Imino (left) and aromatic (right) region of 1D 1H-NMR spectrum of 50 M GG-Az1-GG in presence of 
increasing amount of NaCl and KCl. At 100 mM NaCl and 100 mM KCl, the sample was irradiated with UV light and then 
with visible light. Experimental conditions: 25 mM Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 600 MHz. 
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Screening of the azobenzene derivatives GG-Az1-GGG, GGG-Az1-GG, 

G-Az1-GG and GG-Az1-G using 1D 1H-NMR spectra 

 

Figure S40. Imino (left) and aromatic (right) region of the 1D 1H-NMR spectrum of 100 M GG-Az1-G (a) and G-Az1-

GG (b) without KCl and with 50 mM KCl. At 50 mM KCl, the sample was irradiated with UV light. Experimental 

conditions: 25 mM Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 600 MHz. 

 

Figure S41. Imino (left) and aromatic (right) region of the 1D 1H-NMR spectrum of 100 M GG-Az1-GGG (a) and GGG-
Az1-GG (b) without KCl and with 50 mM KCl. At 50 mM KCl, the sample was irradiated with UV light. Experimental 
conditions: 25 mM Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 600 MHz. Thermal recovery of the (E)-state 
monitored by 1D 1H-NMR 
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Figure S42. a) Imino (left) and aromatic (right) region of the 1D 1H-NMR spectrum of 550 M GG-Az1-GG in presence 

of 50 mM KCl after 30 minutes of UV irradiation. The sample was irradiated with UV light and kept in the dark. The 

thermal recovery of the E-state of the G-quadruplex was monitored by 1D 1H-NMR. Experimental conditions: 25 mM 

Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 600 MHz. b) Time dependent intensity-plot of the imino peak 

originating from G2 (marked with an asterisk in a). 
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Assignment of the 1D 1H-NMR spectrum of GG-Az1-GG 

 

 

Figure S43. a) Assignment of the imino region of the 1D 1H-NMR spectrum of 550 M GG-Az1-GG in presence of 50 

mM KCl. Experimental conditions: 25 mM Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 600 MHz. b) Numbering 

scheme of the azobenzene moiety, as used in the assignment. c) Assignment of the aromatic and sugar region of the 1D 
1H-NMR spectrum of 550 M GG-Az1-GG in presence of 50 mM KCl. Signals of residual GG-Az1-GG in (Z)-state are 

marked with an asterisk. Experimental conditions: 25 mM Tris-HCl buffer (pH 7.4), 100% D2O, 298K, 600 MHz. 
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Full assignment of the 2D 1H,1H-NOESY spectrum of GG-Az1-GG 

 

Figure S44. Assignment of the 2D 1H,1H-NOESY spectrum of 550 M GG-Az1-GG in presence of 50 mM KCl. 

Experimental conditions: 25 mM Tris-HCl buffer (pH 7.4), 100% D2O, 298K, 600 MHz, 2048 x 572 points, 144 scans. 

Insert: Assignment of the imino region including the cross peaks to aromatic protons from the 2D 1H,1H-NOESY 

spectrum of 550 M GG-Az1-GG in presence of 50 mM KCl. Experimental conditions: 25 mM Tris-HCl buffer (pH 7.4), 

90% H2O/10% D2O, 298K, 600 MHz, 2048 x 572 points, 144 scans. 
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2D 1H,13C-HMBC spectrum of GG-Az1-GG: C5 region 

2D 1H,1H-NOESY spectrum: H1-H8 and H8-H1’ region 

 

Figure S45. a) 2D 1H,13C-HMBC natural abundance spectrum of 550 M GG-Az1-GG in presence of 50 mM KCl 

correlating the imino proton and the H8 proton belonging to the same guanine residue. Experimental conditions: 25 mM 

Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 600 MHz, 2048 x 32 points, 1600 scans. b)  Schematic of the 

magnetization transfer in the long-range 1H,13C-HMBC experiment. c) Region of the 1H,1H-NOESY spectrum of 550 M 

GG-Az1-GG in presence of 50 mM KCl, showing the imino to aromatic (black annotation) and imino to azobenzene (red 

annotation) cross peaks. The imino to aromatic interactions allowed defining the intra-tetrad connectivities as shown in 

panel d). Experimental conditions: 25 mM Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 600 MHz, 2048 x 572 

points, 144 scans. d) Region of the 1H,1H-NOESY spectrum of 550 M GG-Az1-GG in presence of 50 mM KCl, showing 

the H8 to H1’ crosspeaks. A rectangular cross-peaks pattern can be observed at the G1-G2 step (black line) and at the 

G4-G5 step (overlapped), indicating a 5’-syn-anti-3’ arrangement. Experimental conditions: 25 mM Tris-HCl buffer (pH 

7.4), 100% D2O, 298K, 600 MHz, 2048 x 572 points, 144 scans. e) Schematic representation of the folding topology, 

derived from the NOE assignment. Guanine residues characterized by anti glycosidic bond are coloured in light grey, 

while guanine residues adopting a syn glycosidic bond are coloured in dark grey.  
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H-D exchange experiment: imino region of the 1D 1H-NMR spectrum of GG-Az1-

GG before and after exchange with D2O  

 

 

Figure S46. Imino region of the 1D 1H-NMR spectrum of 275 µM or 20 µM GG-Az1-GG in presence of 50 mM KCl. 

Experimental conditions (90% H2O/10% D2O): 25 mM Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 600 MHz. 

Experimental conditions (100% D2O): 25 mM Tris-HCl buffer (pH 7.4), 100% D2O, 298K, 600 MHz. 
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DOSY spectrum of GG-Az1-GG  

 

Figure S47. DOSY spectrum of 160 µM GG-Az1-GG in presence of  50 mM KCl and 140 µM 1,4-dioxane. Experimental 

conditions: 25 mM Tris-HCl buffer (pH 7.4), 100% D2O, 298K, 600 MHz, 2048 x 64 points, 64 scans. 
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2D 1H,1H-P.E.COSY of GG-Az1-GG: H1’-H2’ and H1’-H2’’ region  

 

Figure S48. H2’/H2’’-H1’ region of the 2D 1H,1H-P.E.COSY spectrum of 420 µM GG-Az1-GG in presence of 50 mM KCl. 

Experimental conditions 25 mM Tris-HCl buffer (pH 7.4), 100% D2O, 298K, 600 MHz, 4096 x 2048 points, 32 scans. 

2D 1H,13C-HSQC of GG-Az1-GG: Zoom on a H5’-C5’ peak 

 

Figure S49. a) Zoom on a H5’C5’ peak of the high-resolution 1H,13C-HSQC spectrum of GG-Az1-GG in presence of 50 

mM KCl. Experimental conditions 25 mM Tris-HCl buffer (pH 7.4), 100% D2O, 298K, 600 MHz, 1024 x 3072 points, 128 

scans. b) Schematic representation of the magnetization transfer in the high-resolution 1H,13C-HSQC experiment. 
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2D 1H,31P-hetero TOCSY-NOESY of GG-Az1-GG:   

 

 
Figure S50. 1H,31P-TOCSY spectrum of GG-Az1-GG in presence of 50 mM KCl. Experimental conditions 25 mM Tris-

HCl buffer (pH 7.4), 100% D2O, 298K, 600 MHz, 1024 x 128 points, 512 scans. Peaks that led to the assignment of 31P 

chemical shifts are marked. 
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2D 1H,13C-HSQC of GG-Az1-GG:   

C3’-H3’, C5’-H5’/H5’’,C4’-H4’ and C2’-H2’/H2’’ region 

 

Figure S51. a) 1H,13C-HSQC spectrum of 420 µM GG-Az1-GG in presence of 50 mM KCl. The insert shows the naming 

of the protons of the Az1 moiety as used in the assignment. Zooms of the regions marked with a box are shown in 

panels b), c) and d). Experimental conditions: 25 mM Tris-HCl buffer (pH 7.4), 100% D2O, 298K, 600 MHz, 1024 x 256 

points, 128 scans. b) Zoom on the C8/H8 region with an assignment of the residues. Peaks of the Az1 moiety are 

marked with an asterisk and named according to the scheme in a). c) Zoom on the sugar region including an assignment 

of residues. Peaks of the Az1 moiety are marked with an asterisk and named according to the scheme in a). d) Zoom on 

the C2’H2’ region including an assignment of the residues. 
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Structure calculations 

 

The NMR structure calculations were perfomed with CNS 1.1[15] using the ARIA 1.2[16] adapted 

setup[17] and protocols with the nucleic acid forcefield including OPLS charges and nonbonded 

parameters.[18] The topology and parameters for the Az1 group were generated by hand and are 

consistent with the nucleic acid and protein forcefields. Three potassium ions were included within the 

quadruplex tetrads for structure refinement. The standard annealing protocols were used, including 

NOE distance callibration with spin-diffusion correction. Furthermore, dihedral angle restraints, 

Watson-Crick basepair hydrogen bonds and weak base-planarity restraints have been added. The 

proton chemical shift resonances were manually assigned by standard 2D NMR methods using 1H,1H-

NOESY, 1H,1H-COSY, 1H,13C-HSQC, and 1H,13C-HMBC. The 2D 1H,1H-NOESY spectra, recorded at 

600 MHz, were manually peak picked and assigned to a large extend using Sparky[2]. The proton 

resonances and 6 NOE peak lists (with different mixing times: 50, 100 and 100 ms, in D2O as well as 

H2O) were used as input for automated NOESY cross peak assignment and calibration with ARIA. The 

NOE data was attributed to originate from one monomer in the tetramer environment and 

subsequently multiplied for the other monomers in accordance with the symmetry. The chemical shift 

tolerance was set to 0.015 ppm in both proton dimensions. For each iteration (0-7) in which 50 

structures were calculated, the NOE distance restraints were recalibrated by ARIA based on the 10 

lowest energy structures. The violation tolerance was progressively reduced to 0.1 Å in the last 

iteration (8) in which 200 structures were calculated. For the structure calculations, a four stage 

simulated annealing (SA) protocol was used using cartesian angle dynamics. The high temperature 

stage consisted of 10000 steps at 10000 K. This was followed by refinement and cooling down stages: 

8000 steps at 2000 K, 20000 steps to 1000 K and 15000 steps to 50 K. The planarity of the base-pairs 

were weakly restrained (25 kcal*mol-1Å-2) and the potassium ions were coordinated by ample distance 

restraints. Based on the NOE only structure and confirmed by 3J-couplings and chemical shifts 

(among others from 1H,1H-E.COSY and 1H,31P-TOCSY spectra), ample dihedral angle restraints were 

included for the sugar pucker of G1, G2 and G4 (2'-endo), the glycosidic torsion angle (syn for G1 and 

G4, anti for G2 and G5) and the backbone in between the tetrads, only to improve the convergence. 

During the SA protocol the force constant was progressively increased to 50 kcal*mol-1Å-2 for the NOE 

distance restraints and hydrogen bonds and to 200 kcalmol-1rad-2 for the torsion angles. The final 20 

lowest energy structures were further refined in explicit water[19]. 
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Chemical Shift Resonances 

 

Group  Atom   ppm   Atom ppm 

 

Gua-1  H1'   5.78   C1' 86.5 

  H2'1,2   3.12, 2.78  C2' 34.2 

  H3'   4.92   C3' 78.5 

  H4'   4.48   C4' 87.4 

  H5'1,2
*   3.98, 4.03  C5' 62.7 

  H8   6.88   C8 138.0 

  H1 11.54 

 

Gua-2  H1'   5.40   C1' 81.0 

  H2'1,2   2.67, 2.80  C2' 37.0 

  H3'   5.06   C3' 77.4 

  H4'   4.47   C4' 84.7 

  H5'1,2
*   4.14, 4.23  C5' 65.7 

  H8   8.27   C8 136.1 

  H1 11.67 

 

Az1-3  H3'1,2
*   4.64, 4.97  C3' 66.2 

  H5'1,2
*   5.07, 5.25  C5' 66.5 

  H2A#   7.46   C2A# 126.5 

  H2B#   7.06   C2B# 127.0 

  H3A#   7.57   C3A# 122.6 

  H3B#   7.24   C3B# 121.7 

 

Gua-4  H1'   6.00   C1' 86.7 

  H2'1,2   3.22, 2.73  C2' 32.6 

  H3'   4.80   C3' 77.6 

  H4'   4.51   C4' 86.2 

  H5'1,2
*   4.18, 4.73  C5' 67.5 

  H8   7.24   C8 139.0 

  H1 11.39 

 

Gua-5  H1'   5.99   C1' 80.9 

  H2'1,2   2.56, 2.27  C2' 39.0 

  H3'   4.78   C3' 69.4 

  H4'   4.17   C4' 84.5 

  H5'1,2
*   4.17, 4.29  C5' 63.9 

  H8   7.44   C8 136.1 

  H1 11.43 
* not stereospecific assigned 
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3J coupling constants 

Gua-1  H1',H2’1   8.8 ± 0.5  H3’,P  1.4 ± 0.5 

  H1’,H2’2   6.3 ± 0.2   

        

   

Gua-2  H1',H2’1   10.9 ± 0.3  H3’,P  1.8 ± 0.5 

  H1’,H2’2   5.7 ± 0.5  H5'1,P  2.8 ± 0.5 

       H5’2,P  1.2 ± 0.5 

 

Gua-4  H1',H2’1   9.7 ± 0.2  H3’,P  1.2 ± 0.5 

  H1’,H2’2   6.7 ± 0.4  H5'1,P  1.2 ± 0.5 

       H5’2,P  7.1 ± 0.5 

 

Gua-5  H1',H2’1   8.9 ± 0.1  H5'1,P  1.6 ± 0.5 

  H1’,H2’2   6.9 ± 0.4  H5’2,P  2.3 ± 0.5 

        

 

 

 

FTIR measurements 

The mid-IR absorption spectra of GG-Az1-GG were recorded on a Vertex 80 FTIR-Spectrometer 

(Bruker, Ettlingen) using 50 μm cuvettes built out of two CaF2 windows. The (E) → (Z) (PSSUV) and 

the (Z)→(E) (PSSvis) conversions were accomplished by illuminating the samples directly in the 

spectrometer. The PSSvis was reached by illumination with 420 nm (LED, ThorLabs, M420L2), while 

the PSSUV was reached by illumination with 365 nm (LED, ThorLabs, M420L2). The IR absorption 

spectra were obtained by subtracting a solvent measurement from the sample measurement, while the 

difference spectra were obtained by direct subtraction of the corresponding sample measurements. 
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FTIR absorption spectra of GG-Az1-GG 

 

Figure S53. A) FTIR absorption spectra of GG-Az1-GG for both isomerization states of azobenzene obtained by 

illumination of GG-Az1-GG by 365 nm ((E)→(Z) conversion) and 420 nm ((Z)→(E) conversion); B) IR absorption 

difference spectra in 1300-1700 cm-1 range indicating the vibrational bands affected by the isomerization of the 

azobenzene. 
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Ultrafast UV-pump/mid-IR-probe experiments 

The home-built time-resolved mid-IR transient absorption set-up was described previously.[20][21] It is 

based on a Clark (MXR-CPA-iSeries) oscillator/amplifier system that provides 150 fs pulse of 775 nm 

wavelength at a repetition rate of 1 kHz. The 335 nm excitation pulses were generated via sum 

frequency mixing of a non-collinear optical parametric amplified (NOPA)[22][23] output and the laser 

fundamental. The pump pulses were focused into the sample cell (two CaF2 windows separated by a 

50 µm teflon spacer) to a laser spot of ~250 µm diameter. The IR pulses for the probe pulse were 

generated using a two stage optical parametric amplifier (OPA)[24] and finally tuned to the mid-IR range 

(3-10 µm) by difference frequency mixing of the signal and idler in a silver thiogallate crystal 

(AgGaS2).[25] The probe pulses were focused at the sample to a spot size of 200 µm for optimal 

overlap with the pump pulses. The detection system is composed of 250 mm spectrometer (Sure 

Spectrum 250is, Chromex) and detected by a liquid nitrogen cooled MCT detector array (32 channels). 

The final detection resolution of the system is in the range of 3 cm-1. The detector signals are sampled 

on a single shot basis using a multichannel integrator and analog to digital converter system. (IR-6416 

Multi-Channel Laser Pulse Spectroscopy System, Infrared Systems Development). During the 

experiments the cuvette contain the sample was rotated and shifted sideways to provide a fresh spot 

for each laser excitation. In addition the sample was continuously illuminated with 420 nm light (LED, 

ThorLabs, M420L2) to maintain the (E) isomer state of the azobenzene. The experimental data was 

analysed by global lifetime analysis using OPTIMUS.[26] 

 

 

 

Figure S54. IR transient absorption data at differnet detection wavelengths demonstrating the ultrafast dynamics in the 

C=O streching vibration range induced by the excitaiton (335 nm) of the azobenzene in GG-Az1-GG. 
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Figure S55. IR transient spectra at different delay times recorded from GG-Az1-GG after excitation of the azobenzene 

moiety with 335 nm laser pulses. 

 

 

Figure S56. Overview of the IR transient absorption data recorded from GG-Az1-GG after excitation of the azobenzene 

moiety with 335 nm laser pulses. The transient data shows contribution of perturbed free induction decay at negative 

delay times and cross phase modulation around time zero, thus the analysis was restricted to delay times t > 0.3 ps. 
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Investigation of the azobenzene derivative GGG-Az1-GGG using 1D 1H-NMR- 

and CD-spectroscopy and native gel electrophoresis 

 

 
 

 

 
 

Figure S57. a) Imino (left) and aromatic (right) region of the 1D 1H-NMR spectrum of 50 M GGG-Az1-GGG without KCl 

and with 25, 50 and 100 mM KCl. At 100 mM KCl, the sample was irradiated with UV light (30 min) and afterwards with 

visible light (2 min). Experimental conditions: 25 mM Tris-HCl buffer (pH 7.4), 90% H2O/10% D2O, 298K, 600 MHz. b) 

Series of CD spectra of GGG-Az1-GGG with increasing concentration (0, 5, 25, 50, 100 mM) of K+ also with 

photoirradiation (right, 5 min UV, 2 min vis). c) Native gel analysis of GG-Az1-GG and GGG-Az1-GGG (17% 

polyacrylamide (acrylamide:bis-acrylamide = 29:1) gel in TBE buffer (89 mM Tris buffer, 89 mM boric acid, 2 mM EDTA, 

pH=8) supplemented  with 100 mM KCl; the bands were visualized using StainsAll, Sigma-Aldrich, St. Louis MO, USA) 

 

a) 

b) c) 
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Native gel electrophoresis of GG-Az1-GG, GG-Az2-GG and GG-Az3-GG  

 

 
 

Figure S58. Native gel analysis of the indicated sequences. Molecular sizes of the azobenzene derivatives 

quadruplexes were characterized on a 17% polyacrylamide (Acrylamide:Bis-acrylamide = 29:1) gel in TBE buffer (89 

mM Tris buffer, 89 mM boric acid, 2 mM EDTA, pH=8) supplemented  with 50 mM KCl. The NMR samples (0.6 g) were 

loaded on the gel with 50% glycerol containing 1x TBE buffer supplemented with 50 mM KCl. The running buffer 

contained 1x TBE buffer supplemented with 50 mM KCl. The gel was run at 4˚C with water cooling at 40 V for 

approximately 5 hours. The bands were visualized using StainsAll (Sigma-Aldrich, St. Louis MO, USA). Each lane is 

labeled with the name of the sequence (TBA: d(GGTTGGTGTGGTTGG), Tel24: 

d(TTGGGTTAGGGTTAGGGTTAGGGA)). 
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Structural comparison between the thrombin-binding aptamer and GG-Az1-GG 

 

 

 

 

 

Figure S59. Structural comparison between the thrombin-binding aptamer GGTTGGTGTGGTTGG (PDB: 4DII) and GG-

Az1-GG. 

a) 

b) 
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Investigation of photo-fatigue by 1H-NMR spectroscopy 

 

 
 

Figure S60. Cycling of photoresponsive structural conversion of GG-Az1-GG by alternate irradiation with UV and visible 

light monitored by NMR. a) Imino (left) and aromatic (right) region of the 1D 1H-NMR spectrum of 125 M GG-Az1-GG in 

presence of 100 mM KCl. Each cycle was performed in the following way: 1) NMR measurements (15 minutes), 2) 

irradiation with UV light (15 minutes), 3) NMR measurements (15 minutes), 4) irradiation with visible light (4 minutes). 

The signal selected for the analysis shown in Figure 3h in the main text are indicated with lines (green, 11.55 ppm, imino 

proton of residue G5 in E-state) and (red, 6.64 ppm, aromatic proton from azobenzene moiety in Z-conformation). 

Experimental conditions: 25 mM Tris-HCl buffer (pH 7.4) supplemented with 100 mM KCl, 90% H2O/10% D2O, 298K, 

600 MHz. b) Imino (left) and aromatic (right) region of the 1D 1H-NMR of GG-Az1-GG before the UV-visible irradiation 

cycles (top), at the end of the  UV-visible irradiation cycles (middle) and after thermal recovery (bottom, 1.5 day after the 

UV-visible cycles).  



50 
 

References 

 

[1] M. Abe, A. Kubo, S. Yamamoto, Y. Hatoh, M. Murai, Y. Hattori, H. Makabe, T. 
Nishioka, H. Miyoshi, Biochemistry 2008, 47, 6260–6266. 

[2] T. D. Goddard and D. G. Kneller, University of California, San Francisco 

[3] M. Liu, X. Mao, C. Ye, H. Huang, J. K. Nicholson, J. C. Lindon, J. Magn. Reson. 1998, 
132, 125–129. 

[4] V. Sklenář, A. Bax, J. Magn. Reson. 1987, 74, 469–479. 

[5] A. G. Palmer, J. Cavanagh, P. E. Wright, M. Rance, J. Magn. Reson. 1991, 93, 151–
170. 

[6] J. Schleucher, M. Schwendinger, M. Sattler, P. Schmidt, O. Schedletzky, S. J. Glaser, 
O. W. Sørensen, C. Griesinger, J. Biomol. NMR 1994, 4, 301–6. 

[7] L. Kay, P. Keifer, T. Saarinen, J. Am. Chem. Soc. 1992, 114, 10663–10665. 

[8] A. T. Phan, J. Biomol. NMR 2000, 16, 175–178. 

[9] P. Schmieder, J. H. Ippel, H. va. den Elst, G. A. va. der Marel, J. H. va. Boom, C. 
Altona, H. Kessler, Nucleic Acids Res. 1992, 20, 4747–4751. 

[10] H. Schwalbe, J. P. Marino, G. C. King, R. Wechselberger, W. Bermel, C. Griesinger, J. 
Biomol. NMR 1994, 4, 631–644. 

[11] S. S. Wijmenga, B. N. M. van Buuren, Prog. Nucl. Magn. Reson. Spectrosc. 1998, 32, 
287–387. 

[12] L. Mueller, J. Magn. Reson. 1987, 72, 191–196. 

[13] D. K. Wilkins, S. B. Grimshaw, V. Receveur, C. M. Dobson, J. A. Jones, L. J. Smith, 
Biochemistry 1999, 38, 16424–16431. 

[14] A. Ortega, D. Amorós, J. García de la Torre, Biophys. J. 2011, 101, 892–8. 

[15] A. T. Brünger, P. D. Adams, G. M. Clore, W. L. DeLano, P. Gros, R. W. Grosse-
Kunstleve, J. S. Jiang, J. Kuszewski, M. Nilges, N. S. Pannu, et al., Acta Crystallogr. 
D. Biol. Crystallogr. 1998, 54, 905–21. 

[16] J. P. Linge, S. I. O’Donoghue, M. Nilges, Methods Enzymol. 2001, 339, 71–90. 

[17] H. R. A. Jonker, ARIA 1.2 HJ (development version) n.d. 

[18] S. Nozinovic, B. Fürtig, H. R. A. Jonker, C. Richter, H. Schwalbe, Nucleic Acids Res. 
2010, 38, 683–94. 

[19] J. P. Linge, M. A. Williams, C. A. E. M. Spronk, A. M. J. J. Bonvin, M. Nilges, Proteins 
2003, 50, 496–506. 



51 
 

[20] K. Neumann, M.-K. Verhoefen, I. Weber, C. Glaubitz, J. Wachtveitl, Biophys. J. 2008, 
94, 4796–807. 

[21] K. Neumann, No Title, Goethe University Frankfurt, 2010. 

[22] T. Wilhelm, J. Piel, E. Riedle, Opt. Lett. 1997, 22, 1494. 

[23] E. Riedle, M. Beutter, S. Lochbrunner, J. Piel, S. Schenkl, S. Spörlein, W. Zinth, Appl. 
Phys. B 2000, 71, 457–465. 

[24] G. Cerullo, S. De Silvestri, Rev. Sci. Instrum. 2003, 74, 1. 

[25] P. Hamm, R. A. Kaindl, J. Stenger, Opt. Lett. 2000, 25, 1798–800. 

[26] C. Slavov, H. Hartmann, J. Wachtveitl, Anal. Chem. 2015, 87, 2328–36.  

 



200 
 

 

13. Research article V: 19F-NMR-based fragment screening for 

14 different biologically active RNAs and 10 DNA and protein 

counter-screens 

 

Oliver Binas*, Vanessa de Jesus*, Tom Landgraf*, Albrecht E. Völklein*, Jason Martins, Daniel 

Hymon, Jasleen K. Bains, Hannes Berg, Thomas Biedenbänder, Boris Fürtig, Santosh L. Gande, 

Anna Niesteruk, Andreas Oxenfarth, Nusrat S. Qureshi, Tatjana Schamber, Robbin Schnieders, 

Alix Tröster, Anna Wacker, Julia Wirmer-Bartoschek, Maria A. Wirtz Martin, Elke Stirnal, Kamal 

Azzaoui, Christian Richter, Sridhar Sreeramulu, Marcel J. J. Blommers and Harald Schwalbe 

*authors contributed equally to the work 

ChemBioChem, 2020, accepted 

 

Small molecule drug screening attempts are performed predominantly on proteins. However, RNA 

is currently emerging as an additional target, since many pathologically relevant proteins are 

deemed not druggable and RNA is becoming increasingly researched as a regulatory factor, 

especially in bacteria (see Chapter 7.1). In order to investigate on the druggability of 24 biological 

targets, including 14 RNAs, five DNAs and five proteins, a fragment-based screening relying on 

19F-NMR was performed for this article. T2-modulated 19F-1D spectroscopy was applied to 

fragment mixtures, monitoring signal intensities in dependence of biomolecule abundance. 

Targets were chosen from biomolecules currently investigated in the Schwalbe group and cover a 

broad range of biological functions as well as molecular sizes. For selected targets and observed 

binders, follow-up experiments including 2D-TOCSY, 2D-15N-correlation and competition screens 

were performed particularly focusing riboswitch targets. In addition, hits were analyzed 

bioinformatically determining hit enrichment in dependence of target and molecular scaffold. As a 

proof of principle, follow-up chemistry was demonstrated on a fragment which was determined to 

bind weakly to a 39 nt terminator RNA. Upon linking to the known RNA binder acridine, low 

micromolar affinity was reached. 

The author of the thesis contributed to the experiments with production of one screened RNA and 

subsequent fragment-based screening, establishing the approach in the group under supervision 

of Dr. C. Richter and Dr. S. Sreeramulu. All follow-up experiments on the ZMP-sensing riboswitch 

were performed and analyzed by the author. Additionally, the author contributed largely to 

development and assembly of the necessary toolset for screening data analyzation and 

distribution of the results to the large group of investigators. The author was responsible for data 

consolidation and presentation and contributed significant parts of the manuscript as well as most 

graphic material. Cheminformatics were carried out by Dr. M.J.J. Blommers and Dr. K. Azzaoui. 

Follow-up chemistry was performed by J. Martins, A. Tröster and Dr. N. S. Qureshi.
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Abstract: We report here on the nuclear magnetic resonance 

(NMR) 
19

F screening of 14 RNA targets with different second-

ary and tertiary structure to systematically assess druggability 

of RNAs. Our RNA targets include representative bacterial 

riboswitches that naturally bind with nanomolar affinity and 

high specificity to cellular metabolites of low molecular weight. 

Based on counter-screens against five DNAs and five proteins, 

we can show that RNA can be specifically targeted. To 

demonstrate the quality of the initial fragment library that has 

been designed for easy follow-up chemistry, we further show 

how to increase binding affinity from an initial fragment hit by 

chemistry that links the identified fragment to the intercalator 

acridine. Thus, we achieve low micromolar binding affinity 

without losing binding specificity between two different termina-

tor structures. 

Introduction 

Proteins constitute the vast majority of validated drug tar-

gets. The ribosome, a large RNA-protein-complex, is the 

most prominent RNA drug target. Most antibiotics inhibit 

protein synthesis by targeting the interface of RNA and 

proteins in the ribosome[1]. Beyond being target for antibiot-

ics, RNA has for long been considered undruggable. Re-

cently, however, this view has changed and RNA emerged 

as a potential target for drug discovery as well[2–6]. Clinical 

success of compounds initially identified as RNA binders[7] 

inspires thorough exploration of the non-coding RNA target 

space. Here, potential targets range from RNA involved in 

oncology and inflammation to RNA involved in bacterial 

and viral infections, to mention a few areas with unmet 

medical need. Concurrently, the continuous identification of 

new regulatory RNAs, including riboswitches or sRNAs 

further increases potential applications[8]. Riboswitches in 

particular have come into focus to combat multi drug re-

sistant (MDR) bacteria that pose a major health threat for 

modern human society[9], which can only be tackled by new 

antibiotics. The development of drugs targeting riboswitch-

es is therefore an important research focus[10].  

Structure-based drug discovery is a key methodology for 

rational drug discovery. Here, X-ray crystallography[11] and 

nuclear magnetic resonance (NMR) spectroscopy[12] pro-

vide the essential structural information. Insight from target 

structures is often supported by computational methods to 

aid in library design. Virtual screening by in silico docking 

of a compound library against available target model struc-

tures guides medicinal chemistry in the development from 

initial hits towards the generation of lead compounds[13].  

High-throughput screening in drug discovery requires 

robust detection of binding of a large number of test com-

pounds, a library, to a biological target. Such screening can 

involve up to 1-2 million compounds from which routinely a 

very small number of potential lead compounds are identi-

fied. Screening large libraries thus requires high prepara-

tive and infrastructural effort.  

An alternative to this classic approach is fragment-based 

screening. Fragments are often weak binders and their 

binding specificity can be lower than expected from a lead 

compound[14]. Thus, fragment-based drug discovery re-

quires that the initial hits are further processed into lead 

compounds by chemical modification such as growing the 

compound to fit the desired number of binding interactions 

with the target or linkage of two fragments which bind to 

binding sites in spatial proximity. Fragment-based drug 

discovery is nowadays the basis of many hit-to-lead re-

10.1002/cbic.202000476

A
cc

ep
te

d 
M

an
us

cr
ip

t

ChemBioChem

This article is protected by copyright. All rights reserved.



search programs[15]. In fact, it has been shown that FDA-

approved drugs targeting proteins can be developed start-

ing from fragment screens[15–21].  

Methods used to screen RNA include fluorescent-based 

assays [22,23], mass spectrometry[24,25], small molecule 

microarrays (SMM)[26,27], microscale thermophoresis 

(MST)[28,29] and NMR spectroscopy[30].  However, most of 

these studies focus only on a single target RNA[31,32]. By 

contrast, we here report on the screening of a library of 102 

fragments against 14 different RNAs of different sizes and 

different architectures, using   19F-NMR as the main meth-

od for hit identification. The targeted RNAs include small 

stem loop structures, aptamer domains of riboswitches, 

full-length riboswitches, terminators and antiterminators of 

riboswitches, ribozymes as well as tRNAs, traditionally 

serving as control RNAs in screening (Figure 1). Thus, our 

results allow us to delineate specificities of fragments 

towards different RNAs. We further counter-screened 

against five DNAs and five proteins to test whether the 

fragment library can target for these different classes of 

biomacromolecules or whether the library is biased to-

wards binding a subset of biomacromolecules. The DNA 

targets include regular double-stranded DNA as well as G-

quadruplex structures of different morphology, and the 

proteins include RNA-binding proteins as well as the im-

portant enzyme classes kinases and phosphatases that 

bind to phosphorylated moieties as part of the enzymatic 

function. With our multi-target approach, we show that 

selective fragments for an RNA target can be found but 

often a good hit is broadly binding to RNAs of the same 

size and structural complexity. Also we show that the se-

lective targeting of RNA over other classes of biomacro-

molecules is possible with this library. 

By way of example, we further show that by fast follow-up 

chemistry that involves the linkage of an RNA-binding 

fragment with the intercalator acridine, we obtain low mi-

cromolar RNA binders with more than 10-fold specificity 

towards different RNAs. 

Results and Discussion 

Target choice is an important step for any screening espe-

cially in a multi-target approach in which a broad spectrum 

of biologically relevant target molecules is crucial to suc-

cess. Therefore, we showcase our measures of target 

choice in the following section. All RNA constructs 

screened are summarized in Table 1. 

 

RNA hairpin structures 

Stem-loop/hairpin structures represent the most common 

small secondary structure motifs in RNA[33]. Common loop 

lengths range from three to seven nucleotides, but more 

than 50% of all loops are tetraloops[34]. Tetraloops are not 

only very abundant, they also exhibit a high thermodynam-

ic stability as they are usually stabilized by hydrogen bond-

ing and stacking interactions. When drug-screening ap-

proaches are employed on biologically relevant stem-

loops, further characterization of the binding mode is 

needed to distinguish stem-binding[35] from loop-binding 

ligands[27] to understand the structural basis of the ligand-

induced change in biological function[36]. 
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Figure 1. Overview of RNA targets. Schematic secondary structures of the RNA targets investigated by 
19

F-FBS. Stems (P), loops (L) and junctions (J) 

are annotated, respectively. Tri-, tetra- and pentaloop sequences are listed explicitly. 

Rational ligand design led to the development of com-

pounds that specifically bind to an RNA loop region[37]. In 

our study, we included two 14 nucleotides (nt)-containing 

stem-loop structures exhibiting a GAAG and a CUUG 

tetraloop, respectively in order to detect fragments binding 

to this abundant secondary structure motif. Also, we in-

cluded the guanidine-sensing riboswitch as an example of 

a functional RNA with hairpin structures. Loop-loop-

interactions[38] are part of the stabilizing function with pu-

rine-sensing riboswitches that are part of the RNA targets 

in this study (Supplementary Figure 3). 

 

RNA bulges, internal loops and pseudoknots  

Helix-junction-helix (HJH) structure elements occur be-

tween two helices or three- and four-way junctions. They 

can be divided into bulges and internal loops, where the 

first is characterized by short single-stranded intersections 

on one side of an RNA stem and the latter features un-

paired regions on both sides of the stem[39,40]. Bulges and 

internal loops constitute conformational hinges, allowing 

helices to adopt different conformations with respect to 

each other. Formation of these structures allows for inter 

helix motions such as dynamic nucleobase stacking or 

rotation in and out of a junction.   [39]They can often be 

targeted by low molecular weight ligands as previously 

shown for the Tat-TAR interaction, which was mimicked by 

arginamide[41,42]. In drug screening approaches, internal 

loops and bulges can be valuable targets for ligand design 

since their potential for ligand recognition is relatively high. 

Examples of virtual screenings directed on HIV-1 TAR 

show that sampling of the entirety of the allowed topologi-

cal space leads to an ensemble of discrete conformations 

that can bind different ligands[36,43,44].  

In our screening pool, several examples of small and large 

bulge regions, internal loops and pseudoknots are present 

in RNAs (Figure 1). 

 

Riboswitches 

Riboswitches are structured RNA elements which regulate 

gene expression by allosteric structural re-arrangements of 

an expression platform element in response to sensing 

environmental changes by an aptamer element. Most 

riboswitches respond to changes in concentration of small 

molecules, mostly metabolites, which they bind with re-

markable specificity[45,46]. Examples showing the observa-

tion of binding via homonuclear and heteronuclear 2D-

NMR spectroscopy are displayed in Supplementary Fig-

ures 2 and 3. Intricate tertiary structures are formed by 

most aptamers to achieve high-affinity binding required for 

optimal sensitivity, alongside with sufficient discrimination 

against non-cognate ligands. These binding pockets fea-

ture a closely defined chemical space, which is usually 

thoroughly described by structural data (see Supplemen-

tary Figure 1). The complex and specific chemical envi-
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ronments aid development of specific ligands and therefore 

especially fragment-based drug discovery approaches, 

which rely on chemical adaption in particular. Thus, it is not 

surprising that riboswitch aptamer domains have been 

identified as excellent drug targets very early on[47,48]. Of 

the 14 RNAs screened, eight are derived from riboswitches 

including natural ligand binding aptamer domains (vide 

infra).  

In this study, we screened the aptamer domains of ri-

boswitches from the second-messenger-sensing class, the 

guanidinium-sensing class, the purine-sensing class and 

the thiamin-pyrophosphate-(TPP)-sensing riboswitch. The 

TPP-sensing riboswitch represents the most abundant 

riboswitch found in different prokaryotes and even eukary-

 

Figure 2. 
19

F-1D NMR-spectra of the 
19

F-library fragment mixtures. The 
19

F-library contains 101 compounds (Supplementary Table 1). Five mixtures of 

either 20 or 21 ligands were generated to avoid signal overlap. The spectra of the mixtures (A, B, C, D, E) in the screening buffer are displayed.

otes (Table 1). For purine-sensing riboswitches, operating 

either on the transcriptional or the translational level, we 

have previously reported on the mechanism of full-length 

riboswitch function[49,50].  

 

Counter screens 

To maximize the coverage of conformational space and to 

rule out unspecific binding we added five other RNAs rang-

ing from 14 nt to 77 nt in length to the pool of target RNAs. 

We screened tRNAfMet produced in house. tRNAs, being 

ubiquitously present in all kingdoms of life, are used as 

counter screen RNA in many applications and especially in 

high-throughput screens of RNA molecules, such as an 

RNA G-quadruplex[51] and the transactivation response 

element (TAR) RNA[52]. To rule out binders not specific to 

RNA, we additionally screened five DNAs (Supplementary 

Figure 24 – 31), including four G-quadruplexes and five 

proteins with molecular weights ranging from 18 to 

100 kDa (Supplementary Figure 32 – 39). 

 
19F-CPMG based screening by NMR spectroscopy 

NMR spectroscopy is well suited for the identification of 

initial fragment hits as it is fast and reliable and offers the 

possibility to detect weak binding in solution. There are a 

large number of NMR experiments to detect binding, in-

cluding NOEs, chemical shift perturbation, saturation trans-

fer difference[53], WaterLOGSY[54] or T2-relaxation spec-

troscopy[55]. By these methods, interactions characterized 

by dissociation constants in the range of 10 mM down to 

low nM can be detected, depending on experimental setup. 

Further improvements are currently developed with more 

sophisticated methods of dynamic nuclear polarization 

(DNP) or hyperpolarization[56], decreasing the lower detec-

tion limit. Additionally, NMR offers the possibility to observe 

the interaction of the target with fragments in a mix of 

several fragments at the same time, greatly reducing oper-

ational effort. Often, NMR screenings utilize 1H-detection. 

The high number of hydrogen atoms in fragment com-

pounds, however, leads to severe overlap of NMR signals, 

reducing the number of fragments within one mixture that 

can be screened in a single experiment.  
19F-detection[57] is an attractive alternative to 1H detection. 

NMR signals in 19F-spectra show a much higher chemical 

shift dispersion covering a range of around 50 kHz (83 

ppm) compared to around 6 kHz (10 ppm) for protons. 

Furthermore, if 1H-decoupling can be performed, which 

depends on the spectrometer configurations and NMR 

probehead used, each 19F resonates at a single resonance 

frequency, allowing the observation of several fragments in 

a single mixture. Figure 2 shows the design of the fragment 

mixture containing 20 or 21 different ligands per mixture. 

An overview of all 101 fragments screened is available in 

Supplementary Table 1. In this study, we measured 19F 

transverse relaxation experiments which apply CPMG 

pulse trains[55,58] for varying relaxation delays.  

CPMG T2 measurements exploit the different relaxation 

properties of unbound fragments in comparison to (transi-

ently) bound fragments to biological targets. Low molecular 
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weight fragments with short rotational correlation times (τc) 

in solution will show changes in CPMG T2 values upon 

(transient) binding to a high-molecular weight macromole-

cule (4 kDa - 100 kDa), which exhibits much slower τc and 

consequently faster T2-relaxation. This relaxation effect is 

observed even if the population of bound fragment is 1% or 

lower. We chose this method since it is very sensitive to 

even low affinity interactions and is therefore beneficial to 

fragment-based approaches.  

 

Validation of hits from 19F screens 

After this initial broad screening follow-up screens integrate 

cheminformatic-based searches for similar ligands that are 

commercially available but also cross-validation of binding 

to other targets. In fact some of the fluorine containing 

ligands show binding to almost all RNAs (#s of the unspe-

cific binder/s). Screening of fragments against RNA targets 

yielded several hits with a hit rate of up to 26%. These hits 

were roughly estimated to bind with an at least low millimo-

lar KD or tighter to the target RNA. This estimation stems 

from the observation that most RNA signals did not show 

large chemical shifts changes in the follow up 2D 1H-15N-

correlation experiments, upon interaction addition of frag-

ments. This assumption is made, although it is not clear 

whether changes in chemical shifts are strictly correlated 

with changes in the chemical environment. After the initial 
19F screening the hits can be confirmed, KD values deter-

mined and information on the fragment binding site ob-

tained. To confirm hits, we prepared samples containing 

only the fragment that showed binding in initial screenings 

mixtures. We were able to observe altered T2-relaxation 

behavior for all hits investigated, confirming their RNA 

binding capability and justifying the pooled-mix screening 

approach (Supplementary Figure 5 – 39). 

Mapping binding to a specific site in RNAs is usually per-

formed by analysis of chemical shift perturbations (CSPs) 

that fragment binding causes on the RNA resonances in 

proximity to the binding epitope. In this approach, care has 

to be taken to distinguish direct binding induced CSPs from 

remote effects whose origins are sometimes difficult to 

assess. Most of the RNAs studied are riboswitches, which 

bind to metabolites of low molecular weight with an affinity 

several orders of magnitude higher than the expected 

affinity of the fluorinated fragments. Thus, orthosterically 

binding fragments can be detected in a competition exper-

iment. By adding the natural ligand to an RNA sample 

containing the hit fragment, the natural ligand will compete 

for the RNA binding site and eventually displace the lower-

affinity binding fragment. Accordingly, if a CPMG-

experiment with long mixing time is recorded, fragment 

signals will be recovered upon addition of the natural lig-

and. Although these experiments can provide evidence for 

ligands that interact with the natural ligand binding site, this 

might not always be the case since structural rearrange-

ment upon binding of the natural ligand can also obscure 

other binding sites, which were formerly accessible to 

fragments. To evaluate the T2-modulated 1D-NMR spectra,  
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Figure 4. Determination of Q
bind

.
 
Four 

19
F-CPMG experiments are record-

ed to determine the binding factor Q
bind

 from peak integrals as discussed 

in the main text. The relaxation loss at 200 ms relaxation dephasing time 

relative to 0 ms dephasing for the 
19

F signal of the ligand is recorded in 

the presence and absence of biomolecular target.  

we measured the fragment signal integrals and calculated 

the ratios between 200 ms CPMG and 0 ms CPMG applied 

to 19F-NMR spectra.  

The quotient Qbind of the integral ratios  

𝑄𝑏𝑖𝑛𝑑 =
𝐼𝑛𝑡𝑒𝑛𝑠𝑖𝑡𝑦 𝑅𝑎𝑡𝑖𝑜 +𝑇𝑎𝑟𝑔𝑒𝑡

𝐼𝑛𝑡𝑒𝑛𝑠𝑖𝑡𝑦 𝑅𝑎𝑡𝑖𝑜 −𝑇𝑎𝑟𝑔𝑒𝑡
 

with  

𝐼𝑛𝑡𝑒𝑛𝑠𝑖𝑡𝑦 𝑅𝑎𝑡𝑖𝑜 =
𝑃𝑒𝑎𝑘 𝐼𝑛𝑡𝑒𝑔𝑟𝑎𝑙 𝐶𝑃𝑀𝐺(200 𝑚𝑠)

𝑃𝑒𝑎𝑘 𝐼𝑛𝑡𝑒𝑔𝑟𝑎𝑙 𝐶𝑃𝑀𝐺(0 𝑚𝑠)
 

 

defines a quantifiable factor to classify the ligand-target 

interaction into no binding, strong or weak binding (Figure 4). 

The exact effect, however, depends on the overall rotational 

tumbling time τc that increases with increasing molecular 

weight. Qbind is a rough criterion, since we did not differenti-

ate between aromatic and aliphatic bound flourines, which 

we however deem sufficient for the task. The quotient (Peak 

Integral +Target/ Peak Integral -Target) was automatically calcu-

lated; all potential hits were then manually checked. The 

results are summarized in Figure 3 and spectra regions of all 

hits are displayed in Supplementary Figures 5 – 39. We 

obtained hits for all targets. The results show a clear trend 

that riboswitch RNAs show a high hit rate, ranging from 7 to 

26 hits per riboswitch. Riboswitches contain aptamer do-

mains that bind metabolites in the same size range as the 

fragments or even lower (e.g. F--sensing[59] or Mg2+-

sensing[60] riboswitches). Only one to five hits could be de-

termined for all other RNAs. Although CPMG measurements 

as relaxation-based experiments are biased towards in-

creased sensitivity for larger constructs, increased affinities 

of riboswitch targets are still striking in comparison to the 77 

nt tRNA.  

DNA structures which were included to sample other nucleic 

acid structures, namely duplex and G-quadruplex, showed 

very different behavior. For the duplex, only a single frag-

ment showed binding. For G-quadruplexes, we observed 

between 12 and 20 hits with some overlap to hits that also 

bind to riboswitch RNAs. Of the five proteins investigated, 

four showed a large number of hits, ranging from 16 up to 55 

(Table 1).  

The 18 kDa phosphatase MptpA showed only four hits, in 

line with the difficult druggability of phosphatases. In general, 

for 101 fragments screened across 24 different biomolecular 

targets involving either DNA/RNA/proteins, approximately 

5% of the data were not analyzable. This is a result of the 

necessity to optimize buffer conditions in particular for pro-

teins. The different buffer conditions can lead to solubility 

issues and chemical stability issues for this subset of ligands. 

The remaining fragments show a broad variety of target 

selectivity from fragments binding exclusively a single target 

(fragment 100) to highly promiscuous binding behavior 

(fragment 57). 

From the pool of the screened biological targets, we chose 

the aptamer domains containing 76 nt, 84 nt and 98 nt of the 

secondary-messenger-sensing riboswitches for follow-up 

investigation. Weak hits were omitted. To verify hits and rule 

out effects of fragment mixing we confirmed binding of hits 

for single fragments. For all investigated fragment and RNA 

combinations, we were able to observe the same strong 

effects as in the mixtures. To validate the observed effects 

and to characterize the binding epitope, we analyzed the 

effect of fragment 75 addition to the 76 nt riboswitch (Figure 

5). We used 15N-isotopically labeled RNA to conduct 15N-

correlated 2D spectroscopy on imino hydrogens (Figure 5a) 

to detect possible chemical shift perturbation of RNA signals 

introduced by the addition of the screening hit. In these spec-

tra, only helical imino hydrogen signals are visible, which 

shift distinctly in case of helix groove binding fragments. In 

our case, we could only observe very small shifts and some-

times additional small signals in the spectra. More pro-

nounced effects could be observed on the signals of aro-

matic hydrogens in 1H,1H-TOCSY spectra (Figure 5b). Here, 

clear signal shifts over 10 Hz on H5-H6 cross peaks of py-

rimidine residues were detected. 

At concentrations appropriate for screening (in this case 

50 µM), and for large RNAs, such as the riboswitches inves-

tigated, only the strongest H5-H6 peaks are visible. In the 

example shown for compound 75 (Figure 5b), dose-

dependent chemical shift perturbation was detected for three 

signals. Combined with the data obtained from 15N-

correlation spectroscopy, which showed only minor altera-

tion, we can conclude that the respective binding site is 

located in a flexible region of the RNA. A NMR-titration ex-

periment analyzing the 1H-1D-chemical shift perturbations 

showed a 400 µM KD for a mixture of fragment 75 and the 76 

nt secondary-messenger-sensing riboswitch (Figure 6b)[61]. 

Additional information on the binding site was obtained from 

a competitive binding assay. We added the fragment under 

investigation to the RNA target and characterized the effect 

of addition of native ligand on the T2-modulated signal. As 

observed earlier, the signal is completely suppressed upon 

addition of the RNA, but addition of native ligand leads to 

signal recovery by approximately 15%. The incomplete re-

covery of fragment signals points to the possibility that or-

thosteric binding of the fragment hit to the binding site of the 
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cognate ligand is accompanied by additional non-specific binding. The major population binds allosterically, and a  

 

Figure 5. Hit validation and competition experiments. Validation of 
19

F-CPMG screening hits for the aptamer domains of the three secondary messenger-

sensing riboswitches. a) Spectral regions with signals from guanosine (top) and uridine (bottom) residues of the 
1
H,

 15
N-correlation experiment of the 76 nt 

riboswitch with (blue) and without 75 (black) shown under c. b) 
1
H,

1
H-TOCSY spectrum with (blue) and without 75 (black). c) 

19
F-1D-NMR-titration of 75 with 

the RNA. KD was determined according to Williamson. 
[61]

 d) (Partially) competitive binding of fragments to the 84 nt and 98 nt riboswitch observed in T2-

modulated 1D-
1
H experiments. 

smaller population binds orthosterically to the same binding 

site as cognate ligand. We found that signals of other com-

pounds could be recovered by 83% (47 Figure 5d) after 

addition of native ligand, pointing to a larger influence on the 

binding site. The most convenient way to obtain affinity data 

by NMR is the observation of the 19F fragment signal, since it 

does not require isotopic enrichment and there is only one 

signal. 19F signals in general are very sensitive to changes in 

their chemical environment and thus, presumably, show also 

a substantial CSP for the 19F upon addition of ligand. In 

contrast, the chemical shift dispersion of the aromatic hydro-

gens is smaller and the largest CSP in 1H RNA signals was 

only around 5 - 8 Hz. From 19F CSP data we could obtain 

affinity constants in the high µM range, such as 400 µM for 

fragment 75[62].  

The screening of a large number of biomolecular targets 

demonstrates that the fragment library exhibits the highest hit 

rate to proteins, followed by RNA and then DNA. RNA hits 

are observed predominantly for RNAs containing loop re-

gions, bulges, and internal loops. Some of the fragments in 

the library are promiscuously binding to all three different 

classes of biomolecular targets. The overlap for hits binding 

to proteins and RNA is also around 20%. The most promis-

ing result, however, is the observation that each biomolecu-

lar target class can be specifically targeted (See Supplemen-

tary Figure 4).  

 

 

Cheminformatic analysis of hit data  

The 69 hit compounds were chemically clustered using Hier-

archical Clustering (DistMatrix, Morgan fingerprint, distance 

threshold 0.6, using Knime software 4.0.2) resulting in 38 

singletons and 4 chemical families sharing a closely related 

scaffold. The largest cluster contains 5 members that were 

binders for proteins, DNA/RNA, and DNA/RNA/proteins 

targets. No cluster seems to be specific to any of the target 

families screened.  

In order to check if there are any correlations between chem-

ical structures and the number of targets that bind to it, we 

generated a number of molecular descriptors linked to the 

shape, electrostatic and hydrophobic interactions. The corre-

lation matrix of all data shows no significant correlations 

between the number of target hits and molecular descriptors. 

The lowest and the highest correlations found are respective-

ly with the number of aromatic atoms (R = +0.27) and SP3 

descriptor (sp3 carbon atom count/total carbon atom count 

reflecting the flatness of the molecules) (R = -0.23).  

The statistical analysis of the number of aromatic atoms for 

each category of binders shows higher average value of this 

descriptor for compounds hitting DNA/RNA/proteins (9.2) 

after the DNA/RNA binders (10.4) but in this last case the 

number of hits is too small to draw a conclusion. The SP3, 

10.1002/cbic.202000476

A
cc

ep
te

d 
M

an
us

cr
ip

t

ChemBioChem

This article is protected by copyright. All rights reserved.



like the other molecular descriptors, shows no significant 

difference between the category for hits (Figure 6). The 

substructure counting of popular and frequent motifs in  

 

Figure 6. Cheminformatic analysis of hit data for all RNA, DNA and Protein biomolecules. a) Gaussian distributions for aromatic atoms and SP3 descriptor 

over categories of biomolecules. SP3 descriptor (sp3 carbon atom count/total carbon atom count) reflects the flatness of the fragment molecules. b) Visuali-

zation of categories in a Venn diagram. c) Euclidian distribution of hits to the target biomolecules. 

organic molecules reported in the Table 6a, also shows no 

significant enrichment in different categories of binders. 

Because of the small size of the fragments in the current 19F-

library, there is no privileged class of compounds or relevant 

physicochemical properties that can be specific to a family of 

biological targets (RNA/DNA/proteins). The 19F-fragment 

library is therefore suitable for RNA, DNA, and proteins and 

can be used to generate starting points for follow-up screens 

and to examine the presence of potential binding pockets for 

ligands in the individual targets. Moreover, correlation analy-

sis (Figure 6c and Supplementary Figure 4) shows striking 

clustering of hits between Riboswitches and Aptamers, DNA 

and Proteins respectively. Currently research focuses on the 

development of libraries solely suited for RNA, taking the 

repetitive nature of the RNA backbone, the higher charges 

and RNA dynamics into account.[63,64] While the here shown 

library of 19F-fragments was shown to be suited for proteins 

and RNA likewise, these recent developments could be 

taken into account in order to enrich current fragment librar-

ies into a more RNA-focused library.   

 

Follow-up chemistry 

After hit identification, the next major aspect in fragment-

based drug discovery is to link initial hits to increase binding 

affinity. Such an improvement can be achieved by linkage of 

the fragment to an RNA binder, as shown for a Neomycin-

Acridine conjugate.[65] To generate affinity we used an acri-

dine moiety, which is a well-known intercalator that also al-

lows fast follow-up chemistry.[66,67] Herein we describe a 

three step synthesis to generate an acridine moiety followed 

by linking it to a fragment. We chose a fragment from an 

additional 1H-Screening for the 39 nt terminator stem 

(P2D11) with a similar structure to the Hits from 19F-

Screening because of better availability and facilitated syn-

thesis. By Linkage of this fragment with the acridine a bind-
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ing in low µM range was observed as described in the Sup-

plementary information. 

Conclusion 

In summary, we outline the screening of 19F-containing librar-

ies to 14 different RNA targets. Commercially available frag-

ment library can be used to identify low molecular weight 

fragments. We also show the general versatility of the used 

poised library, allowing straight-forward follow-up chemistry 

to increase binding affinity to as low as 1 µM, while observing 

a 15-fold selectivity between different RNA targets. Identified 

hits report on the general druggability of RNA targets[68]. 

Cheminformatics allow delineation of features within the 

fragments that are specific for each class of biomolecular 

target. Our study will aid our current effort to identify new 

ligands with antiviral activity in the context of combatting the 

COVID-19-pandemic (covid19-nmr.de). 

Experimental Section 

Initial checks 

All fragments in the library utilized for screening were checked for 

inconsistencies by running 1D 1H- and 19F-spectra of each com-

pound. Spectra were analyzed by hand and compounds showing 

wrong or additional signals were ruled out. 

RNA preparation 

All RNAs were prepared in house through in vitro transcription with 

T7 RNAP[69]. DNA templates included the necessary T7 promotor 

and were either obtained from linearizing plasmid containing the 

sequence of interest or PCR run-off. Transcription conditions were 

optimized for yield and sample purity and in vitro transcription was 

performed in 10 to 20 ml scale dependent on the expected yield. 

Purification was performed either by HPLC, preparative PAGE or 

buffer exchange to NMR buffer if necessary[70]. Concentration and 

purity of the samples were analyzed by UV-Vis spectroscopy and 

analytical PAGE respectively. For some of the follow-up experiments 
15N-uniformly labeled RNA was prepared with the same procedure 

using 15N-isotopically labeled rNTPs. 

Sample generation 

Each fragment mixture contained 20 or 21 fragments at 2.5 mM 

concentration in 90%-d6-DMSO with 10% D2O. Mixtures were de-

signed (minimize signal overlap) in an excel sheet, using the chemi-

cal shift obtained from individual compound measurement. Sample-

Pro Tube robot was used for automated pipetting of the samples into 

the NMR tubes. The final sample volume was 170 µL with 5% D2O 

as locking solvent. For each target, two samples (with and without 

target) were prepared per mixture. 19F-screening was performed at a 

ratio of 1:1 with respect to RNA and fragments. The final 

[RNA]([protein])-ligand concentration was around 50 µM. The screen-

ing buffer was 25 mM KPi, pH 6.2, 50 mM KCl, 5 mM MgCl2 in 94% 

H2O / 5% D2O / 1% d6-DMSO in a 3 mm tube. For DNA, buffer condi-

tions were 25mM KPi, pH 7.0, 70mM KCl, in 94% H H2O / 5% D2O / 

1% d6-DMSO. For proteins MptpA and PtkA buffer conditions were 

25 mM HEPES/NaOH, pH 7.0, 150 mM NaCl, 10 mM DTT and 50 

mM HEPES/NaOH, pH 7.5, 300 mM NaCl, 10 mM DTT, 10 mM 

MgCl2 respectively. For EphA2 buffer conditions were 20 mM Tris pH 

8, 200 mM NaCl, 5 mM MgCl2, 3 mM TCEP. For T7 and rS1 buffer 

conditions were 25 mM KPi (pH 7.2), 150 mM KCl, 5 mM DTT. NMR 

screening data of 19F-1D and 19F-CPMG-T2 measurements were 

recorded with mixing times of 0 ms, 200 ms, 400 ms for the CPMG 

experiments. Strong hits from screening of three investigated RNAs 

were chosen for follow-up experiments. Samples of these fragments 

with the respective RNA were prepared in the same way omitting 

mixture generation, to confirm binding of the single fragment. In the 

same way, samples for the competition experiments were generated. 

Native ligand was added at an equimolar concentration to the RNA. 

Additionally, samples of 15N-labeled RNA were prepared with an 

RNA concentration between 50 µM and 100 µM and fragment con-

centration of 1.25 mM and were used in follow-up experiments. 

Reference samples contained no fragment. 

NMR spectroscopy 

Spectra acquisition was carried out on a Bruker AVIIIHD-600 NMR 

spectrometer equipped with a five mm 1H/19F [13C,15N]-TCI prodigy 

cryo-probe and high throughput sample changer for 579 samples 

with temperature option for sample storage. For the screening pro-

cess the following spectra were acquired: 19F-1D, water-suppressed 

proton 1D and 19F-1D with CPMG spinlock (0, 200 and 400 ms). All 
19F spectra were recorded at room temperature, without 1H-

decoupling and processed with line broadening function of 10 Hz. 

The CPMG spin lock was applied using an adiabatic WURST pulse 

with a bandwidth of 120 ppm and a length of 2 ms. The pulse is 

calculated on-the-fly by wavemaker software in Topspin. The inter-

pulse delay of the CPMG spin lock was set to 9 ms. Screening data 

were analyzed by integration with Topspin 4.0 (Bruker Biospin) and 

manually checked using the integrated fragment-based screening 

software tool.  Strong hits for three RNAs investigated were chosen 

for follow-up experiments. 19F-1D CPMG spectra were run on single 

fragment samples with the same parameters as in screening. The 

following spectra were acquired: 15N-SFHMQC, proton 1Ds with 

excitation sculpting[71] or jump-and-return echo[72] scheme for water 

suppression, and 1H,1H-TOCSY with excitation sculpting.  

Synthesis 

All experimental details for the synthesis and characterization of 

compound 1 are described in the Supporting Information. 
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Table 1. List of all biomolecules used in the study listed with their biological host organism (if applicable), PDB accession codes of X-ray structures and 

primary publication. 

 
Organism X-Ray NMR  

Riboswitches and Aptamers    

Guanidine (Gdn-II)-sensing riboswitch (49 nt) Escherichia Coli 5NDI
[73]

  

ZMP-sensing riboswitch (76 nt) Thermosinus carboxydivorans 4ZNP
[74]

  

thiM TPP-sensing riboswitch (80 nt) E. Coli 2GDI
[75]

  

pilM 3′, 3′-cGAMP-sensing riboswitch (84 nt) Geobacter metallireducens 4YAZ
[76]

  

TenA TTP- sensing riboswitch (94 nt) Staphylococcus aureus   
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cyclic di-GMP-1 riboswitch (98 nt) Clostridium difficile 

3MXH*
[77]

 

3IRW*
[78]

 

3IWN*
[79]

 

 

Adenine-sensing riboswitch (127 nt) Vibrio vulnificus 

1y26
#[80]

 

5E54
#[81]

 

4TZX
#[82] 

[49]
 

[69]
 

Riboswitch Elements 
   

2'-deoxyguanosine-sensing-riboswitch terminator (39 nt) Mesoplasma florum  
[83]

 

SAM-sensing riboswitch anti-terminator (38 nt) Bacillus subtilis   

Adenine-sensing riboswitch terminator (51 nt) B. subtilis  
[84]

 

Adenine-sensing riboswitch 

expression platform (60 nt) 
V. vulnificus  

[69]
 

[85]
 

Other RNAs 
   

RNA with GAAG tetraloop (14 nt) artificial  2F87*
[86]

 

RNA CUUG tetraloop (14 nt) artificial  1RNG*
[87]

 

Hammerhead ribozyme (54 nt)  1MME
[88]

  

Hepatitis delta virus ribozyme (70 nt) Hepatitis delta virus 1DRZ
[89]

  

tRNA
fMet 

(77 nt) E. coli 
[90]

  

DNA 
   

cMyc G-Quadruplex (22 nt) Homo sapiens  
1XAV

[91]
 

2L7V
[92]

 

cKit G-Quadruplex (24 nt) H. sapiens 
3QXR*

[93]
 

2WO2 
2O3M

[94]
 

DNA Duplex (24 nt) artificial 1BNA
[95]

  

Tel26 G-Quadruplex (26 nt) H. sapiens  
2HY9

[96]
 

5Z80
[97]

 

wtTel26 G-Quadruplex (26 nt) H. sapiens  
5MVB

[98]
 

2JPZ
[99]

 

Proteins 
   

Mycobacterium tuberculosis Protein Tyrosine Phosphatase A (MptpA, 18 kDa) Mycobacterium tuberculosis 1U2P
[100]

 2LUO
[101]

 

Protein tyrosine Kinase A (PtkA, 30 kDa) M. tuberculosis  6F2X
[102]

 

Receptor tyrosine kinase EphA2 (34 kDa) H. sapiens 5I9U
[103]

  

Ribosomal protein S1 (61 kDa) V. vulnificus  
2MFI*

#[104]
 

2KHI*
#[105]

 

T7 RNA polymerase (100 kDa) Escherichia phage T7 1MSW
[106]
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Supplementary Figure 1: Molecular recognition of ligands (red) by riboswitches used in 19F-screening.(A) Guanidine-sensing 

riboswitch, (B) ZMP-sensing riboswitch ,(C) TPP-sensing riboswitches, (D) cGAMP-sensing riboswitch, (E) c-diGMP-sensing 

riboswitch,(F) Adenine-sensing riboswitch. 



 

Supplementary Figure 2: (A) [1H, 1H]-NOESY spectra of the 98 nt c-di-GMP-sensing Cd1 riboswitch from Clostridium difficile in 

the apo and holo conformation. The secondary structure of the apo conformation is shown. Spectra were recorded in 50 mM 

Bis-Tris buffer with 120 mM NaCl and 20 mM MgCl2  at 298 K, 600 MHz and pH 6.1. Spectra were recorded with a spectral 

width of 24 ppm and 16 ppm in the indirect dimension. Spectra were recorded with 2048 points in the direct and 380 points 

in the indirect dimension and an acquisition time of 71 ms. The spectrum without c-di-GMP was recorded with 384 scans and 

the spectrum with c-di-GMP with 364. The sample concentration was 500 µM. (B) [1H, 1H]-NOESY spectra of the pilM 3′,3′-

cGAMP-sensing riboswitch (84 nt) from Geobacter metallireducens in the apo and holo conformation. The secondary 

structure of the apo conformation is shown. The spectra were recorded in 25 mM potassium phosphate buffer (pH 6.2), 

50 mM KCl, 5 mM MgCl2 and 10% D2O. DSS was used as reference. The mixing time was 100 ms. The spectra were recorded 

at 308 K. The apo spectrum was recorded at an RNA concentration of 1.6 mM at 700 MHz with 256 scans. The spectrum was 

recorded with a spectral width of 24 ppm in the direct and 15 ppm in the indirect dimension and an acquisition time of 

63 ms. The apo spectrum was recorded with 3172 points in the direct and 488 points in the indirect dimension. The holo 

spectrum was recorded at an RNA concentration of 1.1 mM with 1.6 mM cGAMP at 950 MHz with 312 scans. The spectrum 

was recorded with a spectral width of 24 ppm in the direct and 15.5 ppm in the indirect dimension and an acquisition time of 

64 ms. Spectrum was recorded with 2914 points in the direct and 384 points in the indirect dimension. 

 

 

 

 

 



 

Supplementary Figure 3: (A) Imino proton region of 1D 1H spectra of u-[13C, 15N] labeled thiM RNA (80 nt) with 5 mM Mg2+ at 

increasing TPP concentrations. Spectra were recorded at a 700 HD MHz Bruker spectrometer at 298 K. All spectra were 

recorded with 8 scans. The spectral width was 24 ppm. Sample had an RNA concentration of 220 μM in NMR buffer (25 mM 

potassium phosphate buffer, pH 6.2, 10% D2O, 100 μM DSS) (B) KD value determination of TPP ligand binding to thiM RNA. 

The intensities of the G11 peak in the titration shown in (C) were normalized to the highest value and fitted using a 

hyperbolic one-site binding curve. (C) Secondary structure of thiM RNA (80 nt). (D) 1H-15N-BEST TROSY spectra of 127 nt 

adenine-sensing riboswitch from Vibrio vulnificus in apo and holo conformation. Spectra were recorded in potassium 

phosphate buffer (25 mM KPi, 150 mM KCl and 5 mM MgCl2, pH 7.2) at 800 MHz. The proton carrier frequency was set to 

the resonance frequency of the solvent (4.7 ppm). The interscan delay was set to 0.4 seconds. The spectra were recorded 

with a spectral width of 24 ppm in the direct dimension and 30 ppm in the indirect dimension. The spectra were recorded 

with an acquisition time of 103 ms representing 3998 points in the 1H dimension. In the indirect dimension, 256 points were 

recorded with an acquisition time of 52 ms. (A) The apo spectrum was recorded with 4 scans at an RNA concentration of 

465 µM. (E) The holo spectrum was recorded with 8 scans at an RNA concentration of 229 µM. 

 

 

 



 

Supplementary Figure 4: Correlation matrix of hit clusters, displaying hit correlation between different targets screened by 
19F-FBS. 

 

 

 

 

 

 

 

 

 

 



19F Library 

Supplementary Table 1: 19F library for the 19F-NMR-based fragment screening. 

 SMILES code Formula Chemical structure 

1.  FC(F)(F)c1ccc(cc1)CN2CCOCC2 C12H14F3NO 

 

2.  Cl.O=C(CC(F)(F)F)N1CCNCC1 C7H12ClF3N2O 

 

3.  Clc1cc(NC(=O)C(F)(F)F)ccc1 C8H5ClF3NO 

 

4.  Fc1cc(C)cc(c1)S(=O)(N)=O C7H8FNO2S 

 

5.  Fc1cccc(c1)NC(=O)COc2ccccc2 C14H12FNO2 

 

6.  Fc2cccc(CNCc1ccco1)c2 C12H12FNO 

 

7.  Fc2cc(CN1CCOCC1)ccc2 C11H14FNO 

 

8.  O=S2(=O)CCCN2Cc1cccc(F)c1 C10H12FNO2S 

 

9.  O=C(Nc1nncs1)c2ccccc2F C9H6FN3OS 

 

10.  Clc1cccc(F)c1CNC(=O)NC C9H10ClFN2O 

Cl

F

N
H

O

N
H

 

11.  COc2ccc(NCc1ccc(F)cc1)cc2 C14H14FNO 

 

12.  Cc1ccc(CS(N)(=O)=O)cc1F C8H10FNO2S 

 



13.  O=C(Nc1ccc(F)cc1)N2CCN(C)CC2 C12H16FN3O 

 

14.  O=C(Nc1ccc(F)cc1F)Nn2cnnc2 C9H7F2N5O 

 

15.  COC(=O)N1CCN(CC1)c2ccc(F)cc2 C12H15FN2O2 

 

16.  Fc1cccnc1N(C)[C@@H](C)CO C9H13FN2O 

 

17.  CCOc1c(cccc1F)C(=O)N(C)C C11H14FNO2 

 

18.  Fc2ccccc2NCc1ccnn1 C10H10FN3 

 

19.  CC(=O)N2CC(C)Oc1c(F)cccc12 C11H12FNO2 

 

20.  Fc1ccc(nc1)NC2CCOCC2 C10H13FN2O 

 

21.  FC(F)(F)Oc1ccccc1C(=O)O C8H5F3O3 

 

22.  O=C(Cn1ccc(n1)C(F)(F)F)NC(C)(C)C C10H14F3N3O 

 

23.  CC1(C)CN(CCO1)C(=O)CC(F)(F)F C9H14F3NO2 

 



24.  FC(F)(F)c1ncc(cn1)C(N)=O C6H4F3N3O 

 

25.  O=C(Nc1cc(ccc1)C(C)=O)C(F)(F)F C10H8F3NO2 

 

26.  Cl.Cl.Cl.FC(F)n2ccnc2CN1CCNCC1 C9H17Cl3F2N4 

 

27.  O=C(c1ccc(F)cc1Br)N(C)C C9H9BrFNO 

 

28.  Fc2ccc(CNCc1ccc(C#N)cc1)cc2 C15H13FN2 

 

29.  FC=1CN(CCC=1)Cc2nnc(C)s2 C9H12FN3S 

 

30.  O=C(c1c(F)cccc1F)N2CCCCCC2 C13H15F2NO 

 

31.  FC=1CN(CCC=1)S(=O)(=O)C2(C)CC2 C9H14FNO2S 

 

32.  O=C(N)c1ccc(C)cc1F C8H8FNO 

 

33.  O=C(C)Nc1cccc(F)c1C(=O)O C9H8FNO3 

O

N
H

F

O OH  

34.  O=C(Nc1ccc(F)cc1)Cc2ccc(F)cc2 C14H11F2NO 

 

35.  O=C(Nc1ccc(F)cc1F)CC(C)(C)C C12H15F2NO 

 



36.  Fc2ccccc2CNc1cnnc1 C10H10FN3 

 

37.  Fc1cc(ccc1N(C)C)C(=O)NCC C11H15FN2O 

 

38.  Cc2ncc(CNc1cc(F)cnc1)s2 C10H10FN3S 

 

39.  Fc1cc(ccc1NCC)S(=O)(C)=O C9H12FNO2S 

 

40.  Fc2cccnc2NCC1CCOCC1 C11H15FN2O 

 

41.  Clc1cc(cnc1NC)C(F)(F)F C7H6ClF3N2 

 

42.  CC1CCN(CC1)C(=O)CC(F)(F)F C9H14F3NO 

 

43.  O=C(Nc1ccc(cc1)C(=O)OC)C(F)(F)F C10H8F3NO3 

 

44.  FC1(F)CCC(CC1)C(N)=O C7H11F2NO 

 

45.  Fc1ccc(cc1)Cn3cnc2ccccc23 C14H11FN2 

 

46.  CNC(=O)c2c(C)onc2c1ccc(F)cc1 C12H11FN2O2 

 



47.  O=C(Nc1cccc(F)c1)c2cnccn2 C11H8FN3O 

 

48.  O=C(NCc1ccccc1)c2cc(F)ccc2 C14H12FNO 

 

49.  Fc1cc(C)c(CS(N)(=O)=O)cc1 C8H10FNO2S 

 

50.  FC(F)c1nn(C)cc1C(N)=O C6H7F2N3O 

 

51.  Fc1ccccc1C(=O)NCCc2ccncc2 C14H13FN2O 

 

52.  O=C(Nc1ccc(F)cc1)CN2CCCC2 C12H15FN2O 

 

53.  O=C(NCCc1ccc(F)cc1)c2ccco2 C13H12FNO2 

 

54.  O=C(C)Nc1cc(c(F)cc1)C(=O)O C9H8FNO3 

 

55.  Cl.Fc1ccccc1N2CCC(NC)C2=O C11H14ClFN2O 

 

56.  O=C(C1CC1)N2CCN(CC2)c3ccc(F)cc3 C14H17FN2O 

 

57.  COc1ccc(cc1)C(=O)Nc2ccccc2F C14H12FNO2 

 



58.  CC(=O)NCCc2cnc1ccc(F)cc12 C12H13FN2O 

 

59.  CCN2CCC(Nc1ccccc1F)CC2 C13H19FN2 

 

60.  O=C(N1CCN(C)CC1)c2ccc(F)c(F)c2 C12H14F2N2O 

 

61.  FC(F)(F)Oc1ccccc1NC(N)=S C8H7F3N2OS 

 

62.  FC(F)(F)C=1CC(=O)N(CC)N=1 C6H7F3N2O 

 

63.  Fc2ccc(CNCc1ccccc1)cc2 C14H14FN 

 

64.  O=C(Nc1nnc(CC)s1)C(F)(F)F C6H6F3N3OS 

 

65.  FC(F)OCC(=O)N2CCCC1(CC1)C2 C10H15F2NO2 

 

66.  Fc1c(C)cccc1S(=O)(=O)NC C8H10FNO2S 

 

67.  CC(O)COc1cccc(F)c1 C9H11FO2 

 

68.  Cl.N[C@@H]1CCCN(C1)C(=O)CCC(F)(F)F C9H16ClF3N2O 

 

69.  Cc2ccc(NC(=O)c1cccc(F)c1)cc2O C14H12FNO2 

 

70.  O=C(N1CC(F)=CCC1)[C@H]2CC[C@@H](C)O2 C11H16FNO2 

 



71.  Fc2ccccc2CN1CCOCC1C C12H16FNO 

 

72.  O=C(NC1CCCCC1)Cc2ccc(F)cc2 C14H18FNO 

 

73.  Fc1ccc(CCNS(C)(=O)=O)cc1 C9H12FNO2S 

 

74.  O=C(NCc1ccco1)Nc2ccc(F)cc2 C12H11FN2O2 

 

75.  N#Cc1cc(F)c(cc1)N2CCNCC2 C11H12FN3 

 

76.  O=C(N)N1CCN(CC1)c2ccc(F)cc2 C11H14FN3O 

 

77.  O=C(COc1ccc(F)cc1)N2CCCC2 C12H14FNO2 

 

78.  O=S(=O)(Nc1ccccc1F)CC C8H10FNO2S 

 

79.  Fc1cccnc1N2CC(C)(C)C(O)C2 C11H15FN2O 

 

80.  C[C@@H](CO)Nc1ncc(Cl)cc1F C8H10ClFN2O 

 

81.  FC(F)(F)Oc1ccccc1CN C8H8F3NO 

 

82.  FC(F)(F)Oc1ccc(cc1)NC(N)=S C8H7F3N2OS 

 



83.  FC(F)(F)c1cc(N)c(cc1)N2CCCCC2 C12H15F3N2 

 

84.  Cl.FC(F)(F)c1cc(NC(=O)C(C)N)nn1 C7H10ClF3N4O 

 

85.  CNCc1ccc(cc1)C(F)(F)F C9H10F3N 

 

86.  O=C(Nc1ccc(F)cc1)Nc2ccc(F)cc2 C13H10F2N2O 

 

87.  FC(F)Oc1ccc(cc1)C(C)=O C9H8F2O2 

 

88.  O=C(Nc1nn(C)nn1)c2ccc(F)cc2 C9H8FN5O 

 

89.  O=C(c1ccc(F)cc1)N(C)CC(=O)O C10H10FNO3 

 

90.  CN2CCC(Oc1cc(F)ccc1)C2=O C11H12FNO2 

 

91.  Fc2ccc(CNC[C@H]1CCCO1)cc2 C12H16FNO 

 

92.  Cl.Fc1ccc(cc1)C(C)NC C9H13ClFN 

 

93.  Fc1cc(CN(C)S(N)(=O)=O)ccc1 C8H11FN2O2S 

 

94.  O=C(c1c(F)cccc1F)N2CCCC2 C11H11F2NO 

 

95.  O=C(NCc1ccc(F)cc1)c2cn(CC)nc2 C13H14FN3O 

 



96.  Cl.Cl.CC(c1ccccc1F)N2CCNCC2 C12H19Cl2FN2 

 

97.  Oc2cccc(NC(=O)Nc1ccc(F)cc1)c2 C13H11FN2O2 

 

98.  O=C(C)Nc1cc(ccc1F)C(=O)O C9H8FNO3 

 

99.  COc1cc(ccc1)C(=O)Nc2ccccc2F C14H12FNO2 

 

100.  CN1CCN(CC1=O)c2ncccc2F C10H12FN3O 

 

101.  CC(Oc1ccccc1F)C(=O)O C9H9FO3 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

Supplementary Figure 5: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the adenine-sensing riboswitch (127 nt) from 

Vibrio vulnificus. 

 



 

Supplementary Figure 6: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the adenine-sensing riboswitch (127 nt) from 

Vibrio vulnificus. 

 



 

Supplementary Figure 7: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Guanidine-II riboswitch (49 nt) from E. coli. For 

further hit validation, the CPMG experiment at 400 ms is shown. 

 

 

 

 

 

 

 

 

 



 

Supplementary Figure 8: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the ZMP-sensing riboswitch (76 nt) from 

Thermosinus carboxydivorans. For further hit validation, the CPMG experiment at 400 ms is shown. 

 



 

Supplementary Figure 9: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the ZMP-sensing riboswitch (76 nt) from 

Thermosinus carboxydivorans. For further hit validation, the CPMG experiment at 400 ms is shown. 

 



 

Supplementary Figure 10: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the thiM TPP-sensing riboswitch (80 nt). 

 

 

 

 



 

Supplementary Figure 11: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the thiM TPP-sensing riboswitch (80 nt). 

 

 

 

 

 

 



 

Supplementary Figure 12: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the pilM 3′,3′-cGAMP-sensing riboswitch (84 nt). 

For further hit validation, the CPMG experiment at 400 ms is shown. 

 

 

 

 

 

 

 



 

Supplementary Figure 13: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the tenA TTP- sensing riboswitch (94 nt). 



 

Supplementary Figure 14: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the tenA TTP- sensing riboswitch (94 nt). 



 

Supplementary Figure 15: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the tenA TTP- sensing riboswitch (94 nt). 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

Supplementary Figure 16: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the cyclic di-GMP-1 riboswitch (98 nt). For further 

hit validation, the CPMG experiment at 400 ms is shown.  

 



 

Supplementary Figure 17: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the 2'-deoxyguanosine-sensing-riboswitch 

terminator (39 nt). 

 

 

 

 

 

 

 

 

 

 



 

 

Supplementary Figure 18: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Adenine-sensing riboswitch expression 

platform (60 nt). 

 

 

 

 

 

 

 

 

 

 

 



 

Supplementary Figure 19: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the RNA with CUUG tetraloop (14 nt). 

 

 

 

 

 

 

Supplementary Figure 20: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the RNA with GAAG tetraloop (14 nt). 

 

 

 



 

Supplementary Figure 21: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Hammerhead ribozyme (54 nt). 

 

 



 

Supplementary Figure 22: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Hepatitis delta virus ribozyme (70 nt). 

 

 

 



 

Supplementary Figure 23: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the initiator tRNAfMet (77 nt).  

 

 

 

 

 



 

Supplementary Figure 24: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the cMyc G-Quadruplex (22 nt).  

 



 

Supplementary Figure 25: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the cMyc G-Quadruplex (22 nt).  



 

Supplementary Figure 26: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the cKit G-Quadruplex (24 nt). For further hit 

validation, the CPMG experiment at 400 ms is shown. 



 

Supplementary Figure 27: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the cKit G-Quadruplex (24 nt). For further hit 

validation, the CPMG experiment at 400 ms is shown. 

 

 

 

 

 



 

Supplementary Figure 28: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the DNA Duplex (24 nt). 

 

 

 

 



 

Supplementary Figure 29: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Tel26 G-Quadruplex (26 nt). 



 

Supplementary Figure 30: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Tel26 G-Quadruplex (26 nt). 

 

 



 

Supplementary Figure 31: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the wtTel26 G-Quadruplex (26 nt). 

 



 

Supplementary Figure 32: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Mycobacterium tuberculosis Protein Tyrosine 

Phosphatase A (MptpA, 18 kDa). 

 

 

 

 

 



 

Supplementary Figure 33: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Protein tyrosine Kinase A (PtkA, 30 kDa). 



 

Supplementary Figure 34: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Mycobacterium tuberculosis Protein Tyrosine 

Phosphatase A (MptpA, 18 kDa). 

 

 

 



 

Supplementary Figure 35: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Receptor tyrosine kinase EphA2 (61 kDa). 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

Supplementary Figure 36: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the Ribosomal protein S1 (61 kDa). 

 

 

 



 

Supplementary Figure 37: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the T7 RNA polymerase (100 kDa). 



 

Supplementary Figure 38: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the T7 RNA polymerase (100 kDa). 



 

Supplementary Figure 39: Spectral excerpts displaying the intensity modulation obtained in the 200 ms CPMG experiment 

against 0 ms CPMG identifying the respective fragments as target hits for the T7 RNA polymerase (100 kDa). 

 

 

 

 

 



Follow up Chemistry 

We report here the general strategy for targeting the terminator and antiterminator 

structural elements found in riboswitches acting at the level of transcription. As a 

proof of concept, we chose the 39 nt terminator stem as drug target, since it 

represents the smallest RNA structure containing a druggable bulge motif. For 

technical reasons, we complemented the screening of the 19F-library with a 1H-library 

covering 768 analyzed fragments. Aside from the 6 weak and 2 strong hit found in 

19F screening, we found 27 additional hits via 1H screening. For the ease of chemistry 

and commercial availability and affordability of precursors, we focused on a fragment 

hit containing a benzamide (P2D11) for further modification, which is a close 

homologue of fragment 48, which showed effect during the 19F-screening. This 

fragment was linked to an acridine moiety to enhance to binding affinity. Furthermore, 

the fluorescence of acridine enables fluorescence-based binding assays 

(Supplementary Figure 56 - Supplementary Figure 61). We performed fluorescence 

titration assays of the coupled derivative with the herein investigated 39 nt terminator 

stem. In order to assess selectivity variations towards different RNA structures, we 

further included a 38 nt antiterminator stem with a large loop as putative drug binding 

site and a 51 nt terminator stem containing an internal loop. The coupled fragment 

exhibited a KD of 15.3 µM towards the 39 nt terminator stem, illustrating that low µM 

affinity can be established by initial hit modification. Moreover, the coupled fragment 

showed up to a ~15-fold selectivity for different RNA structures (KD (38 nt) = 1.1 µM; 

KD (51 nt) = 1.5 µM). 

 

 

 

 

 

 

 

 



Synthesis 

General experimental procedures 

Reactions were conducted under inert conditions if necessary, glassware was dried 

beforehand. Starting materials were commercially available and used without further 

purification. POCl3 und SOCl2 were distilled before usage. Anhydrous solvents were 

purchased in crown-capped bottles under argon atmosphere, 4 Å molecular sieves 

were used for storage when needed.  

Alugram® Xtra Sil G UV254 silica gel plates from Macherey-Nagel were used for 

performing thin layer chromatography (TLC). For column chromatography silica gel 

(Silica 60, 0.04-0.063 mm) from Macherey-Nagel was used. 

Mass spectra were recorded on a Thermo Fisher Surveyor MSQ spectrometer. 

All shown NMR-spectra were recorded at room temperature using on an AV500HD or 

DRX-600 spectrometer from Bruker. Calibration of the NMR spectra were done by 

referencing the chemical shift values to residual solvent signals DMSO-d6: 

δ (1H) = 2.50 ppm, δ (13C) = 39.52 ppm. Following abbreviations were used: s = 

singlet, d = doublet, dd = doublet of doublet, t = triplet, q = quartet, m = multiplet, 

b =  broad. 

  



Synthesis and analytics 

 

Supplementary Figure 40: Synthesis route of compound 1. 

  



4-Fluoro-2-((4-methoxyphenyl)amino)benzoic acid (S3) 

 

The synthesis of S3 was carried out according to a procedure from Haider et al.1  for 

the synthesis of 2-(phenylamino)benzoic acid. Potassium carbonate (6.33 g, 

45.8 mmol) was dried in oil-pump vacuum for 30 min, followed by the addition of S1 

(4.00 g, 22.9 mmol), S2 (3.10 g, 25.2 mmol) and copper(II) oxid (0.73 g, 9.2 mmol). 

All solid starting materials were dried for additional 10 min in oil-pump vacuum and 

were suspended in dry. DMF (10 mL). The reaction mixture was heated to reflux for 

8 h. After stirring at room temperature overnight the mixture was diluted with H2O and 

filtered over celite. The filtrate was acidified with hydrochloric acid. The formed 

precipitate was collected by filtration and washed with H2O. The solid was dissolved 

in EtOAc and the acidic filtrate was extracted three times with EtOAc. The organic 

layers were combined and dried over MgSO4, filtered and the solvent was removed 

under reduced pressure. The crude product was purified by column chromatography 

(silica gel, Cy:EtOAc = 1:3). The product was obtained as a brown solid (3.75 g, 

62%). 

Rf = 0.85 (silica gel, Cy:EtOAc = 1:3). 

MS (ESI-): m/z calculated: [M] = 261.25; measured: [M-H]- = 259.99. 

1H-NMR: (500.18 MHz, DMSO-d6) δ [ppm] = 13.06 (bs, 1H, COOH); 9.64 (bs, 1H, 

NH); 7.93 (dd, 1 H, J = 8.8 Hz, J = 7.1 Hz, Pos. 3); 7.23 – 7.19 (m, 2H, Pos. 9 & 13); 

7.00 – 6.97 (m, 2H, Pos. 10 & 12); 6.53 – 6.47 (m, 2H, Pos. 4 & 6); 3.77 (s, 3H, Pos. 

14). 

13C-NMR: (125.77 MHz, DMSO-d6) δ [ppm] = 169.3 (Pos. 1); 165.9 (d, 

1JCF = 248.8 Hz, Pos. 5); 156.6 (Pos. 11); 151.2 (d, 3JCF = 12.2 Hz, Pos. 7); 134.8 (d, 

3JCF = 11.6 Hz, Pos. 3); 132.0 (Pos. 8); 125.7 (Pos. 9 & 13); 114.8 (Pos. 10 & 12); 

108.0 (Pos. 2); 103.6 (2JCF = 22.6 Hz, Pos. 4 or Pos. 6); 98.3 (2JCF = 26.3 Hz, Pos. 4 

or Pos. 6); 55.3 (Pos. 14). 



19F-NMR: (470.64 MHz, DMSO-d6) δ [ppm] = -104.25 – -104.31 (m, Pos. 9). 

9-Chloro-6-fluoro-2-methoxyacridine (S4) 

 

S4 was synthesized according a procedure of Mohammadi-Khanaposhtani et al.2 for 

the synthesis of 6,9-dichloro-2-methoxyacridine. S3 (3.75 g, 14.4 mmol) was 

suspended in freshly distilled POCl3 (15.00 mL, 164.35 mmol) and heated to reflux 

for 6 h. The mixture was carefully poured under rigorous stirring on ice water. The pH 

was adjusted to 11 with aqueous NH3 solution after the ice melted. The precipitate 

was removed by filtration and the filtrate was extracted five times with DCM. The 

combined organic layers were dried over MgSO4, filtered and the solvent was 

removed under reduced pressure. The crude product was purified by column 

chromatography (silica gel, Cy:EtOAc = 4:1). Desired product was obtained as a 

yellow solid (2.68 g, 72%). 

Rf = 0.61 (silica gel, Cy:EtOAc = 1:3). 

MS (ESI+): m/z calculated: [M] = 261.68; measured: [M-H]+ = 261.98. 

1H-NMR: (500.18 MHz, DMSO-d6) δ [ppm] = 8.44 (dd, 1H, J = 9.5 Hz, J = 6.2 Hz,  

Pos. 8); 8.09 (d, 1H, 3JHH = 9.4 Hz, Pos. 4); 7.90 (dd, 1H, 3JHF = 10.3 Hz, 4JHH = 

2.5 Hz, Pos.5); 7.74 – 7.70 (m, 1H, Pos. 7); 7.62 (dd, 3JHH = 9.5 Hz, 4JHH = 2.8 Hz, 

Pos. 3); 7.51 (d, 1H, 4JHH = 2.8 Hz, Pos. 1); 4.02 (s, 3H, Pos. 10). 

13C-NMR: (125.77 MHz, DMSO-d6) δ [ppm] = 162.3 (d, 1JCF = 250.1 Hz, Pos. 6); 

158.1 (Pos. 2); 147.1 (d, 3JCF = 13.4 Hz, Pos. 5a); 146.3 (Pos. 4a); 137.5 (Pos. 9); 

131.1 (Pos. 4); 126.9 (d, 3JCF = 10.7 Hz, Pos. 8); 126.7 (Pos. 3); 124.2 (Pos. 1a); 

121.2 (Pos. 8a); 119.2 (2JCF = 27.6 Hz, Pos. 7); 111.8 (2JCF = 20.2 Hz, Pos. 5); 99.7 

(Pos. 1); 55.8 (Pos.10). 

19F-NMR: (470.64 MHz, DMSO-d6) δ [ppm] = -108.93 – -109.98 (m, Pos. 6) 

  



9-Amino-6-fluoro-2-methoxyacridine (S5) 

 

The following synthesis was performed according to the synthesis von 9-amino-6-

chlor-2-methoxyacridine by Bonse et al.3. S4 (1.50 g, 5.7 mmol), phenol (6.00 g, 

63.7 mmol) and ammonium carbonate (0.94 g, 9.7 mmol) were dried in oil-pump 

vacuum and then heated to 120 °C for 2 h. The mixture was cooled to room 

temperature and 5 M aqueous NaOH solution was added until pH 12. After 

separating the precipitate by filtration, it was washed with 1 M aqueous NaOH and 

H2O and then dissolved in EtOAc. The aqueous layer was extracted with EtOAc and 

the combined organic layers were dried over MgSO4 and filtered. After removing the 

solvent the crude product was purified by column chromatography (silica gel, 

Cy:EtOAc = 1:1 to DCM:MeOH = 4:1). The product was obtained as a yellow solid 

(1.02 g, 72%). 

Rf = 0.74 (silica gel, DCM:MeOH = 4:1). 

MS (ESI-): m/z calculated: [M] = 242.25; measured: [M-H]+ = 243.04. 

1H-NMR: (500.18 MHz, DMSO-d6) δ [ppm] = 8.44 (dd, 1H, J = 9.4 Hz, J = 6.5 Hz, 

Pos. 8); 7.74 (d, 1H, 3JHH = 9.0 Hz, Pos. 4); 7.67 – 7.66 (m, 3H, Pos. 1 & NH2); 7.44 

(dd, 3JHF = 11.6 Hz, 4JHH = 2.4 Hz, Pos. 5); 7.36 (dd, 3JHH = 9.3 Hz, 4JHH = 2.3 Hz, 

Pos. 3); 7.24 – 7.21 (m, 1H, Pos. 7); 3.91 (s, 3H, Pos. 10). 

13C-NMR: (125.77 MHz, DMSO-d6) δ [ppm] = 162.4 (d, 1JCF = 246.6 Hz, Pos. 6); 

154.3 (Pos. 2); 148.8 (Pos. 9); 148.4 (d, 3JCF = 13.1 Hz Pos. 5a); 146.0 (Pos. 4a); 

130.2 (Pos. 4); 126.1 (d, 3JCF = 11.3 Hz, Pos. 8); 124.0 (Pos. 3); 112.9 (Pos. 1a); 

112.4 (d, 2JCF = 25.8 Hz, Pos. 7); 110.5 (d, 2JCF = 19.3 Hz, Pos. 5); 110.2 (Pos. 8a); 

100.4 (Pos. 1) 55.7 (Pos. 10). 

19F-NMR: (470.64 MHz, DMSO-d6) δ [ppm] = -111.68 – -111.62 (m, Pos. 6) 

  



4-Bromo-N-4-pyridinylbenzamide (S7) 

 

S6 (0.50 g, 2.3 mmol) was dried in oil-pump vacuum for 15 min, suspended in fresh 

distilled SOCl2 (3.1 mL, 42 mmol) and heated to reflux until the suspension turned to 

a clear solution. After cooling to room temperature excessive SOCl2 was removed 

under reduced pressure and the resulting solid was dried for 1 h in oil-pump vacuum. 

The solid was dissolved in dry DCM (2 mL), following by the addition of NEt3 

(0.65 mL, 4.6 mmol) under cooling. A solution of 4-aminopyridine (0.22 g, 2.28 mmol) 

in a mixture of dry DCM (15.00 mL) and dry DMF (1.50 mL) was added dropwise 

under cooling. The reaction mixture was stirred at room temperature overnight. The 

reaction was stopped by addition of H2O and subsequently the aqueous layer was 

extracted with EtOAc. The combined organic layers were dried over MgSO4, filtered 

and the solvent removed under reduced pressure. The crude product was purified by 

column chromatography (silica gel, Cy:EtOAc = 1:1). Since residues of S6 were 

observed after column chromatography, the obtained solid was dissolved in 1 M 

NaOH and the aqueous layer extracted with EtOAc. After removing the solvent under 

reduced pressure, the product was obtained as a white solid (251 mg, 40%). 

Rf = 0.61 (silica gel, Cy:EtOAc = 1:3). 

MS (ESI-): m/z calculated: [M] = 277.12; measured: [M-H]- = 276.93. 

1H-NMR: (500.18 MHz, DMSO-d6) δ [ppm] = 10.64 (bs, 1H, NH); 8,49 – 8.47(m, 2H, 

Pos. 11 & 12); 7.93 - 7.90 (m, 2H, Pos. 4 & 5), 7.79 – 7.76 (m, 4H, Pos. 2, 3, 9 & 10). 

13C-NMR: (125.77 MHz, DMSO-d6) δ [ppm] = 165.5 (Pos. 7); 150.3 (Pos. 11 &12); 

145.7 (Pos. 8); 133.3 (Pos. 4); 132.5 (Pos. 2 & 3); 129.9 (Pos. 4 & 5); 126.0 (Pos. 1); 

114.0 (Pos. 9 & 10). 

 

 



4-[6-Fluoro-2-methoxy-9-acridinyl)amino]-N-4-pyridinylbenzamide (1) 

 

The synthesis of 1 was performed according to a procedure of Gellerman et al.4 for 

the synthesis of functionalized aminoacridine derivatives. S5 (110.0 mg, 454.1 µmol), 

S7 (125.8 mg, 454.1 µmol) and Cs2CO3 (74 mg, 227 µmol) were dried in oil-pump 

vacuum. The solids were then suspended in dry DMF (4 mL) and heated to 90 °C for 

7 h, following by heating for 4 h to reflux. However, no product formation could be 

observed by TLC. Therefore, Cs2CO3 (518 mg, 1.59 mmol), Pd2(dba)3 (37.1 mg, 

40.9 µmol) and Xantphos (39.3 mg, 68.1 µmol) were added to the reaction mixture. 

The mixture was heated to reflux for 3 h. The solvent was removed by warming to 

40 °C under oil-pump vacuum. The crude product was suspended in MeOH and 

filtered over celite. After the removal of MeOH, the crude product was purified by 

column chromatography (silica gel, DCM:MeOH = 9:1). The desired product was 

obtained as an orange solid (58 mg, 30%). 

For analytics via NMR spectroscopy 2 vol.-% of either TFA or HCl was added to the 

NMR sample, since analyzing the normal sample was not possible due to an 

aminoacridine-acridanimine tautomerism as described in literature5. 

The isolated product contained two impurities after applying oil-pump  

vacuum. One of those is DCM and the other could not be identified. 1H  

and 13C spectra show the presence of these impurities. 

Rf = 0.57 (silica gel, DCM/MeOH 9:1). 

MS (ESI-): m/z calculated for [M] = 438.46; measured: [M-H]- = 438.08. 

1H-NMR: (500.18 MHz, DMSO-d6) δ [ppm] = 11.94 (s, 1H, Amid-NH); 8,76 (d. 2H,  

3JHH = 7.3 Hz, Pos. 20 & 22); 8.49 (d, 2H, 3JHH = 7.4 Hz, Pos. 19 & 21); 8.27 – 8,21 

(m, 4H, Pos. 4, 8, 13 & 15); 8.00 (dd, 1H, 3JHF = 9.6 Hz, 4JHH = 2.5 Hz,  Pos. 5); 7.92 



(d, 1H, 4JHH = 2.7 Hz, Pos. 1); 7.77 (dd, 1H, 3JHH = 9.5 Hz, 4JHH = 2.6 Hz, Pos. 3); 

7.55 (d, 2H, 3JHH = 8.7 Hz, Pos. 12 & 14); 7.44 – 7.39 (m, 1H, Pos. 7); 3.79 (s, 3H, 

Pos. 10); 

13C-NMR: (125.77 MHz, DMSO-d6) δ [ppm] = 166.4 (Pos. 17); 164.7 (d, 

1JCF = 256.3 Hz, Pos. 6); 156.2 (Pos. 2); 154.8 (Pos. 18); 152.8 (Pos. 9); 146.3 (Pos. 

11); 141.9 (Pos. 20 & 22); 140.9 (3JCF = 13.8 Hz, Pos. 5a); 136.6 (Pos. 4a); 130.3 

(Pos. 4); 129.8 (3JCF = 11.5 Hz, Pos. 8); 129.2 (Pos. 3 & Pos. 16); 122.4 (Pos. 12 & 

14); 121.1 (Pos.13 & 15); 117.1 (Pos. 1a); 115.4 (Pos. 19 & 21); 115.1 (2JCF = 25.9 

Hz, Pos. 7); 112,6 (Pos. 8a); 103.8 (Pos. 1); 103.6 (2JCF = 25.1 Hz, Pos. 5); 56.2 

(Pos. 10). 

19F-NMR: (470.64 MHz, DMSO-d6) δ [ppm] = -100.79 – -100.83 (m, Pos. 6) 

 

NMR-spectra 

 

Supplementary Figure 41: 1H-NMR spectrum of S3 (DMSO-d6, 298 K, 500.18 MHz). 

 



 

Supplementary Figure 42: 13C-NMR spectrum of S3 (DMSO-d6, 298 K, 157.77 MHz). 

 

Supplementary Figure 43: 19F-NMR spectrum of S3 (DMSO-d6, 298 K, 470.64 MHz). 



 

Supplementary Figure 44: 1H-NMR spectrum of S4 (DMSO-d6, 298 K, 500.18 MHz). 

 

Supplementary Figure 45: 13C-NMR spectrum of S3 (DMSO-d6, 298 K, 157.77 MHz). 

 

 



 

Supplementary Figure 46: 19F-NMR spectrum of S4 (DMSO-d6, 298 K, 470.64 MHz). 

 

Supplementary Figure 47: 1H-NMR spectrum of S5 (DMSO-d6, 298 K, 500.18 MHz). 

 

 



 

Supplementary Figure 48: 13C-NMR spectrum of S5 (DMSO-d6, 298 K, 157.77 MHz). 

 

 

Supplementary Figure 49: 19F-NMR spectrum of S5 (DMSO-d6, 298 K, 470.64 MHz). 

 

 



 

Supplementary Figure 50: 1H-NMR spectrum of S7 (DMSO-d6, 298 K, 500.18 MHz). 

 

Supplementary Figure 51: 13C-NMR spectrum of S7 (DMSO-d6, 298 K, 157.77 MHz). 

 

 



 

Supplementary Figure 52: 1H-NMR spectrum of 1 with 2 vol.-% HCl added (DMSO-d6, 298 K, 500.18 MHz). 

 

Supplementary Figure 53: NMR spectra of compound 1 in addition (blue) and without acid (black). The spectra were 

recorded in DMSO-d6 at 298 K (600.31 MHz). The isolated product contained two impurities after drying in oil-pump 

vacuum. One of those is DCM and the other could not be identified. 1H  and 13C spectra show the presence of these 

impurities. 

 



 

Supplementary Figure 54: 13C-NMR spectrum of 1 with 2 vol.-% HCl added (DMSO-d6, 298 K, 157.77 MHz). 

 

 

Supplementary Figure 55: 19F-NMR spectrum of 1 with 2 vol.-% HCl added (DMSO-d6, 298 K, 470.64 MHz). 

  



Fluorescence binding assay 

 

Supplementary Figure 56: Determination of the dissociation constant. (a) Fluorescence titration and (b) binding curve of 

compound S5 to the 2'-dG-Terminator. 

 

 

Supplementary Figure 57: Determination of the dissociation constant. (a) Fluorescence titration and (b) binding curve of 

compound S5 to the A-Terminator. 

 

 

Supplementary Figure 58: Determination of the dissociation constant. (a) Fluorescence titration and (b) binding curve of 

compound S5 to the SAM-Terminator. 

 

 



 

Supplementary Figure 59: Fluorescence-based determination of affinity to the 2’dG-Terminator stem of a fragment grown 

with an acridine moiety. (a) Individual UV-VIS spectra, (b) Determination of affinity of compound 1 to the 2’-dG-Terminator 

stem (c). 

 

 

 

Supplementary Figure 60: Determination of the dissociation constant. (a) Fluorescence titration and (b) binding curve of 

compound 1 to the A-terminator.  

 

 

Supplementary Figure 61: Determination of the dissociation constant. (a) Fluorescence titration and (b) binding curve of 

compound 1 to the SAM-anti-terminator stem. 
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Ribozymes are a class of functional RNA, particularly prevalent in bacteria, but also existing in 

lower eukaryotes.[426] They are characterized by their ability to self-cleave or self-splice, often but 

not always depending on metal ion catalysis, by providing a structural arrangement which favors 

in-line RNA cleavage reactions.[15] The chapter introduces NMR-methods suitable for the 

investigation of ribozymes ranging from 1D investigation to sophisticated 3D experiments as well 

as methods for NMR-sample generation covering various RNA preparation methods. NMR-

studies on ribozymes are then discussed establishing a concise state-of-the-art in NMR research 

of the various ribozymes investigated in the literature. The well characterized hepatitis delta virus 

(HDV) ribozyme is particularly focused, introducing recent and novel data to the scientific 

community. 

The author of the thesis contributed to literature screening and manuscript preparation for the 

paragraphs introducing NMR-experiments (page 4 to page 8) as well as four of the seven 

subchapters describing NMR studies on particular ribozymes. Chapters comprising preparatory 

techniques and HDV as well as Group I intron chapters were prepared by B. Knezic and 

“Leadzyme” was contributed by A. Völklein. 
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Introduction 
Nuclear magnetic resonance (NMR) spectroscopy is a highly versatile physical 
method to study structure and function of proteins, oligonucleotides and their 
complexes at atomic resolution. With the advent of labeling RNA with NMR-
active stable isotopes 13C and 15N, NMR is able to characterize biologically 
relevant RNAs, RNA-ligand- and RNA-protein-complexes and determine key 
aspects to further our understanding not only in structural terms, but also to 
understand enzyme reactivity. 
We outline the power of NMR spectroscopy to investigate structure, dynamics 
and function of catalytically active RNA ribozymes. We will introduce NMR-
based methods and also cover practical aspects of NMR in the first part of the 
chapter. In the second part of the chapter, we will provide a summary of NMR 
studies of the ribozyme classes shown in Figure 1. 

 
Figure 1 Different classes of ribozymes are shown. Ribozymes can be classified into three different types, 
namely ribozymes with nucleolytic activity (a), with self-splicing activity (b) and substrate-cleaving 
activity (c). Occurrence in different kingdoms of life (prokaryots, eukaryots. and archaea) is pointed out 
below each Ribozyme. Nucleotides are abbreviated as nt. Base-paired regions are depicted 
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schematically. Small loops are represented by non-dashed lines. Loops of variable size are represented 
by dashed lines. 

Methods & Preparation 
NMR experiments of RNAs[1] can be conducted in solution, but recently also 
in the solid state. Solid state NMR (ssNMR) emerged as a new technique for 
the structural characterization of RNA just a few years ago introducing several 
new aspects to NMR of RNA. Liquid state NMR is limited in molecular weight 
of the system under study due to unbeneficial relaxation properties of high 
molecular weight systems. In ssNMR though, resolution is independent of 
molecular weight which only affects signal intensity. Resolution in ssNMR is 
instead dependent on sample preparation. Typical freeze drying methods like 
lyophilization yield samples, featuring insufficient resolution for structure 
determination due to structural heterogeneity.[2] With new advances like micro-
crystallization[3] it is possible to reach line widths of 0.3 ppm, with solution NMR 
still being far superior. An advantage investigating RNA with ssNMR is the 
correlation of heteronuclei with dipolar interactions which is not possible in 
solution NMR due to molecular tumbling.[4] As RNA is sparse of protons this 
provides an interesting benefit over solution NMR. In 2015 Carlomagno et al. 
showed that it is possible to determine a structure of a 26 nt RNA with 
ssNMR.[5] Since ssNMR on RNA is an emerging technique, not many studies 
exist featuring RNA or ribozymes. Accordingly we will focus on NMR studies 
on ribozymes in solution in this review. Depending on the kind of information, 

solution NMR experiments of ribozyme require between 50 M - 0.5 mM 
sample in a volume of 0.3 mL. For an initial screening with simple experiments, 
quantities of 2-5 nmoles can be sufficient while more sophisticated 
experiments require over 150 nmoles of substance. Experiments can be 
conducted on unlabeled samples, but labeling of RNAs with 13C and 15N is 
typically performed.  
An NMR setup for studies on biomacromolecules consists of an NMR 
spectrometer with a helium-cooled superconducting magnet with field strength 
between 14-21 Tesla, resulting in a 1H frequency in the range of 400 to 950 
MHz. A console with the required radiofrequency (rf) electronics including 
frequency generator and power amplifier for 4-6 channels allowing to apply 
radiofrequency pulse on the NMR active nuclei 1H, 2H, 13C, 15N, 19F, 31P is 
required. A multi-channel probe, containing the RNA sample in an NMR tube 
of 0.3-0.5 ml volume, and the circuit for rf-application at any desired 
temperature are required as well. In order to increase signal-to-noise for 
different NMR experiments, the receiving coil can be cooled and different 
setups for detected nuclei have been implemented. 
There are different ways to prepare isotope-labeled RNAs. Enzymatic in vitro 
transcription of RNA Scheme 1a) is probably the most straightforward and cost 
efficient way to generate RNA samples and requires - besides the DNA 
template and common laboratory chemicals - only RNA polymerase and the 
respective ribonucleoside-triphosphates (rNTPs). The DNA template contains 
the necessary promoter sequence combined with the target DNA-sequence. 
In common practice, DNA oligonucleotides are produced via PCR or linearized 
DNA plasmids. Isotopic labeled rNTPs, which serve as raw material, are 
commercially available at reasonable prices.[6,7] RNA polymerases that 
provide the required throughput are as well commercially available but we 
typically prepare it in house.[8–11] Purification of the transcribed target RNA 
involves desalting, followed by HPLC- or preparative PAGE purification. 
Advantages of the method include the high yields of RNA at reasonable cost 
and the acceptable preparative effort.  
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Helmling et al. established a fast and high throughput compatible native 
method.[12] This method involves centrifugal devices, to remove NTPs and 
salts right after the in-vitro transcription or ligation process. Furthermore, in 
case of using NMR buffer as washing material, the purified sample may 
already be concentrated and prepared for the transfer to an NMR tube. 
Residual enzymes and DNA cannot be removed by this technique. On the 
other hand, these residues are generally present in such low concentrations 
or are non-labeled with NMR-active nuclei 13C or 15N, they do not disturb the 
structure and function of the target ribozyme nor the relevant NMR signals. 
Unfortunately all these methods do not allow the incorporation of specifically 
labeled sites in a straightforward manner, limiting the production to uniformly 
or nucleotide specific labeled samples in most cases. 

Labeling of particular RNA regions 
For detailed NMR investigations exploiting the full potential of this biophysical 
technique, the ribozyme or particular regions of a ribozyme have to be labeled 
specifically. 
Solid-phase synthesis is a well-known and established method for the site-
specific labelling of oligonucleotides. Synthesis proceeds from the 3’- to the 
5’-end and the 3’-end is bound to a solid phase. The standard procedure is a 
fast and automated cycle: deprotection of the 5’-end is followed by coupling 
with the 3’-end of a nucleoside phosphoramidite and capping of the 
phosphate.[13] At this point, a modified nucleoside phosphoramidite can be 
implemented at the 5’ end for modifications at a specific position of a long 
ribozyme, it is possible to ligate another RNA sequence to the 5’-end of the 
modified RNA. The T4 RNA ligase 2 is applicable in this case and 
accomplishes ligation. The procedure is shown in Scheme 1b. Yet, the length 
of the target ribozyme is limited in terms of quality and quantity needed for an 
NMR sample.[14,15] Side products accumulate during solid phase synthesis with 
increasing oligonucleotide length. Specific side reactions including 5’-2’ 
coupling are more likely to happen in longer RNAs.[13] Further, with every 
synthetic step, parts of the molecule have to be protected and the protection 
group has to be eliminated, leading to lower synthetic yield. The purification of 
the target ribozyme is another limiting step towards preparation of mg 
quantities required for an NMR sample. While preparative PAGE purification 
offers no limitation regarding the target ribozyme length, HPLC purification can 
only be done for a maximum length of 60 nt in average, while still maintaining 
nucleotide resolution.[16] In conclusion, solid-phase synthesis becomes 
increasingly expensive for longer RNAs and is practically and routinely used 
only for short constructs. For the preparation of RNAs longer than ~80 nt, the 
chemo-enzymatic ligation is more suitable to overcome the solid phase 
synthesis limitations[17]. 
The chemo-enzymatic procedure with T4 RNA ligase 1 and 2, outlined in 
scheme 1c, allows the site-specific labeling of RNAs with no limitation. For this 
purpose, the target RNA sequence is split at certain positions according to 
labeling requirements. Oligoribonucleotides with an OH-group at C3’ at the 3’-
terminal nucleotide are ligated with isotopic labeled or modified nucleoside 
3’,5’-bisphosphates using T4 RNA ligase 1.[18,19] In a follow-up step, the 
ribozyme with implemented modification is dephosphorylated by RNA 
phosphatase e.g. rSAP. The T4 RNA ligase 2 catalyzes the formation of a 
phosphodiester bond between the 3’-terminal hydroxyl from the labeled 
oligoribonucleotide and a 5’-terminal phosphate of the residual ribozyme 
sequence.[20] This ligation step requires support from a DNA-splint, which 
brings the two oligoribonucleotides in close proximity. Subsequently the side 
specifically labeled ribozyme has to be purified, to separate the individual 
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ligation components. HPLC is the fastest and the most common strategy to 
purify the product ribozyme. However , preparative PAGE purification is often 
applied for longer ribozymes. [21] The limitation of this approach is given by the 
type of labeling, in particular, if non-natural nucleosides have been 
incorporated. 

 
Scheme 1 Outline of tree different RNA labelling methods. Labeled nucleotides are highlighted in blue. 
a) In-vitro transcription of RNA with labeled rNTPs. b) Solid-phase synthesis of RNA with side specific 
incorporation of one labeled nucleotide phosphoramidite and a subsequent ligation via T4 RNA ligase 2. 
The black dot marks the solid phase e.g. CPG, which binds the 3’-end of the synthesized RNA. c) Chemo-
enzymatic ligation of RNA via T4 RNA ligase 1 and 2 with side specific incorporation of a nucleotide 
bisphosphate. 

Photolabile caging of RNAs 
The photocaging strategy is based on the incorporation of one or more 
nucleotides, which have a photolabile group at functional groups of the 
nucleotide.[22,23] This photolabile group can prevent the nucleotide from 
formation of a Watson-Crick base pair with another nucleotide. By irradiation 
with UV-light of a certain wavelength, the modification can be eliminated, 
regenerating the original and inhibited function of the ribozyme (scheme 2). In 
this case, the eliminated photolabile group must not interfere with the structure 
or function of the original ribozyme.[24,25] This strategy is widely used in cases, 
where the ribozyme is able to assume more than one secondary structure, to 
trap one of these structures. Photolabile groups are named photolabile cages 
too, as they ‘cage’ a particular secondary structure of a target ribozyme. 
Therefore, it is possible to screen through the conformational space of different 
ribozyme structures. 
One of the widely used photolabile cages is the NPE – ortho-nitrophenyl ethyl 
– group.[26,27] This photolabile cage is bound to the base pair site of each 
nucleotide. It protects the nucleotide from pairing with the analogous 
nucleotide and therefore inhibits one potential secondary structure of the 
ribozyme. For the analysis of such a ribozyme, an NMR sample is prepared, 
containing the photolabile NPR-group. That kind of samples has to be 
protected from light, in order to preserve the photolabile NPE-group from 
detachment. The examination is realized in a special NMR tube with a hollow 
plunger, which can be connected to a laser, while it is plugged into an NMR 
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spectrometer. Through this connection, real-time NMR (RT-NMR) 
experiments become possible.[28] A laser pulse of 365 nm is sufficient to 
remove the NPE-group from the ribozyme and as a result, the caged 
secondary structure of the ribozyme will immediately recover. Observed NMR 
spectra will reveal potential rearrangements as signal-differences, especially 
in the imino region. 

 
Scheme 2 Illustration of the effect caused by the incorporation of a photolabile caging group in the target 
RNA. The caged RNA prefers a secondary structure, where the cage does not disturb any hydrogen bonds. 
After irradiation with UV light, the photolabile cage is cleaved off and the RNA secondary structure is 
recovered. The NPE-group is shown on the right. 

Initial screening of RNA constructs by NMR 

A typical NMR investigation of an RNA sample starts with mapping of the 
conformational space the RNA adopts in solution. In case of ribozymes, for 
instance multiple folding topologies or stages of RNA processing can be 
present. Simple 1H-1D NMR spectra provide an overview of the topological 
coherence of the analyzed RNA.  
The most relevant resonances in this approach are the 1H resonances of the 
imino protons in uracil and guanine nucleobases. In the absence of hydrogen 
bonds or other means to protect from solvent exchange, the exchange rate 
with solvent water molecules exceeds the acquisition time regime of an NMR 
measurement[29] thus rendering these protons invisible to NMR. Imino protons 
involved in a stable base pair on the other hand resonate in the region between 
10 and 15 ppm and can be detected as their exchange speed is substantially 
slower.[30] These imino protons are referred to as protected from exchange. 
Furthermore, exchange protected imino protons in a Watson-Crick type base 
pair resonate in the region between 12 and 15 ppm while non-canonically base 
paired imino protons might exhibit a different chemical shift. These 
characteristics paired with the comparatively high dispersion of their chemical 
shifts make imino protons ideal probes for the analysis of base pair stability 
and conformational homogeneity of the RNA in general. Recent studies show 
that amino protons can be monitored in comparable ways using double 
quantum NMR-spectroscopical methods.[31] 
Aromatic protons of all bases resonate between 6 and approximately 8.5 ppm. 
Since their exchange with the solvent is neglectable (but for the H8 of purine 
nucleotides), aromatic protons are visible for all bases and typically feature 
lower linewidth. Therefore these resonances are better suited for quantification 
than imino proton resonances. Multiple peaks of a single well separated 
aromatic proton resonance hint to the presence of inhomogeneities in the 
sample. Therefore, peak integration can yield reliable results as possible 
differences in exchange are not to be expected. Unfortunately, due to the high 
number of aromatic protons in a longer RNA and their low chemical shift 
dispersion, the region is often too crowded to be properly analyzed in a 1D 
experiment. 
The short measurement time of only a few minutes qualifies 1D-NMR for high 
throughput screening approaches or screenings of a single sample under 
multiple conditions. 
Probing of general base pair stabilities can be accomplished by measuring at 
different temperatures while monitoring the imino proton region. 



 6 

Destabilization of base pairs is instantly visible by broadening and subsequent 
diminishing of imino proton peaks. 1D measurements at different temperatures 
can serve as a valuable basis to establish experimental conditions for further 
characterization[32].  
Furthermore, perturbation of chemical shifts can probe the effects of 
interaction partners such as small molecular weight ligands or proteins on an 
RNA sample. Upon addition of such an interaction partner, the strength of the 
chemical shift perturbation gives information about the location of the binding 
event in case of assigned resonances.[33] Additionally, the spectral 
characteristics allow the classification of the interaction into a strong 
intermediate or weak exchange regime. In a titration process, thermodynamic 
parameters such as the dissociation constant can be determined from such 
data. 
Especially in the process of functional explorations of ribozymes, the 
interaction with metal ions is a highly investigated topic. As magnesium ions 
play a catalytic role in numerous ribozymatic reactions, Mg2+ binding is 
extensively studied.[34–36] Even though magnesium has an NMR active isotope 
with a natural abundance of 10%, NMR of Mg2+ is seldom measured. 
Alternatively, it is reasonable to spike samples with Mn2+ [37] or Cd2+ [38] ions to 
substitute for Mg2+. As the addition of Mn2+leads to strong paramagnetic 
relaxation effects, a structural placement of the binding location is possible. 
Cd2+ions on the other hand lead to prominent chemical shift perturbation in 
31P-1D spectra, which will be discussed in more detail later on. 
With 1D-NMR techniques, even kinetic traces can be determined in case of 
reasonably slow reactions while the ongoing process is simultaneously 
monitored on an atomic level[26] .  
The high number of possible applications make 1D-NMR one of the best suited 
tools for the characterization and screening of RNA and ribozymes in 
particular, while keeping the experimental effort on an attainable level. 

Resonance Assignment 
In order to determine secondary structure of a ribozyme, NOESY experiments 
are very useful.[39] NOESY experiments – nuclear Overhauser effect and 
exchange spectroscopy – are 2D experiments, which are based on the nuclear 
overhauser effect arising between protons of a target ribozyme. To investigate 
the base pairing pattern of a target ribozyme, exchangeable protons in the 
imino-region (15-10 ppm) have to be examined. In this case, the observation 
of proton resonances in the direct and indirect dimension results in a 2D NMR 
spectrum with diagonal- and cross-signals. Diagonal-peaks arise for every G 
or U residue. Cross-signals on the other hand display the NOE contacts 
between neighboring paired Gs and Us. Scheme 3 shows imino cross- and 
diagonal peaks in the top panel. 
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In general, a so called iminowalk can determine elements of the secondary 
structure by displaying paired bases, due to spatial proximity. In all remaining 
cases, paired bases indicated by diagonal signals in this kind of 2D spectrum, 
do not have any related paired base in their close surrounding (<5 Å). To 
differentiate between the bases, it is essential to have a look at the positions 
and intensities of the respective signals. G:U base pairs for instance, are 
usually located in the region from 12-10 ppm and exhibit an intense NOE 
crosspeak. With the information on the imino region it is possible to examine 
NOE contacts to the aromatic H2 protons as well as the amino protons of 
cytosine residues. As especially the cytosine amino protons lie in close 
proximity to the aromatic protons and aromatic protons in the stem are typically 
within a distance below 5 Å to each other, an assignment of these is possible 
from the NOESY alone. The aromatic assignment can be obtained as well 
from NOE to the intraresidual H1’ protons and their NOE to the aromatic proton 
of the neighbouring base. Further, NOE contacts from the aromatic spin 
system to the sugar protons of a target ribozyme enable these assignments in 
principle as well. Unfortunately, the peak dispersion for sugar protons other 
than H1’ is poor. As a consequence, this assignment becomes more difficult 
with larger ribozymes, due to more crowded spectra. 

Scheme 3: Graphical representation of the assignment of an RNA, utilizing 1H-1H-NOESY and a 3D structure 
calculated from NOE data. In case of inter-base connectivities, the neighboring base is written in grey 
below the respective spectrum. a) Relevant region of a NOESY of RNA to facilitate assignment of imino, 
aromatic and H1’ protons. Zooms of the regions annotated are shown in b), e), f) and g). c) Three 
dimensional Structure calculated from NOE data. d) Zoom of two adjacent bases, outlining the range of 
the NOE. The spectrum of a 21nt RNA was measured at 700 MHz. 
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Resonance assignment by uniform labeling 
In order to facilitate the proton assignment heteronuclear NMR experiments 
have to be applied, assuming 15N and-or 13C labeled ribozyme samples 
(scheme 4). 
These isotopically labeled RNA samples allow a multitude of experiments 
which are inaccessible at natural abundance. Most commonly, for a resonance 
assignment, HCP[40], HCP-TOCSY[41], HCN[42] and HCCH-TOCSY[43] are 
applied to monitor connectivity of H3’ and H5’ sugar protons of neighboring 
bases, H1’ of neighboring bases, intra-base aromatic to H1’ correlation and 
assignment of sugar protons based on H1’ resonances respectively. In 
contrast to a NOESY assignment, the assignment with the help of 3D 
experiments is performed utilizing coupling between nuclei, leading to 
unambiguous assignments. 

Resonance assignment by selective labeling 
Selective labeling is a method, which allows the detection of one single 
nucleotide by NMR spectroscopy. Assuming a single 13C15N labeled residue 
in a ribozyme, an unambiguous assignment of proton resonances of the 
labeled residue can be achieved, running 13C or 15N X-edited 1H-1D 
experiments. Assignment of the hetero nuclei takes place via 1HX-HSQC. This 
allows in principle the full resonance assignment of a ribozyme if a selectively 
labeled sample for each residue is available. The isotopic enrichment for 
specific residues can be as low as 1%.[44] 
An alternative approach, which targets specifically the assignment of the sugar 
region is given by sparse labeling within the sugar. Bases with sugar moieties, 
in which only specific carbons are labeled can be prepared chemically or 
enzymatically, while the required NTPs are accessible by in vivo production in 
E. coli.[45] Common labeling schemes include C3’ and C5’ labeling or C1’, C2’ 
and C4’ labeling. While this type of isotopic labeling requires considerable 
preparative effort, the resulting samples display significantly more resolution 
in the sugar regions and can simplify their assignment in huge RNA constructs.  
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NMR-based characterization of particular ribozymes 

Hepatitis delta virus – HDV 
The human hepatitis delta virus ribozyme is known for its ability to cleave itself, 
yielding a 5' hydroxyl residue and a 2',3'-cyclic phosphate group.[46] Some early 
studies found great similarity between the genomic and antigenomic HDV 
secondary structures.[46,47] Kou et al. and Perrotta et al. showed that it is 
possible to reduce the genomic HDV ribozyme sequence to a minimum, which 
is still able to cleave itself.[48–50] Further investigation of Perrotta et al. and 
Rosenstein et al. based on an antigenomic minimal HDV sequence identified 
a pseudoknot structure as key structural motif required for proper 
cleavage.[47,49]  
In order to have further insight into the secondary and tertiary structures of 
HDV ribozymes, NMR can be applied. Lee et al. performed NMR experiments 
on a 74 mer HDV ribozyme.[51] Melting of the ribozyme was measured via 1H-
1D experiments recorded at temperatures between 12 °C and 77 °C. The 
proton resonances of non-Watson-Crick bound loop regions - shifted to 9-12 
ppm - became less sharp at higher temperatures. This effect was attributed to 
faster solvent exchange. On the other hand, proton resonances located at 12-
15 ppm did not change at different temperatures indicating higher stability for 
base pairs in the stems. Further, Lee et al. were able to observe a signal from 
an A-U imino proton at 14.28 ppm, which split into two proton resonances at 

Scheme 4: Graphical representation of further assignment of an RNA, utilizing 3D heteronuclear NMR 
experiments. The magnetization transfer is depicted below the spectra, with INEPT transfers shown in 
blue and TOCSY transfers shown in red. Arrows depict how the information from one spectrum is 
conferred to the other spectra. Spectra are measured on a 21 nt RNA at 600 MHz. 
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12-16 °C indicating the existence of two conformations in slow exchange. The 
spectra are shown in figure 2. 

 
Figure 2 1H-1D NMR spectra of the HDV ribozyme measured and published by Lee et al.[51] The spectra 
were recorded at different temperatures in order to investigate the melting of the ribozyme. The split 
signal of an A-U imino proton at 14.28 ppm appearing at temperatures between 12 °C and 22 °C points 
towards two conformations. The original picture was scanned from a written issue and vectorized to 
improve the quality with permission of the original publisher 

For the assignment of the imino proton resonances, 1H-1H-NOESY spectra 
were analyzed. These 2D spectra exhibit NOE contacts between almost all 
imino and amino protons. The NOE cross-peaks are located at 6.7-8.2 ppm 
and are in general only visible for G-C base pairs. Two of the imino signals at 
13.47 ppm and 14.28 ppm, however display one NOE contact to the aromatic 
H2 proton between 7 and 8 ppm referring to the presence of A-U base pairs. 
Moreover, tetra-loop formation has been observed due to three imino 
resonances belonging to adjacent bases as suggested by inter-base cross-
peaks. In conclusion, Lee et al. demonstrated that the 74 nt long HDV 
ribozyme assumes multiple conformations, while its major conformer is in 
agreement with the proposed pseudoknot structure. 
The role of metal ions (Mg2+ and Na+) in the cleavage reaction of HDV 
ribozymes was investigated by Ganguly et al.[52] by MD simulations. To 
independently cross-validate the theoretical data, NMR spectroscopy was 
applied. In order to show, whether cleavage is preceded by metal-mediated 
protonation of the 2'-hydroxyl, 3'-adenosine monophosphate was titrated with 
NaOH and Ca(OH)2 and 1H-1D NMR spectra were acquired. Samples were 
prepared with 10% D2O, as a 100% D2O sample tends to feature an N-linked 
proton pKa shift of about 0.4-0.6 units.[53,54] The chemical shift of H1' proton 
resonances, which are far apart from the water resonance, were displayed as 
a function of the pH. In conclusion, divalent ions seemed to have a greater 
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effect on the cleavage activity, involving a precluded protonation of the 2'-
hydroxyl at the cleavage site. 
Other high resolution NMR research was done by Kolk et al.[55] They used an 
isolated hairpin sequence from the antigenomic HDV ribozyme, to examine 
the pseudoknot secondary structure element. They chose a sequence 
containing 7 nt, which are important for cleavage activity. This sequence was 
extended to a 19 nt long hairpin loop. 1H-1H NOESY and 1H-1H TOCSY NMR 
spectra were recorded and most of the proton resonances were assigned. The 
NMR data were used to calculate a more precise loop conformation by MD 
simulations. 
The crystal structure of HDV ribozyme published by Ferre-D Amare et al.[56], 
was approved by Tanaka et al. by screening HDV sequences with 13C15N 
labeled Gs, designed in respect of the pseudoknot model. [57–59] For NMR 
analysis the ribozyme sequences were split into three separate ribozyme 
parts, to facilitate the proton assignment. The imino proton resonances from 
1H-1H-NOESY and 1H-15N-HSQC experiments were partially assigned, 
pointing out the similarity with the crystal structure. 
As a starting point the imino proton resonances of a G*U base pair were 
assigned first, since the resonances are shifted to the range of 10-12 ppm and 
exhibit a strong NOE cross signal. The other NOE cross signals were assigned 
via a walk through the imino region of the NOESY spectrum. Further, NMR 
samples containing a substrate sequence were prepared. NOESY and HSQC 
spectra of these full-length constructs did not show any major changes, except 
the imino proton resonances of the substrate. In order to determine 
temperature and Mg2+ dependencies, 1H-1D spectra were recorded at different 
conditions. The findings hinted a catalytic effect of Mg2+ during cleavage 

reactions. An other HDV ribozyme based publication from Andrej Luptak et al. 
considers pKa determination via 13C NMR measurements.[60] They focused on 
a C suspected to be involved in the cleavage reaction and examined the 13C 
chemical shifts of this carbon atom, which allows the calculation of the pKa 
value.  
In order to understand the effect of mutational evolution, Schultes et al. have 
analyzed the interconversion of a shortened HDV ribozyme (HDVP) and a 
synthetic class lll ligase (LigP), as both catalyze fundamentally different 
reactions, do not have any related structural elements and do not share any 
evolutionary history.[61] They connected both prototypes by creating a neutral 
network, which is defined as a set of sequences with various genotypes but a 
specific phenotype.  Starting with one prototype sequence 86 neutral 
mutations were introduced to generate the other prototype sequence, whereby 
each mutation step passes on the biologically important activity of the 
respective prototype. As a result, they show an intersecting sequence (INT) in 
the middle of this network, a ribozyme featuring catalytic activities of both 
prototypes. 
At this point, NMR spectroscopy can be very helpful to screen through 
conformational space, to understand the correlation between sequence, 
structure and function of the neutral network. The screening though 
conformational space can be achieved by the preparation of NMR samples of 
particular constructs exhibiting strong change in structure and/or structural 
dynamics. Hence, we choose five ligase constructs and four HDV constructs 
from the neutral network, situated between the intersecting sequence and the 
particular prototype.[62] Figure 3 shows the imino proton region of the 1H-1D 
NMR spectra of the selected constructs. 
The 1H-1D NMR spectra of the constructs INT, Lig1 and HDV1 show very 
inhomogeneous but similar imino proton resonances, without alteration of 
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chemical shifts although the catalytic activity increases strongly with the 
incorporation of mutations into the sequence of INT. This indicates the 
existence of multiple secondary structures for one sequence and shows that 
the increase in catalytic activity is caused by the incorporation of mutations but 
not by a secondary structure rearrangement. Moreover, the homogeneity 
enhances with the incorporation of mutations converging in the direction of the 
respective prototype, suggesting an improvement of secondary structure 
stability. In order to further investigate the structure of INT, it was forced into 
just one structure by caging two nucleotides with a photolabile group and 
detecting the refolding process by real-time NMR spectroscopy.[63] 

 
Figure 3 The imino proton regions of 1H-1D NMR spectra of different ribozyme sequences are shown.[62] 
The sequences were obtained from a neutral network of a HDV ribozyme and a class III ligase. [61] The 
spectra were acquired via ‘jump-and-return’ experiments using an 800 MHz Bruker spectrometer. The 
samples were set up to a concentration of 100-400 µM in phosphate-buffer. The secondary structures 
and the direction of mutation insertion are shown. 

The investigation of ligase ribozymes was first studied by R. Naylor and P. T. 
Gilham in 1966.[64] Further, in-vitro evolution based screenings could show the 
existence of autocatalytic systems of RNA template-directed condensation of 
two RNA substrates.[65] An efficient self-replicating ribozyme R3C was found 
by Natasha Paul and Gerald F. Joyce,[66,67] leading to the discussion of the 
origin of life with reference to the 'RNA-world’ hypothesis. 

Hammerhead ribozyme 
The hammerhead ribozyme is a self-cleaving ribozyme with a structural motif 
consisting of three stems and a highly conserved catalytic core. The ribozyme 
was first discovered in plant pathogens and viral satellites as a part of a rolling 
circle replication mechanism.[68] Catalytic activity is achieved by Mg2+-
mediated formation of an in-line conformation around the scissile 
phosphodiester bond and subsequent cleavage reaction.[69] In several studies, 
NMR was employed to investigate structural and functional aspects of the 
hammerhead ribozyme. 
After the determination of the crystal structure[70,71], additional structural 
characterization was carried out in solution, utilizing NMR. In depth 
characterization of the catalytic core took place by 1H-1H-NOESY, 1H-1D as 
well as 13C-HSQC spectroscopy, hinting at structural changes leading to an 
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active conformation, different to the crystal structure. These studies were 
carried out in absence and presence of Mg2+ ions and structural differences 
between cleaved and uncleaved construct were assessed.[72] Further studies 
were carried out determining the structure in solution and the formation of the 
active conformation also involving mutation studies, relying mostly on 1H-1H-
NOESY data[73–75]. The global structure of the hammerhead ribozyme was 
determined by measurement of residual dipolar coupling (RDC), showing 
fundamental differences from the crystal structure[76]. In addition, an NMR 
structure of a wide-spread loop-loop interaction motif could be determined in 
2009 using 1H-1H-NOESY data and various 3D methods on 13C15N labeled 
samples to determine structural parameters.[77] 
NMR-aided functional investigation of the hammerhead ribozyme centers 
mostly on the characterization of the active state of the ribozyme and the 
interstate transitions. As the catalytically active state involves binding of a 
divalent cation, the determination of metal binding sites and the 
thermodynamics and kinetics of such a binding are of high interest. In 1997, 
Herschlag et al. could show that phosphorothioate modification on the scissile 
phosphate of the ribozyme had deleterious effects on magnesium binding. The 
affinity could be restored by spiking with small amounts of Cd2+.[78] As this 
modification induces a considerable chemical shift in the 31P signal of the 
modified phosphate, it enables unambiguous assignment of its resonance and 
therefore 31P monitoring of ribozyme activity on a specific 31P-1D peak. 
Subsequent studies allowed the localization of metal binding sites in the 
catalytic core by either 31P CSP analysis[79] or exploitation of the deleterious 
effect of manganese spiking to the bound phosphates signal due to 
paramagnetic relaxation[80]. While the phosphorothioate method led to 
significant results in the characterization of metal binding, possible structural 
alterations introduced by the modification could not be ruled out[81]. In following 
studies the method was often avoided in favor of less invasive strategies. Lilley 
et al. were able to determine a folding model upon metal interaction by 19F 
modification of uridine residues in and next to the catalytically important CUGA 
sequence. The resulting 19F resonances were monitored in 1D transient 
studies and revealed a two-step folding model.[82] 15N detected metal binding 
essays for the identification of metal binding sites were introduced, using 
selectively and site-specifically 15N labeled RNA and exploiting the large CSP 
introduced by metal binding[83,84]. Extensive NMR studies in the late 2000s 
helped the in-depth characterization of the catalytic process of the 
hammerhead ribozyme. Uncoupling the metal binding event from the cleavage 
reaction by incorporation of a photocleavable protecting group both processes 
could be monitored separately in atomic resolution[85]. 

Hairpin ribozyme 
During the investigation of plant satellite RNA in the late 1980s, the hairpin 
ribozyme was first identified in negative-strand satellite RNA of the tobacco 
ringspot virus[86]. The short ribozyme catalyzes cleavage and joining reactions 
releasing a substrate with a 5’-hydroxyl group leaving the ribozyme with a 2’,3’-
cyclic phosphate upon cleavage. It consists of four helical stems and two 
unpaired loops with the scissile phosphate located in one of the loops. 
Nucleobases in the loop regions generally termed loop A and B are highly 
conserved throughout species.[87]  
Structural investigation of the hairpin ribozyme by NMR spectroscopy mainly 
took place in the late 1990s. For the data collection preceding the calculation 
of the solution structure of loop A region selective 13C-labeling was employed 
to facilitate the assignment of aromatic protons and to allow the application of 
13C-filtered NOESY experiments. Along with the data collected from 
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conventional NOESY and 13C-NOESY-HMQC experiments the structure could 
be determined.[88] Further structural studies naturally focused on the solution 
structure of the loop B which was determined few years later. In the according 
study, 3D-HCCH-TOCSY along with the typical 2D-NOESY and 2D-TOCSY 
spectra were used for assignment, while the NOE data was gathered from 2D-
NOESY and 13C-3D-NOESY-HMQC spectra.[89] 
NMR spectroscopy was further utilized in studies characterizing the function 
of the hairpin ribozyme. Determination of the metal binding sites took place by 
chemical shift mapping, paramagnetic line broadening and intermolecular 
NOE. Corresponding binding sites could only be identified in loop B, though 
no structural change was indicated upon binding of Mn2+, Mg2+ or Co(NH3)6

3+, 
leading to the assumption, that metal ions do not facilitate the catalytic activity 
but help in maintaining a correct tertiary structural fold.[37] Monitoring the 13C 
chemical shift perturbation upon pH change, pKa values significantly different 
from the normally observed values could be determined for loop adenine 
residues. It was concluded, that protonation of adenine plays a role in catalytic 
activity of the ribozyme.[90] 
The hairpin ribozyme served as a model system in later NMR studies 
employing atom and site selective labeling of the loop A domain proving that 
six 15N residues can be labeled and unambiguously distinguished by indirect 
13C tagging.[91] In a later study, the adenine binding mutant of the hairpin 
ribozyme (ADHR1)[92] and its catalytic mechanism was investigated. Kinetic 
experiments and monitoring of 15N-HSQC, 13C-HSQC and 31P-1D spectra 
under various conditions revealed a significantly higher reaction barrier than 
in the wild type ribozyme with dependence on the adenine cofactor.[93] 

Neurospora VS ribozyme 
In the class of nucleolytic ribozymes also consisting of HDV, hammerhead and 
hairpin ribozymes, the Neurospora Varkud Satellite ribozyme is the largest 
with a length around 150 nucleotides. It catalyzes ligation or cleavage by 
transesterification on a specific loop site of a substrate and can act in cis or in 
trans. It is composed of six helical structures with two three-way junctions.[94] 
As a crystal structure of the ribozyme could only be determined recently [95], 
structural investigation was carried out via NMR and started in 2000 with the 
structure determination of the substrate stem-loop. Distance restraints for the 
structure calculation were determined from 1H-1H-NOESY while COSY and 
TOCSY type experiments yielded the assignment.[96] Subsequent NMR 
spectroscopic studies of the neurospora VS ribozyme were mostly carried out 
in the Legault lab and focused on the determination of the global structure. An 
NMR structure of a mutated stem-loop I, which mimics the active cleavage site 
of the ribozyme was determined with the internal loop featuring a G-A sheared 
base pair and a A-G-A base-triplet.[97] The structure of stem-loop V was solved 
in presence of Mg2+ ions, with the binding sites determined by paramagnetic 
relaxation enhancement of a Mn2+ spiked sample monitored by 13C-HSQC 
experiments. Four distinct binding sites could be determined in the loop 
region.[98] In 2008 kinetics and substrate binding of the stem-loop V were 
investigated. By combining magnesium dependent 31P and 15N7 chemical shift 
perturbation with native PAGE data for several mutants it became apparent 
that the loop residues tolerate a multitude of mutations retaining binding of the 
substrate, while deletion of U700 substantially reduces activity.[99] Further 
structural studies addressed the A730 loop located in helix VI [100] which is 
involved in a loop-loop interaction not unlike the hairpin ribozyme[89] as well as 
the substrate recognition site[101] and the III-IV-V junction. Distance and 
angular restraints were determined from 1H-1H-NOESY data while magnesium 
binding sites in the III-IV-V junction structure were determined by Mn2+ induced 
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paramagnetic relaxation enhancement.[102] Shortly afterwards, the structure of 
the II-III-VI junction was determined as well, showing remarkable structural 
diversity in the junction core including an A●G base pair and minor groove 
base triplets. For the unambiguous resonance assignment in the junction an 
A-specific H(NC)-TOCSY-(C)H experiment and 3D HCCH-TOCSY as well as 
HCCH-COSY experiments were utilized. Summarizing all the structural data 
determined for the separate elements, a model of the full structure of the 150 
nucleotide ribozyme could be determined by NMR.[103] 

Leadzyme 
Selection experiments opting to find RNA cleavage reactions catalyzed by 
Pb2+ ions yielded several ribozymes first described by Pan et al.[104] Later the 
same year they derived a 30 nucleotide ribozyme from a suggested alternative 
secondary structure of one of the cleavage active variants.[105] It features an 
asymmetric six nucleotide internal loop and is rapidly cleaved in the presence 
of Pb2+. This specific structure, one of many lead ribozymes, is referred to as 
leadzyme. 
Legault et al. used heteronuclear NMR experiments to investigate the 
leadzyme. They observed a significant upfield shift for the C2 resonance of 
adenine 25 (A25).[106] The C2 resonance shifts 8 ppm with a pH range from 
4.4 to 8.3 and a pKa of 6.5 was determined. A25 is in close proximity to the 
site of cleavage. 
A solution structure of the leadzyme was determined by Hoogstraten et al. and 
a model of a lead binding bulged guanine base critical for ribozyme function 
was proposed.[107] A feature of the structure is a protonated AH+-C base pair 
between the cleavage site and the regular A-Form RNA. Due to the 
involvement in a base pair it is unlikely that the protonated A25 participates in 
a "histidine-like" catalytic mechanism. The structure also showed a 
conformation that requires rearrangement to reach the trigonal bipyrimidal 
transition state proposed for ribozyme reaction. The chemical shift analyses 
showed that Pb2+, Mg2+ or Na+ addition does not result in large structural 
rearrangement. Complementary studies by Katahira et al. also found little 
change in the imino spectrum upon addition of lead ions.[108] An analysis of the 
relaxation rate along the B1 field (T1ρ)  of the purine C8 showed diverse 
dynamics for the residues of the internal loop.[107] The longer T1ρ of A8 
compared to helical purine regions indicated a sub-nanosecond fluctuation. In 
contrast G7 and G24 fluctuate on a micro- to millisecond timescale. These 
results were also found in structural probing assays using chemical 
modification. The low solvent accessibility of G24 could be explained through 
base stacking with G23 and A25. 

Ribonuclease P 
Ribonuclease P is a large multi turnover ribozyme that cleaves 5’ ends of pre-
tRNA in vivo facilitating its maturation. It consists of a protein domain and an 
RNA domain which are both essential in vivo while the RNA alone is proven 
to be catalytically active in vitro and is therefore considered a ribozyme with a 
protein cofactor.[109] The large RNA domain comprises 18 helical stems with 
the catalytic center located around helix P4.[110] NMR assisted structural 
investigation of RNase P began in 1996 with the structure determination of the 
31 nucleotide sequence around the conserved substrate binding GGU-motif. 
To facilitate the resonance assignment prior to the structure calculation, 
cytidines were partially deuterated in this study, simplifying the spectra 
especially in the sugar regions.[111] Structural research of RNase P moved on 
not much later with the determination of the NMR structure of the RNase P 
protein from data obtained in 13C and 15N correlated 3D-NOESY 
experiments.[112] Investigation of the RNA proceeded with the structure of helix 
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P4 which is located in the catalytic core next to the binding site of the pre-
tRNA. Metal binding sites were determined, by adding Co(NH3)6

3+ ions which 
gave rise to 1H-1H-NOESY cross-peaks to adjacent protons.[113] Another study 
could show that the pre-tRNA as well binds Mg2+ ions even prior to RNase P 
binding.[114] For the highly resolved NMR structure of helix P5.1 from bacterial 
RNase P type II the structure calculation was carried out with distance 
restraints from 1H-1H-NOESY. Dihedral restraints from 1H-31P-hetero TOCSY, 
HCP and HMQC-TOCSY as well as residual dipolar coupling (RDC) data were 
implemented for refinement, resulting in a high resolution structure. [115]  
Further research focused mainly aspects of ribozyme function employing a 
variety of methods to assess metal binding and dynamics. The highly 
conserved and catalytically important C and U residues, forming a bulge in the 
center of the P4 helix, could be identified as a pivot point for structural 
rearrangement upon Mg2+ binding. RDC and 15N relaxation data were 
measured in presence and absence of Mg2+ revealing remarkable flexibility 
around these specific residues while mapping the global conformation of the 
helix.[116] In the protein domain, the RNA binding surface was determined 
flexible in contrast to the protein being relatively rigid in general, as shown by 
15N relaxation data of the backbone.[117] A three step folding pathway was 
proposed by monitoring CSP in 15N-HSQC spectra a few years later. Metal 
binding sites of the protein could be localized using paramagnetic relaxation 
enhancement by adding [Cr(CN)6]3-.[118] Metal binding of the RNA domain was 
reviewed in 2010 when EXAFS spectroscopy data shed new light on the metal 
binding sites of the P4 helix, characterizing the binding of a Zn2+ ion in the 
catalytic core. Complexation of a Mg2+ ion between two conserved G residues 
as found by PRE of Co(NH3)6

3+ is described in great detail showing a six-
coordinated geometry.[119] 
Other studies concerned the stability of the pre-tRNA substrate stem whose 
opening is considered a rate limiting step in substrate binding. Kinetics of pre-
tRNA constructs with several modifications were determined while non 
invasiveness was checked via 1H-1D NMR of the imino region.[120] NMR proves 
to be particularly useful when hard evidence of structural change is needed, 
as shown in a binding assay of the whole RNase P complex.[121] 

Group I intron 
Group I introns have the ability to self-splice. Therefore, the diverse transcripts 
known for this ribozyme, include a guanosine binding site. [122,123] This binding 
site is essential for the self-splicing process, which is composed of two 
transesterification steps requiring a bound guanosine.[124] Due to the large size 
of the group I intron, the different regions have been studied independently by 
NMR spectroscopy. A 20 nt long RNA with a UUGC tetraloop was studied by 
Frederic H.-T. Allain et al.[125] This tetraloop construct has the properties of the 
P1 helix of the group I intron, which is located at the cleavage site. Using the 
assignment data of 1H-1D, 1H-1H-NOESY, 13C correlated 3D-NOESY, 1H-13C-
31P HCP and H-COSY-H,C-HMQC spectra, it was possible to simulate a 
solution structure of P1 by MD simulations. The stability of P1 was investigated 
by Joon-Hwa Lee et al.[126] NH3 and HPO4

2- have been used as base catalysts 
for the base pair opening. The effect of those was observed by 1H-1D and 1H-
1H-NOESY experiments and based on the imino proton exchange rates, the 
equilibrium constants have been determined. Mayumi Amano investigated a 
17 nt long RNA from the loop 2.1 region of group I intron by NMR 
spectroscopy.[127] With the help of NOE contacts from 1H-1D and 1H-1H-
NOESY spectra, imino proton, H1' and sugar proton assignments were 
accomplished. Further, Mayumi Amano studied a 20 nt RNA from the P9.1 
region of group I intron.[128] Therefore, imino proton resonances from 1H-1D 
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spectra were assigned. Another investigation of both hairpin structures, the 17 
mer and 20 mer, showed low-range interactions between those.[129] A 25 nt 
long model RNA from the P4-P6 region of group I intron was analyzed by 1H-
1H-NOESY, COSY and natural abundance 1H-13C HMQC experiments.[130] 
Data from assigned NOE contacts were converted to constraints for MD 
simulations of the structure. Michael Chastain et al. concluded, that a triple-
helix is formed in the minor groove of the ribozyme. One year later, Michael 
Chastain and Ignacio Tinoco, Jr. extended this study.[131] Other MD simulations 
of a slightly larger RNA model of P4-P6 were based on the resonance data 
from 1H-1D, 1H-1H-NOESY, COSY, TOCSY and x-filtered NOESY spectra.[132] 
The largest model construct of P4-P6 was investigated by Eric C. Johnson et 
al.[133] The NOESY and WaterLOGSY spectra were received including a 
screening though a ligand library. The resonance changes of free ligands due 
to faster or slower tumbling were recorded, showing which library compound 
is bound to the ribozyme. One specific part of the P4-P6 domain is the P5 
helix. One of the first studies were done by Jeffrey A. McDowell et al.[134] They 
chose a duplex motive similar to P5 and determined the 3D solution structure 
of it by MD simulations. The data needed for these calculations were extracted 
from 1H-1D, 1H-1H-NOESY, DQF-COSY and 1H-31P-HETCOR spectra. 
Furthermore, the solution structure of a 25 nt long model RNA including a 5 nt 
sized bulge loop was defined, based on 1D proton spectra, 1H-1H-NOESY, 
COSY, 1H-13C-HMQC, TOCSY and homonuclear 3D-TOCSY-NOESY 
spectra.[135] Another NMR based solution structure study incorporated 
Co(NH3)6

3+ and Mg(H2O)6
2+, in order to test secondary structure dependent 

metal-ion binding.[136] For the analysis of the P5abc region of group I intron, 
this ribozyme domain was truncated, yielding a 56 nt long RNA (tP5abc).[137] 
NOE signal assignment was done for 1H-1D, 1H-1H-NOESY spectra. An 
additional titration with Mg2+ did not cause any secondary structure 
rearrangement. In a different study, Co(NH3)6

3+ was used to determine ion-
binding sites.[138] Therefor 1H-1D, 1H-1H-NOESY, 1H-15N-HMQC, HNN-COSY 
spectra have been recorded and the extracted data was used for MD 
simulations. Minxue Zheng et al. investigated secondary structure changes, 
caused by tertiary structure formation, applying 1H-1D, 1H-1H-NOESY, DQF-
COSY (double quantum filtered), TOCSY, fast HSQC, INEPT, HMQC 
experiments and restrained MD simulation.[139] The native structure of tP5abc 
was analyzed by Hashim M. Al-Hashimis group.[140] The combination of 1H-1D, 
1H-1H-NOESY, 1H-15N-HSQC, ZZ-exchange NMR experiments and SHAPE 
data gave rise to the hypothesis, that the P5c region independently forms a 
native structure.[141] Furthermore, Brant Gracia et al. point out the great ability 
of single base pairs, to stabilize secondary structures.[142] They applied 
SOFAST-HMQC experiments on a P5abc construct combined with the intron 
core and later on incorporated a single mutation. Satoru Watanabe et al. 
investigated the guanosine binding site.[143] The imino proton resonances from 
1H-1D, 1H-1H-NOESY spectra for a 31 nt long model RNA of P7, P9.0 and a 
terminal 3'G residue have been assigned. Additional studies on the P7-P9 
domain were done by Aya Kitamura et al. including 1H-13C-HSQC, 1H-15N-
HSQC, 1H-1H-NOESY and COSY experiments and subsequent structure 
calculations, in order to determine the solution structure.[144,145] 

Group II intron 
The group II intron is a self-splicing ribozyme differentiated into six 
domains.[146] Lan Zhang et al. have achieved the crystal structure of the 
domains 5 and 6.[147] To further investigate the secondary structure of this 
ribozyme, the solution structures of both domains have been characterized 
successfully by NMR spectroscopy. Assignment was achieved by analysis of 
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1H,1H-NOESY with aid of 3D-HCCH-TOCSY, HNN-COSY experiments. The 
extracted NOE restraints led to a defined structure of domain 6 with an RMSD 
of 4.2 Å. The high RMSD is attributed to the overall flexibility in the bulge region 
leading to a global conformational heterogeneity.[148] The structure of domain 
5 showed flexibility in the loop region which was consistent with the broad 
peaks observed in the spectra. Residual dipolar coupling analysis was therefor 
only applied for stem residues.[149]  

Closing remarks 
This overview points out, that some ribozymes are already well analyzed by 
NMR spectroscopy. This method provided a good insight into the diverse 
structural elements of the ribozymes shown in Figure 1. Further, it was 
possible to characterize kinetic and dynamic aspects of the catalytically active 
molecules, due to a multitude of experiments and applicable conditions. It 
should be further noted, that the benefit of NMR spectroscopy, in contrast to 
crystallography, is the capability of mimicking natural conditions. 
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15. German Summary – Zusammenfassung in deutscher 

Sprache 

In dieser kumulativen Arbeit wurden strukturelle und funktionale Untersuchungen an 

Nukleinsäuren durchgeführt, hauptsächlich, aber nicht ausschließlich unter Verwendung von 

NMR-Spektroskopie (Kernspin Resonanzspektroskopie) als Analysemethode. Die untersuchten 

Biomoleküle umfassten kleinere und größere biologisch relevante RNAs sowie einen artifiziellen 

DNA G-Quadruplex. Hierbei konnten Ergebnisse im Bereich der Bestimmung der molekularen 

Struktur, der Aufklärung der biologischen Funktion und der Wirkstoffentwicklung gewonnen 

werden, die in sechs verschiedenen Publikationen dargelegt sind, an deren Erstellung der Autor 

maßgeblich oder hauptverantwortlich beteiligt war. Des Weiteren wird in einem mehrgliedrigen 

Einleitungssegment auf den Stand der aktuellen Forschung in den jeweiligen Teilgebieten 

eingegangen. 

Nukleinsäuren waren im biologischen Kontext lange nahezu ausschließlich durch ihre Funktionen 

als dauerhafte (DNA) oder transiente (RNA) informationsspeichernde Moleküle charakterisiert. 

Neuerlich wurden allerdings, vor allem im Bereich der RNA, eine Vielzahl regulativ interagierender 

Nukleinsäuren entdeckt, deren Funktionen weit über die vormals angedachten biologischen 

Rollen hinausgehen. Regulative Funktionen werden hierbei zum Beispiel über Sequenzen in 

nicht-kodierenden Bereichen der mRNA ausgeübt, zum anderen können kleine RNAs involviert 

sein. Zudem weisen Nukleinsäuren eine Vielzahl von Strukturen auf, die von einfachen Helices 

über komplexe Tertiärstrukturmotive bis zu den völlig anders aufgebauten G-Quadruplexen 

reichen. Diese hohe strukturelle Heterogenität erlaubt eine Reihe von Funktionen sowohl in der 

Natur als auch im technischen Bereich oder der Medikamentenentwicklung. Diese Funktionen 

wurden in dieser Arbeit mittels NMR-Spektroskopie untersucht. 

NMR-Spektroskopie ist eine vielseitige biophysikalische Methode die nicht nur die strukturelle, 

sondern auch die funktionale Charakterisierung von Nukleinsäuren, aber auch anderen 

Biomolekülen und kleinen Molekülen erlaubt. Insbesondere erlaubt die differentielle Resonanz 

jedes einzelnen NMR-aktiven Atoms die Beobachtung biologischer Prozesse in atomarer 

Auflösung. Mit Hilfe verhältnismäßig einfacher und schneller eindimensionaler NMR-Experimente 

lassen sich zum Beispiel bereits Bindungsverhalten zu Liganden oder strukturelle Veränderungen 

kleiner und mittelgroßer Nukleinsäuren beobachten. Diese eignen sich zudem auch zur 

Betrachtung dynamischer Prozesse. Weiterentwickelte mehrdimensionale Experimente erweitern 

außerdem die experimentellen Möglichkeiten durch die Erhöhung der spektralen Auflösung. In 

diesem Fall ist auch die Gewinnung struktureller Parameter, wie interatomarer Abstände und 

Winkel möglich, womit sich die dreidimensionale Struktur kleiner bis mittelgroßer Nukleinsäuren 

bestimmen lässt. Die Vielzahl der möglichen Experimente zur Aufklärung biologischer Prozesse 

und Eigenschaften eignet sich gut für die Verwendung an diversen Nukleinsäuren und ist daher 

die hauptsächlich verwendete Methode in dieser Arbeit. 

Die Regulation der prokaryotischen Genexpression kann von Proteinen aber teilweise auch von 

RNA völlig ohne Proteininteraktion ausgeübt werden. Die wichtigste Rolle spielen hier sogenannte 



305 
 

Riboswitches (auch: Riboschalter). Diese Sequenzen liegen im 5‘-untranslatierten Bereich der 

bakteriellen mRNA vor und erlauben Genregulation in Abhängigkeit von Zellmetaboliten. 

Riboswitches sind durch eine, den Liganden bindende, Aptamerdomäne und eine, die Regulation 

ausübende, Expressionsplattform charakterisiert. Bei Bindung des Liganden erfolgt eine 

strukturelle Umwandlung und daraus resultierend eine Expressionsmodulation. Die 

Ligandenbindung zeichnet sich üblicherweise durch eine hohe Selektivität aus, da Zellmetabolite 

oft ihren biochemischen Vorläufer- oder Nachfolgemolekülen sehr ähnlich sind. Die Regulation 

durch Riboswitches kann auf zwei Arten erfolgen. Transkriptionelle Kontrolle wird während der 

Transkription durch die RNA Polymerase ausgeübt. Hierbei bildet der Riboswitch bei An- oder 

Abwesenheit des Liganden (On- oder Off-Switch) eine Terminatorstruktur aus, die die weitere 

Transkription behindert. Im Falle von transkriptioneller Kontrolle wird dagegen die ribosomale 

Bindestelle je nach An- oder Abwesenheit des Liganden maskiert und so die Transkription 

verhindert oder ermöglicht. In einer der Publikationen aus dieser Arbeit wurde ein ZMP-bindender 

transkriptioneller On-Switch untersucht, der sich durch zwei miteinander interagierende 

Unterdomänen (P1 und P3) der Aptamerdomäne in einem sogenannten Pseudoknoten 

auszeichnet. Die Haarnadelstruktur P3 beinhaltet hierbei Reste, die auch zur Bildung einer 

Terminatorstruktur beitragen. Die Stabilisierung der P1/P3 Interaktion durch den Liganden 

behindert hierbei transient die Terminatorbildung und führt zur Transkription. Die Details der 

transkriptionellen Kontrolle sind durch die Umfaltungskinetik im Zusammenhang mit der 

Transkriptionsgeschwindigkeit und den unterschiedlichen Stabilitäten der Strukturen komplex. Die 

Studie nähert sich der Aufklärung dieser Mechaniken durch Untersuchung transkriptioneller 

Intermediate und ihrer Stabilitäten im Gleichgewichtszustand. Zunächst wurden mit Hilfe von 2D-

NMR Methoden die hoch dispergierten Signale der Iminoprotonen zugeordnet und ein 

Reportersignal für die Interaktion von P1 und P3 identifiziert. Die Bildung des Pseudoknotens 

ohne Ligandenbindung, welche vor der Studie nicht vollständig evident war konnte mit Hilfe von 

einer teilweise isotopenmarkierten Probe der beiden Subdomänen direkt beobachtet werden. 

Zehn Sequenzen, die Intermediate der RNA während der Transkription darstellen wurden 

hergestellt und mittels 1D-NMR Titration und Isothermer Titrationskalorimetrie untersucht. Hierbei 

wurde ein sehr scharfer Übergang zwischen bindungskompetenten und nicht 

bindungskompetenten Transkriptionsintermediaten nachgewiesen (Bei einer Länge von 80 

Nukleotiden, gegenüber 81 Nukleotiden). Zudem deutet die beobachtete sehr langsame 

Umfaltung in den bindungskompeten Zustand auf eine kinetische Barriere hin, die in der Natur zu 

einem noch schärferen Übergang der Bindungskompetenz führen würde.  

Im Bereich der eukaryotischen Genexpression erfolgt die Regulation hauptsächlich durch 

Proteine, dennoch spielen Nukleinsäuren hier häufig eine indirekte Rolle. Zum einen konnten 

schon auf dem DNA Templatstrang sogenannte Enhancer-Elements (Verstärkerelemente) 

nachgewiesen werden, die die Transkription regulieren. Zum anderen wirken RNAs im Bereich 

der mRNA Degradation, und damit der Verfügbarkeit zur Translation, modulierend. Sogenannte 

microRNAs und long-non-coding (lange nicht kodierende) RNAs interagieren mit Bereichen des 

3‘-untranslatierten Bereichs (3‘-UTR) einer mRNA und rekrutieren Degradationsfaktoren. 

Bestimmte Sequenzen in der 3‘-UTR interagieren zudem direkt mit Proteinen. Dies trifft zum 
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Beispiel auf AU-reiche Elemente (AREs) zu, die durch mindestens neun Nukleotide lange, meist 

aber zwischen 50 und 150 Nukleotide umfassende, AU-reiche und einzelsträngige Sequenzen 

charakterisiert sind. Diese werden von bestimmten ARE-bindenden Proteinen erkannt, die bei 

Bindung regulative Proteinfaktoren rekrutieren. Bekannte Beispiele sind die Proteine AUF1 (AU-

rich element binding protein 1), Tristetraprolin und HuR (human antigen R). Eine andere Klasse 

von regulierenden Elementen stellen CDEs (constitutive decay elements) dar. Diese kurzen 

Sequenzen bilden Haarnadelstrukturen mit einer charakteristischen Schleife, in der die 

Basenabfolge Y-R-N (Y: Pyrimidin, R: Purin, N: jede Base) phylogenetisch konserviert ist. Diese 

werden von dem Protein Roquin erkannt, das einen Degradationskomplex rekrutiert. Die, für ein 

solches Element notwendige Basenabfolge, erlaubt dass ein CDE gleichzeitig auch ein ARE sein 

kann. Zwei entsprechende Sequenzen wurde in einem der wissenschaftlichen Artikel strukturell 

untersucht. Obwohl die Bindung der kurzen haarnadelbildenden RNAs an Roquin biologisch 

nachgewiesen war existierte vor Beginn der Studie kein struktureller Nachweis. Entsprechend 

wurden die dreidimensionalen Strukturen der RNAs mittels NMR und die ihrer Roquinkomplexe 

mittels Röntgenkristallographie bestimmt. Der Autor dieser Arbeit war für die NMR-

Strukturbestimmung zuständig. Hierzu wurden zunächst alle Signale von Protonen sowie einiger 

Kohlenstoff- und Stickstoffatome zugeordnet und mittel 2D-NOESY NMR Spektroskopie die 

interatomaren Abstände der Protonen bestimmt. Es wurde isotopenmarkierte aber auch 

unmarkierte RNA verwendet. Zusätzliche Bestimmung interatomarer Winkel erfolgte durch 

moderne RNA-spezifische 2D- und 3D-NMR Experimente. Die erhaltenen Daten wurden in einer 

molekulardynamischen Rechnung verwendet, um die dreidimensionalen Strukturen der RNAs zu 

erhalten. Die Strukturen der RNAs zeigen eine überraschend hohe Dynamik der Schleifen, 

entsprechend kann hier von einer Einpassung in die Bindestelle des Proteins ausgegangen 

werden. Vergleiche beider Strukturen zeigen zudem unterschiedliche Schleifengeometrien bei 

relativ hoher Sequenzidentität und gleicher gebundener Struktur, was die beobachtete hohe 

Dynamik unterstreicht. Untersuchung der Bindung von AUF1 zeigen zudem kompetitive Bindung 

zu Roquin. 

Im Gegensatz zu anderen RNA Elementen deren Strukturen auf der Bildung von Basenpaaren 

nach Watson & Crick basieren stellen G-Quadruplexe ein grundlegend andersartiges 

Strukturmotiv dar. Sie basieren auf der Bildung von Tetraden aus Guaninen die um monovalente 

Kationen herum gestapelt sind und kommen entsprechend nur in G-reichen Sequenzen vor. Die 

resultierenden Strukturen sind äußerst stabil und bilden sich aus DNA aber auch RNA, wobei 

DNA G-Quadruplexe eine im Detail deutlich größere Strukturheterogenität zeigen. In der Natur 

finden sich G-Quadruplexe zum Beispiel in Überhängen von Telomersträngen der DNA, welche 

überdurchschnittlich in Krebszellen vorkommen. Auch die an mehreren Stellen beobachtete 

regulative Aktivität G-reicher RNA Sequenzen wird der Bildung von G-Quadruplexen 

zugesprochen, wobei Studien gezeigt haben, dass G-Quadruplexe in lebenden Zellen nicht 

gefaltet vorliegen. Implikationen dieser Studie sind Gegenstand zahlreicher wissenschaftlicher 

Debatten über die Validität biologischer Studien, die regulierende G-Quadruplexe untersuchen, 

denn viele dieser biologischen Studien beobachten nur das Vorhandensein G-reicher Sequenzen. 

Ob diese Sequenzen in der Lage sind zumindest in vitro G-Quadruplexe zu falten wird in einem 
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der wissenschaftlichen Artikel mit biophysikalischen Methoden untersucht. Hierfür wurden sechs 

G-reiche Sequenzen aus einer hochrelevanten Studie, die diese Sequenzen mit der Wirkung 

eines Krebstherapeutikums in Verbindung bringt, biophysikalisch untersucht. Ein dreistufiges 

Protokoll, gegliedert in Zirkulardichroismus-, 1D-NMR- und 2D-NMR-Experimente wurde 

verwendet. Damit konnte gezeigt werden, dass von sechs untersuchten Sequenzen nur eine strikt 

einen G-Quadruplex bildete. Zwei der Sequenzen befanden sich im temperaturabhängigen 

Austausch mit einer Haarnadelstruktur, während drei Sequenzen nur unspezifische Aggregate 

bildeten. 

G-Quadruplexe sind auch außerhalb der Natur bei der Konstruktion von Nanostrukturen von 

Interesse. Durch ihre Länge und hohe Stabilität stellt DNA ein beliebtes Bauteil für die 

Konstruktion komplexer dreidimensionaler Strukturen auf molekularer Ebene dar. G-Quadruplexe 

dienen Aufgrund ihrer hohen Stabilität häufig als Verbindungsstück zwischen DNA-Strängen. 

Während viele dieser Experimente momentan noch der Grundlagenforschung zuzuordnen sind, 

zeigen sich schon heute Anwendungsbeispiele in der Medizin bei denen zum Beispiel Wirkstoffe 

in Nano-Behältern verabreicht werden, die dann über ein externes Signal freigesetzt werden. Man 

spricht in diesem Fall von Nanomaschinen. Bei dem externen Signal handelt es sich häufig um 

Zugabe eines bestimmten Stoffes, zum Beispiel eines weiteren DNA-Stranges. Eine weniger 

invasive Strategie könnte hier die Verwendung von Licht als externem Signal sein. Mit dieser 

Prämisse wurde ein lichtabhängig schaltbarer G-Quadruplex entwickelt, der in einem der 

wissenschaftlichen Artikel in dieser Arbeit untersucht wurde. Dieser basiert auf einem Azo-

Schalter und insgesamt vier G-Resten. Es wurden zunächst drei chemisch leicht unterschiedliche 

Sequenzen auf Bildung eines homogenen G-Quadruplexes mit Hilfe von 1D-NMR untersucht und 

das vielversprechendste Molekül ausgewählt. Mit Hilfe umfangreicher 1D-NMR und 

Zirkulardichroismusuntersuchungen wurde die Reversibilität der Bildung des G-Quadruplexes 

unter Einfluss sichtbaren Lichts und der Strukturauflösung unter UV-Licht nachgewiesen. Zudem 

wurde ähnlich wie im Falle der CDE RNAs die dreidimensionale Struktur des G-Quadruplex 

bestimmt, wobei auf die Verwendung isotopenmarkierter Proben verzichtet werden konnte. 

Aufgrund der hohen Symmetrie der Struktur war zunächst nicht bestimmbar, ob sich eine 

bimolekulare oder tetramolekulare Struktur bildete. Dies konnte mit Hilfe spezifischer 2D-NOESY 

Signale, sowie DOSY-NMR und vergleichender Strukturrechnung aufgeklärt werden. Es handelte 

sich um einen tetramolekularen G-Quadruplex.  

Neuerlich werden Nukleinsäuren in wachsender Anzahl in Studien zur Medikamentenentwicklung 

als Zielmoleküle eingesetzt. Obwohl in den meisten Fällen Proteine in diesen Screeningstudien 

eingesetzt werden können, gelten in anderen Fällen die gewünschten Zielproteine als untauglich 

für die Medikamentenentwicklung („undruggable“). In diesem Fall ist eine Lösungsmöglichkeit die 

entsprechende mRNA als Zielmolekül einzusetzen. Auch in der Entwicklung neuer Antibiotika, 

seit langem ein problematischer Sektor im Pharmabereich sind RNA-Screening Projekte ein 

sinnvoller Ansatz, da in Bakterien besonders viel regulatorisch aktive RNA bekannt ist. In einer 

wissenschaftlichen Publikation wurde daher ein exemplarisches Screening von einer 

Stoffbibliothek aus 102 Molekülen mit 14 verschiedenen RNAs durchgeführt. Der Fokus lag hier 



308 
 

besonders auf Riboswitches. Zusätzlich wurden fünf Proteine und fünf DNAs als Zielmoleküle 

eingesetzt. Es handelte sich hierbei um ein fragmentbasiertes Screening, entsprechend waren die 

Moleküle in der Datenbank besonders klein und ihre Auswahl so konzipiert, dass aus den 

Fragmenten leicht Medikamentenvorläufer entwickelt werden können. Zudem enthielten alle 

Fragmente mindestens ein Fluoratom, was die Verwendung von 19F-NMR als Analysemethode 

erlaubte. Diese birgt den Vorteil gegenüber 1H-NMR, dass deutlich weniger Signale im Spektrum 

zu sehen sind, die außerdem deutlich stärker dispergiert sind. Zur Visualisierung der Bindung 

wurden T2-modulierte 19F-1D-NMR Experimente eingesetzt, die auch die Beobachtung von 

schwacher Bindung ermöglichen, ein Vorteil im Kontext des fragmentbasierten Screenings. Für 

nahezu alle Biomoleküle konnten bindende Fragmente, sogenannte Hits, beobachtet werden. An 

einigen Riboswitch/Hit Kombinationen wurden weiterführende Experimente durchgeführt, die 2D-

NMR Untersuchungen, kompetitive Screenings gegen den nativen Liganden und Bestimmung der 

Affinität mittels 19F-NMR Titration umfassten. Des Weiteren wurde beispielhaft die Entwicklung 

eines potentiellen Arzneimittelvorläufers durch chemische Verknüpfung eines Fragments mit dem 

bekannten RNA-bindenden Molekül Acridin demonstriert. 

In einer weiteren Publikation, dem Unterkapitel eines Buches über Ribozyme, wird die 

Verwendung von NMR-Spektroskopie bei der Untersuchung von Ribozymen diskutiert. In diesem 

Kapitel werden zunächst Herstellungsmethoden für RNA und NMR-Methoden zu deren 

Untersuchung beschrieben, unter anderem 1D-, 2D- und 3D-Methoden zur Zuordnung, Analyse 

und Strukturaufklärung. Das Kapitel beschreibt daraufhin den Stand der wissenschaftlichen 

Entwicklung, betreffend der Untersuchung von Ribozymen mittels NMR-Spektroskopie, sortiert 

nach einzelnen Ribozymen. Hierbei wurde besonders Augenmerk auf die Betrachtung vieler 

verschiedener Publikationen gelegt und außerdem das wichtige Hepatitis delta Virus (HDV) 

Ribozym besonders hervorgehoben. 
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